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ABSTRACT OF THE DISSERTATION 

APPLICATION OF BIOMARKERS AND COMPOUND SPECIFIC STABLE 

ISOTOPES FOR THE ASSESSMENT OF HYDROLOGY AS A DRIVER OF 

ORGANIC MATTER DYNAMICS IN THE EVERGLADES ECOSYSTEM  

by 

Ding He 

Florida International University, 2014 

Miami, Florida 

Professor Rudolf Jaffé, Major Professor 

The Everglades is a sub-tropical coastal wetland characterized among others by 

its hydrological features and deposits of peat. Formation and preservation of organic 

matter in soils and sediments in this wetland ecosystem is critical for its sustainability and 

hydrological processes are important divers in the origin, transport and fate of organic 

matter. With this in mind, organic matter dynamics in the greater Florida Everglades was 

studied though various organic geochemistry techniques, especially biomarkers, bulk and 

compound specific δ13C and δD isotope analysis. The main objectives were focused on 

how different hydrological regimes in this ecosystem control organic matter dynamics, 

such as the mobilization of particulate organic matter (POM) in freshwater marshes and 

estuaries, and how organic geochemistry techniques can be applied to reconstruct 

Everglades paleo-hydrology.  For this purpose organic matter in typical vegetation, floc, 

surface soils, soil cores, and estuarine suspended particulates were characterized in 

samples selected along hydrological gradients in the Water Conservation Area 3, Shark 

River Slough and Taylor Slough. 
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This research focused on three general themes: (1) Assessment of the 

environmental dynamics and source-specific particulate organic carbon export in a 

mangrove-dominated estuary. (2) Assessment of the origin, transport and fate of organic 

matter in freshwater marsh. (3) Assessment of historical changes in hydrological 

conditions in the Everglades (paleo-hydrology) though biomarkes and compound specific 

isotope analyses. This study reports the first estimate of particulate organic carbon loss 

from mangrove ecosystems in the Everglades, provides evidence for particulate organic 

matter transport with regards to the formation of ridge and slough landscapes in the 

Everglades, and demonstrates the applicability of the combined biomarker and 

compound-specific stable isotope approach as a means to generate paleohydrological data 

in wetlands. The data suggests that: (1) Carbon loss from mangrove estuaries is roughly 

split 50/50 between dissolved and particulate carbon; (2) hydrological remobilization of 

particulate organic matter from slough to ridge environments may play an important role 

in the maintenance of the Everglades freshwater landscape; and (3) Historical changes in 

hydrology have resulted in significant vegetation shifts from historical slough type 

vegetation to present ridge type vegetation.  



 ix

TABLE OF CONTENTS 
 

CHAPTER                                                                                                                   PAGE 
 
I. INTRODUCTION ........................................................................................................... 1 

1.1 Everglades National Park and CERP ................................................................ 2 
1.2 Linking hydrology to organic matter dynamics using biomarkers and 
compound-specific stable isotope analyses ............................................................ 5 
1.3 Research Approach ........................................................................................... 7 

1.3.1 Study Sites ......................................................................................... 7 
1.3.2 Molecular and Compound Stable Isotopic Proxies ............................ 9 

1.4 Framework of this Dissertation ....................................................................... 12 
References ............................................................................................................. 14 

 
II. ASSESSING BIOMASS CONTRIBUTIONS TO PARTICULATE ORGANIC 
MATTER IN A SUBTROPICAL ESTUARY: A BIOMARKER APPROACH ............. 18 

2.1 Abstract ........................................................................................................... 19 
2.2 Introduction ..................................................................................................... 19 
2.3 Experimental ................................................................................................... 24 

2.3.1 Sampling .......................................................................................... 24 
2.3.2 Lipid Analyses ................................................................................. 29 
2.3.3 Principal Component Analysis ......................................................... 29 
2.4.1 Validation of conceptual three end-member mixing model ............. 30 
2.4.2 Principal component analysis (PCA) ............................................... 37 
2.4.3 Carbon budget assessment ............................................................... 42 
2.4.4 Mangrove-derived POC loss estimate .............................................. 45 

2.5 Conclusions ..................................................................................................... 47 
References ............................................................................................................. 49 

 
III. OCCURRENCE AND DISTRIBUTION OF A SERIES OF 
MONOMETHYLALKANES IN THE FRESHWATER WETLAND ECOSYSTEM     
OF THE FLORIDA EVERGLADES ............................................................................... 57 

3.1 Abstract ........................................................................................................... 58 
3.2 Introduction ..................................................................................................... 58 
3.3 Experimental Methods .................................................................................... 61 

3.3.1 Samples and locations ...................................................................... 61 
3.3.2 Sample preparation .......................................................................... 63 
3.3.3 GC/MS quantification ...................................................................... 63 
3.3.4 Compound specific carbon isotope analyses ................................... 64 

3.4 Results and Discussion .................................................................................... 64 
3.4.1 Identification of MMA structures .................................................... 64 
3.4.2 Distribution and occurrence of MMAs in the Everglades ............... 72 
3.4.3 Potential sources of MMAs in the Everglades freshwater wetlands 74 

3.5 Conclusion ...................................................................................................... 80 
References ............................................................................................................. 81 



 x

IV. IDENTIFICATION OF A SERIES OF LONG-CHAIN ALKYL 

HYDROXYCINNAMATES FROM TWO SPECIES OF CATTAIL (TYPHA 

DOMINGENSIS P., AND TYPHA LATIFOLIA L.) ....................................................... 88 
4.1 Abstract ........................................................................................................... 89 
4.2 Introduction ..................................................................................................... 89 
4.3 Samples and Methods ..................................................................................... 91 

4.3.1 Site description and samples ............................................................ 91 
4.3.2 Sample extraction and analyses ....................................................... 91 

4.4 Results and Discussion .................................................................................... 92 
4.4.1 Identification of n-Alkyl ferulates and p-coumarates in fresh    
cattails ....................................................................................................... 92 
4.4.2 Distribution of alkyl hydroxycinnamates in cattail: leaves vs.      
roots......................................................................................................... 106 
4.4.3 n-Alkyl ferulates and p-coumarates in dead cattail and its detritus 107 
4.4.4 Potential biomarkers for cattail in southern Florida Everglades .... 109 

4.5 Conclusion .................................................................................................... 111 
References ........................................................................................................... 142 

 
V. SHEET FLOW EFFECTS AND CANAL BACKFILLING ON SEDIMENT 
SOURCE AND TRANSPORT IN THE DECOMP PHYSICAL MODEL:      
ANALYSIS OF MOLECULAR ORGANIC BIOMARKERS ...................................... 117 

5.1 Abstract ......................................................................................................... 118 
5.2 Introduction ................................................................................................... 118 
5.3 Samples and Methods ................................................................................... 122 
5.4 Results and Discussion .................................................................................. 125 
5.5 Conclusions ................................................................................................... 140 
References ........................................................................................................... 142 

 
VI. DISTRIBUTION OF N-ALKANES AND THE δD AND δ13C PATERNS IN 

TYPICAL  PLANTS ACROSS A SUBTROPICAL TREE ISLAND TO WETLAND 

GRADIENT AND ESTUARY SYSTEM: IMPLICATION FOR PALEO-
RECONSTRUCTION ................................................................................................... 145 

6.1 Abstract ......................................................................................................... 146 
6.2 Introduction ................................................................................................... 148 
6.3 Samples and Methods ................................................................................... 151 

6.3.1 Site Description and samples ......................................................... 151 
6.3.2 Determination of n-alkanes by GC/MS ......................................... 155 
6.3.3 n-Alkane molecular parameters ..................................................... 155 
6.3.4 Compound specific carbon and hydrogen isotope analysis ........... 156 
6.3.5 Mean annual precipitation δD values ............................................. 157 

6.4 Results and discussion .................................................................................. 157 
6.4.1 n-Alkane abundance and distribution patterns in aboveground 
vegetation (leaves and stems) ................................................................. 157 
6.4.2 Roots (below ground) n-alkanes abundance and distribution     
pattern ..................................................................................................... 163 



 xi

6.4.3 Compound-specific stable carbon and hydrogen isotopic 
compositions (leaf part) .......................................................................... 167 
6.4.4 Compound-specific stable carbon and hydrogen isotopic 
compositions (root part) .......................................................................... 172 

6.5 Conclusions ................................................................................................... 174 
References ........................................................................................................... 176 

 
VII. COMPOUND SPECIFIC δD AND δ13C ANALYSES AS A TOOL FOR THE 
ASSESSMENT OF HYDROLOGICAL CHANGE IN A SUBTROPICAL     
WETLAND ..................................................................................................................... 183 

7.1 Abstract ......................................................................................................... 184 
7.2 Introduction ................................................................................................... 185 
7.3 Samples and methods .................................................................................... 189 

7.3.1 Samples .......................................................................................... 189 
7.3.2 Analytical methods ........................................................................ 192 

7.3.2.1 Biomarker analyses ......................................................... 192 
7.3.2.2 Soil core dating ............................................................... 193 
7.3.2.3 Compound specific isotope (C and H) analyses ............. 194 
7.3.2.4 Mean annual precipitation and surface water δD values 196 
7.3.2.5 Calculation of the net “apparent” isotopic fractionations 196 

7.4 Results and Discussion .................................................................................. 196 
7.4.1 Paq and C20 HBI in dominant wetland plants, surface soil and soil 
cores ........................................................................................................ 196 
7.4.2 Isotopic (C and H) compositions of n-alkanes in typical     
Everglades wetland plants ....................................................................... 202 
7.4.3 Isotopic (C and H) compositions of n-alkanes/C20 HBI across 
wetland surface soil transect ................................................................... 208 
7.4.4 Isotopic (C and H) compositions of n-alkanes and C20 HBI in 
wetland soil cores .................................................................................... 215 
7.4.5 Net “apparent” isotopic fractionation and its application in sub-
tropical wetland ecosystem ..................................................................... 225 

7.5 Conclusion .................................................................................................... 227 
References ........................................................................................................... 229 

 
VIII. GENERAL CONCLUSION AND REMARKS .................................................... 237 
 
APPENDIX  .................................................................................................................... 242 
 
VITA  .............................................................................................................................. 250 
 



 xii

LIST OF TABLES 

TABLE                                            PAGE 

2.1 Different types of samples used for biomarker analysis across the Everglades  .........28 
 
3.1 List of MMAs detected in periphyton, floc, surface soil and sediments across the 
Everglades freshwater wetlands .........................................................................................69 
 
3.2 Average contents of MMAs at different sites across the Everglades wetland 
ecosystem (µg/gdw). ..........................................................................................................73 
 
4.1 Alkyl hydroxycinnamates occurrence in plant kingdom .............................................95 
 
4.2 Alkyl-ferulate distributions in leaves, roots and detritus from Typha domingensis      
P., and Typha latifolia L. ...................................................................................................99 
 
4.3 Alkyl-p-coumarate distributions in leaves, roots and detritus from Typha  
domingensis P., and Typha latifolia L .............................................................................100 
 
5.1 Sample classification and location information .........................................................124 
 
6.1 Sampling information of plants from the Florida Coastal Everglades... ...................154 
 
6.2 n-Alkane concentrations and distributions across studied plant leaves of the      
Florida Coastal Everglades... ...........................................................................................160 
 
6.3 n-Alkane concentrations and distributions across studied plant roots of the  
Everglades freshwater wetland. .......................................................................................165 
 
6.4 δD and δ13C values of n-alkanes between plants leaf and root of the Florida      
Coastal Everglades..... ......................................................................................................173 
 
7.1 Paq values of the dominant plant species in the Everglades freshwater wetlands.  ..198 
 
7.2 Summary of plants biomarker and hydrology in adjacent ridge and slough 
communities in the two study sites SRS2 and TSPh2.... .................................................200 
 
7.3 SRS2 and TSPh2 plants n-alkane δ13C and δD values distribution  ..........................205 
 
7.4 n-Alkane and C20 HBI δ13C and δD values across SRS2 surface soil transects ........209 
 
7.5 n-Alkane and C20 HBI δ13C and δD values down SRS2 ridge core  ..........................216 
 
7.6 n-Alkane and C20 HBI δ13C and δD values down SRS2 slough core  .......................218



 xiii

LIST OF FIGURES 

FIGURE                                            PAGE 

1.1 Partial map of the greater Everglades indicating study sites of interest. .......................8 
 
1.2 Shark River Slough (SRS-1–6) and offshore site (PLB) ...............................................9 
 
2.1 Sampling sites along Shark River Slough (SRS-1–6). Sub-environments: freshwater 
marsh (peat; SRS-1–3), mangrove estuary (peat; SRS-4–6) and offshore sites (PLB-1  
and PLB-2).. .......................................................................................................................26 
 
2.2 Relative distribution of molecular markers in soil/sediment used to construct the  
three end-member mixing model. ......................................................................................31 
 
2.3 Concentration (µg/g POM) of the three molecular markers used to trace the input of 
freshwater marsh (C20 HBI), marine (C25 HBI) and the mangrove (taraxerol) OM to the 
Shark River Estuary ...........................................................................................................34 
 
2.4 Three end-member model applied for the salinity transect study ................................34 
 
2.5 Three end-member model applied for tidal studies A and B.. .....................................37 
 
2.6 PCA of ln transformed relative concentrations of C20 HBI, C25 HBI, and taraxerol     
in POM for all Shark River samples ..................................................................................40 
 
2.7 Plot of PC1 scores for all POM biomarker data ..........................................................41 
 
3.1 Map of the study areas and sampling locations in the Florida Everglades wetlands ...62 
 
3.2 (a) GC-MS data for a periphyton sample at SRS2 (aliphatic fraction, partial, total    
ion current, TIC trace). (b) GC-MS data for a floc sample at WCA3-A (aliphatic    
fraction, partial TIC trace). ................................................................................................67 
 
3.3 Examples of mass spectra of some MMAs identified in this study... ..........................68 
 
3.4 The distribution of (a) MMAs versus position of methyl branching, (b) MMAs   
versus total carbon number in this study and (c) Relative percentages of different    
methyl branching MMAs for periphyton and floc samples ...............................................76 
 
3.5 Compound specific carbon isotope compositions of n-alkanes, MMAs and C20 HBI  
of floc samples ...................................................................................................................79 
 
4.1 Chemical structures of the ferulic and p-coumaric acids and esters.. ..........................93 
 



 xiv

4.2 Mass-chromatogram (partial, total ion total ion current, TIC trace) of alcohol 
fractions from fresh cattail species.. ..................................................................................97 
 
4.3 Mass-chromatogram of alcohol fractions (ion 236/219 extracted) from fresh cattail 
species to show alkyl ferulates and alkyl p-coumarates  ...................................................98 
 
4.4 Mass spectra of (a) n-hexadecyl E-ferulate, (b) n-hexadecyl Z-ferulate, (c)     
standard: n-docosyl E-ferulate, (d) n-docosyl E-ferulate  (e) n-hexadecyl E-p-    
coumarate, (f) n-hexadecyl Z-p-coumarate, and   (g) E-Docosyl ferulate. All    
compounds are TMS ether derivatives.. ..........................................................................103 
 
4.5 Interpretation of the mass spectrometric fragmentation pattern for: (a) n-hexadecyl   
E-ferulate-TMS, and (b) n-hexadecyl E-p-coumarate-TMS. ...........................................104 
 
4.6 Mass-chromatogram (partial, total ion total ion current, TIC trace) of alcohol 
fractions from dead cattail and its detritus.. .....................................................................108 
 
4.7 Mass-chromatogram of alcohol fractions (ion 236/219 extracted) from dead cattail 
and its detritus to show alkyl ferulates and alkyl p-coumarates  .....................................109 
 
5.1 Map of DPM study site indicating sampling sites for the biomarker study...............124 
 
5.2 Distribution of Paq values determined for selected vegetation samples. Some  
samples include both above- and belowground tissues ...................................................126 
 
5.3 Biomarker distributions along ridge-to-slough transects for two different sampling 
events at sites Z5-1 and Z6-1.. .........................................................................................128 
 
5.4 Ridge and slough floc biomarker distribution time series for site RS1 .....................130 
 
5.5 Ridge and slough floc biomarker distribution time series for site RS2 .....................131 
 
5.6 Ridge and slough floc biomarker distribution time series for site C1 .......................131 
 
5.7 Biomarker distribution time series for slough floc at sites DB1-3 and CC2S  ..........133 
 
5.8 Biomarker distribution time series for sediment trap samples at CB1-3 and CC1-2. 134 
 
5.9 Comparison between average biomarker distributions for all slough, ridge and 
sediment trap samples ......................................................................................................136 
 
5.10 Cluster analyses for biomarker distributions for all slough, ridge and sediment     
trap samples .....................................................................................................................138 
 



 xv

5.11 PCA analysis for biomarker distributions for all slough, ridge and sediment trap 
samples .............................................................................................................................140 
 
6.1 Map showing the study area ......................................................................................152 
 
6.2 n-Alkane distributions and their δD and δ13C values across studied plant leaves  ....161 
 
6.3 n-Alkane distribution and the average δD and δ13C values between leaf and root 
among typical Everglades wetland plants  .......................................................................167 
 
7.1 Map of sampling locations  ........................................................................................190 
 
7.2 SRS2 and TSPh2 plants n-alkane δ13C and δD mean values distribution  ................204 
 
7.3 a) SRS2 surface soil n-alkane and C20 HBI δ13C values; b) SRS2 surface soil             
n-alkane and C20 HBI δD values  .....................................................................................211 
 
7.4 a) Ridge core n-alkane and C20 HBI δ13C value depth profile; b) Ridge core               
n-alkane and C20 HBI δD value depth profile; c) Slough core n-alkane and                    
C20 HBI δ13C value depth profile; d) Slough core n-alkane and C20 HBI δD value      
depth profile .....................................................................................................................220 
  



 xvi

ABBREVIATIONS 

ACL: Average Chain Length 

CERP: Comprehensive Everglades Restoration Plan  

DOM: Dissolved Organic Matter 

DPM: Decomp Physical Model 

ENP: Everglades National Park 

FCE: Florida Coastal Everglades 

HBI: Highly Branched Isoprenoid 

LTER: Long Term Ecological Research 

MMA: Monomethylalkane 

OM: Organic Matter 

PCA: Principle Component Analysis 

PLB: Ponce de Leon Bay 

POC: Particulate Organic Carbon 

POM: Particulate Organic Matter 

SRS: Shark River Slough 

TMS: Trimethylsilyl 

TSM: Total Suspended Matter 

TSPh: Taylor Slough/Panhandle area 

WCA: Water Conservation Area 

	

 



 1

 

 

 

 

 

 

 

 

 

 

CHAPTER I 

INTRODUCTION 



 2

1.1 Everglades National Park and CERP 

Everglades National Park (ENP), with a variety of environmental, hydrologic and 

soil-type gradients, is located within the largest subtropical wetland ecosystem in North 

America. It is characterized by shallow sheet flow) through freshwater marsh ridge and 

slough environments leading gradually to the fringe mangrove estuaries to the south and 

south-west. Freshwaters drain through two main routes, namely Shark River Slough (SRS) 

and Taylor Slough (TS). The estuarine zone of the Shark River, which is associated with 

mangrove rivers and intricate tidal creeks, is an important transfer zone not only of water 

but also of carbon from the freshwater wetlands end-ember to the coastal zone and 

ultimately the Gulf of Mexico (Fig. 1.1). 

Tree islands, imbedded in the ridge and slough landscape of the Everglades make 

up the mosaic of this wetland ecosystem (Larsen et al., 2011). In addition to shallow-

water sheetflow, the Everglades is characterized by its oligotrophic conditions,  periodic 

fires, clearly seasonal wet and dry periods, historical climatic disturbances (hurricanes), 

and extreme sensitivity to anthropogenic stress (Steward and Ornes, 1983; Davis et al., 

1994). The Everglades wetland ecosystem is commonly referred to as a “River of grass” 

(Douglas, 1947) because of the predominant vegetation coverage (over 65%) of sawgrass 

(Cladium jamaicense). In addition, not only sawgrass, but woody vegetation, submerged 

or other emergent plants are widely distributed in this habitat where community structure 

and character is strongly influences by hydrological conditions such as hydroperiod 

(depth and inundation period). Various other factors can affect the vegetation distribution 

including fire frequency, soil type, nutrient levels, and others. Among all these factors, 
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water depth and hydroperiod are dominant drivers that affect the landscape as well as 

control vegetation type and distribution in the Everglades wetland (Ross et al., 2003).  

In the event of continuous flooding conditions or higher water depth, sawgrass is 

replaced by other slough vegetation communities, such as Eleocharis cellulosa (spikerush, 

emergent species), Utricularia sp. (bladderwort, submerged species) and Nymphaea sp. 

(water lily, floating aquatic species). In contrast, during prolonged dry conditions, ridge-

type vegetation such as sawgrass could be replaced by woody, upland vegetation, 

generally represents a minor vegetation component within the ridge and slough 

environment. Clearly, however, changes to shorter hydproperiods can induce vegetation 

shifts from slough to ridge type vegetation. In addition to hydroperiod and water depth, 

nutrient levels are also responsible for biomass distribution. Elevated phosphorus levels 

can lead to Typha domingensis and Typha latifolia (cattails) to invade and eventually 

replace sawgrass.  

Within the diverse distribution of dominant higher plants, periphyton mats are 

widely distributed throughout this ecosystem (Gaiser et al., 2011; Hagerthey et al., 2011), 

blanketing shallow surface sediment and submerged plants, forming ubiquitous and 

important biomass component of the Florida Everglades ecosystem. Considered to be the 

primary ecosystem engineer, periphyton plays a critical role in forming the base of the 

food web (Belicka et al., 2012), stabilizing soil, sustaining the landscape mosaic, and 

generating oxygen gas in the water column (Gaiser et al., 2011). With negligible presence 

of free floating phytoplankton in the Everglades, most of the suspended particulate 

organic matter (POM) is present in the form of floc, or flocculent material, which consists 

of a non-consolidated layer of microorganisms (generally bacteria), organic (e.g., detritus) 
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and inorganic particles (e.g., carbonate), and represents an important biogeochemical 

component controlling carbon and nutrient transport, food web dynamics, and other 

biogeochemical processes in this ecosystem (Neto et al., 2006).  

Since the early 20th century the Everglades freshwater wetlands have been drained 

significantly because of structural modifications for flood control, urban and agricultural 

development. The Everglades wetlands were severely reduced in size and over 5,000 km2 

(50%) of the original landscape has been converted to agricultural and urban use during 

the last half century. Throughout this period, drainage of the wetlands resulted in 

increased fire frequency, shifts in the composition and distribution of vegetation cover, 

changes of the landscape (loss of ridge and slough features), as well as alteration in water 

quality, soil characteristics, and abundance of wildlife (Davis et al., 1994). Moreover, 

nutrients and runoff from the agricultural and urban areas cause further degradation of the 

Everglades wetland.   

To respond to these changes which have compromised the quality of this 

ecosystem (water level and quality), the Comprehensive Everglades Restoration Plan 

(CERP) was initiated within the Water Resources Development Act of 2000 

(http://www.evergladesplan.org). This plan aims at reestablishing water quantity, quality 

and timing to conditions similar to those existing prior to anthropogenic alteration 

(Richardson et al., 2010).  
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1.2 Linking hydrology to organic matter dynamics using biomarkers and 

compound-specific stable isotope analyses 

Hydrology changes have severely affected the ecology and biogeochemistry of 

the Everglades. To better establish restoration targets for CERP, among others, more 

information is needed to assess past, present and future changes in organic matter 

dynamics in relation to variations in the hydrological regime. For example, determining 

the original condition of the Everglades wetlands and estuaries is important for 

establishing restoration targets, as well as to better assess the topographic and vegetation 

changes resulting from anthropogenic influences. Moreover, it is important to understand 

how the planned changes in freshwater delivery to the Everglades would affect the 

organic matter dynamics to lay the framework for post restoration management plan.  

In sub-tropical wetlands and estuaries, it is important to determine how OM 

dynamics (source strengths, mobility, carbon budgets and fluxes) are affected by 

hydrological changes (e.g., tidal change, seasonal change, climatological change such as 

sea-level rise and natural disturbances such as hurricanes). In order further understand the 

effects of hydrological changes on OM dynamics in the Everglades, it is important to 

obtain historical information on precipitation, water level changes (hydroperiod) and 

vegetation successions associated with water availability variations. Source-specific 

biomarkers have already successfully been identified in the Everglades (Jaffé et al., 2001; 

Mead et al., 2005; Jaffé et al. 2006; Saunders et al., 2006) and their paleo-environmental 

applications have demonstrated a vegetation shift with reduction of hydroperiod over the 

past decades (Saunders et al., 2006). However, because of the complexity of OM sources 

in this system, multi-proxy approaches are needed in order to provide additional, 
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comprehensive information on the coupling of OM dynamics with hydrological change in 

ENP. Specifically for pealeo-hydrology studies, a combination of source-specific 

biomarkers analysis, combined with compound specific δD isotope analysis would be 

required. This compound specific isotope analysis approach can be used to assess 

hydrological changes in ENP and to reconstruct past hydroperiod conditions and provide 

insights into the local hydrology changes caused by human pressures on the Everglades. 

However, this approach is novel to this ecosystem and needs to be validated along 

vegetation gradients and hydrological gradients prior to a possible paleo-hydrology 

application. For estuarine systems, source-specific biomarkers should be applied to 

separately assess carbon export from the freshwater and mangrove sub-systems. 

Compound-specific stable isotope proxies also need to be developed for future paleo-

environmental applications in the coastal zone.   

Thus, molecular biomarkers and compound specific δ13C and δD isotopic analysis 

were applied to assess OM dynamics and reconstruct paleo-climatic and paleo-

environmental conditions in this ecosystem. The main goals of this work are:  

1. Characterization of biomarkers distributions and compound-specific isotopic 

signatures in Everglades freshwater marshes and estuaries in order to: 

a. Validate molecular proxies as to their OM source specificity for 

freshwater marsh environments. 

b.  Apply validated molecular proxies in the assessment of POM sources 

and mobility in ridge and slough environments. 
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c.  Apply existing molecular, biomarker-based proxies to assess source-

specific carbon loss from the Everglades mangrove ecosystem through 

POM export. 

d. Determine new biomarker and compound-specific stable isotope based 

proxies to assess OM dynamics and potential paleo-environmental 

changes in mangrove environments.   

2. Reconstruct the vegetation history and paleo-hydrological variations in the 

Everglades freshwater wetlands through the application of the combined and 

validated biomarker and compound-specific stable isotope approach.  

 

1.3 Research Approach 

1.3.1 Study Sites 

1.3.1.1 Freshwater wetlands 

The Everglades freshwater wetlands are oligotrophic and extremely sensitive to 

anthropogenic stress. There are two major drainage basins in the Everglades, namely 

Shark River Slough (SRS) and the Taylor Slough/Panhandle area (TSPh). The differences 

in the nutrient patterns and hydrological status between SRS and TSPh result in different 

soil types and different vegetation community structures. Briefly, freshwater TSPh areas 

are characterized by marl type soils while peats are typical for the freshwater SRS. The 

dominant wetland vegetation is Cladium, Eleocharis, Utricularia, Nymphaea and 

periphyton. While Cladium is usually more abundant at the ridges (shallow water), 

Eleocharis, Utricularia and Nymphaea are more common in the sloughs (Saunders et al., 
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2006). In this whole dissertation, various sites (WCA-3A/B, SRS1-3, TSPh2-3) with 

varying nutrient and hydroperiod characteristics were selected (Fig. 1.1).  

         

Figure 1.1 Partial map of the greater Everglades indicating study sites of interest. 
 

1.3.1.2 Shark River Estuary 

The study was performed mainly in the estuarine zone of the Shark River in the 

southwestern section of the Everglades National Park (ENP). The combined Shark River 

Slough and associated mangrove rivers make up the main water drainage system for 

much of ENP, where water drains from the freshwater marshes through fringe mangrove 

swamps into the Gulf of Mexico (Fig. 1.2). The vegetation of ENP’s freshwater marshes 

is characterized by abundant calcareous periphyton, Cladium jamaicense (sawgrass) and 

Eleocharis (spikerush) in the freshwater zone (SRS1-SRS3; Richards, 2001) while fringe 

mangrove forests, mainly of Rhizophora mangle (Red mangrove; Twilley, 1985; Davis et 

al., 2003), dominate the estuarine zone (SRS4-SRS6). The coastal zone is characterized 

mainly by sandy bottom sediments (Ponce de Leon Bay) with patchy seagrass beds 
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towards the Florida Shelf with Thalassia testudinum as the main species (Fourqurean, 

1993). Annual rainfall is typically between 122 and 152 cm, with most (80%) occurring 

during the wet season (Southeast Regional Climate Center, http://www.sercc.com). The 

field stations chosen have been established by the Florida Coastal Everglades Long Term 

Ecological Research program (http://fcelter.fiu.edu/) (Fig. 1.2), and represent a 

hydrological and salinity gradient covering the freshwater to marine end-members of the 

system. 

 

Figure 1.2 Shark River Slough (SRS-1–6) and offshore site (PLB). 
 

1.3.2 Molecular and Compound Stable Isotopic Proxies  

1.3.2.1 Lipid Biomarkers for OM Sources, Transport and Paleo-environmental Studies 

n-Alkanes are one of the most abundant lipid molecules biosynthesized by various 

plants because of their resistance towards secondary structural modification or 
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degradation during deposition. They have been shown to be indicators for various sources, 

like relatively short chain n-alkanes (C15, C17 and C19) are mainly attributed to algae 

and/or bacteria (Gelpi et al., 1970). Mid-chain ones (C21 to C25) could be generated from 

aquatic submerged or floating plants, moss etc. (Ficken et al., 2000). While terrestrial 

woody plants are mainly characterized by the longer chain n-alkanes (C27 to C35; Rieley 

et al., 1991; Collister et al., 1994). On the basis of the distribution patterns, sources of 

OM may be differentiated and lots of other related parameters were generated on the 

basis of the n-alkanes distribution, such as Paq (% of aquatic plants; Ficken et al., 2000), 

average chain length (ACL), and other numerical parameters (Marzi et al., 1993; Jansen 

et al., 2006). These n-alkanes based/derived parameters, combined with other proxies, in 

geological samples can be utilized to reconstruct paleo-environmental conditions.  

Lipids, solvent-extractable organic compounds, are derived from cuticular waxes, 

cell wall component, and other sources and may be specific markers for certain groups of 

organisms (Eglinton and Hamilton, 1967). Because of their resistance towards secondary 

structural modification or degradation during deposition, lipids were used as biomarkers 

to trace organic matter source and record certain environmental information even only 

consist a few percent of total organic carbon (Ficken et al., 2000; Bechtel et al., 2003). 

Examples of biomarkers are n-alkanes, highly branched isoprenoids (HBIs), diterpenoid, 

triterpenoid, and others (Ficken et al., 2000; Jaffé et al., 2001; Mead et al., 2003; Gao et 

al., 2007). A combination of these biomarkers was used to assess OM sources and 

dynamics in this subtropical wetland and estuary system. 
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1.3.2.2 Compound Specific δ13C and δD Isotopes for Paleo-climatic Reconstructions  

Lipids, especially n-alkanes, with hydrogens covalently bounded to carbons, are 

stable to preserve long term isotopic information in the sediment (Schimmelmann et al., 

1999) for paleo-climatic reconstruction (Sachse et al., 2004). n-Alkanes in sediments are 

well known to record the plant δ13C and δD values (Chikaraishi and Naraoka, 2003; 

Sachse et al., 2004), and numerous studies on the δ13C and δD of n-alkanes in plants have 

been carried out (Chikaraishi et al., 2004; Sachse et al., 2006; Sessions et al., 2006; Smith 

and Freeman, 2006; Pedentchouk et al., 2008). On the basis of the plant calibration 

studies, several paleo-studies were performed to reconstruct the climate in the past, and 

this has been successfully used in a lot of environmental areas such as forest, high 

mountains, lake sediments (Huang et al., 2002; Sachse et al., 2012 and references therein), 

and others. Generally, δ13C of n-alkanes has been widely used to assess the vegetation 

type change (C3/C4), which can infer the climatic conditions (e.g., Yamada and Ishiwatari, 

1999; Huang et al., 2001), while δD of n-alkanes was used as a proxy for precipitation, 

relative humidity, temperature and salinity of the past in various environments (Xie et al., 

2000; Liu and Huang, 2005; Sachse and Sachs, 2008). Thus, the combination of 

compound specific δ13C and δD analysis for specific compounds (especially n-alkanes), 

integrated with lipid biomarkers, has been used as a powerful technique for a variety of 

studies to provide qualitative or quantitative paleo-ecological information for various 

environmental factors, such as organic matter source, temperature, relative humidity, and 

precipitation (Huang et al., 2001; Liu et al., 2006; Pagani et al., 2006; Liu and Yang, 

2008). 
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In the Everglades fresh water wetland system, in order to provide additional 

information for paleo-reconstruction, compound specific δD and δ13C isotopes analyses 

were performed for various plants (25 species, representing 19 families), ridge-slough 

soil transects within wetland to assess and validate these molecular proxies. They were 

then applied to assess changes in hydroperiod to two soil cores (one ridge core and one 

slough core).  

 

1.4 Framework of this Dissertation 

In addition to this introductory chapter, this dissertation contains additional six 

chapters, which were organized in the following way: 

Chapter II: Assessing biomass contributions to particulate organic matter in a 

subtropical estuary: a biomarker approach. In this chapter, a biomarker based three-end-

member model was used to assess POM source strengths along the Shark River Estuary. 

POM flux from mangroves to the Gulf of Mexico was estimated on the basis of this 

model. 

Chapter III: Occurrence and distribution of a series of monomethylalkanes in the 

freshwater ecosystem of the Florida Everglades. This chapter focuses on the 

identification of a series of monomethylalkanes (MMAs) with carbon numbers from C10 

to C23 and C29 across freshwater wetlands of the Everglades, and an attempt to determine 

their potential biogenic source. Potential applications of this molecular proxy are 

indicated. 

Chapter IV: Identification of a series of long-chain alkyl hydroxycinnamates from 

two species of cattail (Typha domingensis P., and Typha latifolia L.). This chapter 
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focuses on the identification of several long-chain n-alkyl coumarates and ferulates as 

potential biomarkers for cattails (Typha domingensis and Typha latifolia; both roots and 

leaves) in the freshwater marshes of the Florida Everglades.  

Chapter V: Sheet flow effects and canal backfilling on sediment source and 

transport in the Decomp Physical Model: analysis of molecular organic biomarkers. In 

this chapter, a biomarker conceptual model was validated and applied to determine POM 

sources and mobility across the freshwater marsh ridge-and-slough landscape. 

Chapter VI: Distribution of n-alkanes and the δD and δ13C patterns in typical 

living plants across a subtropical tree island to wetland gradient and estuary system: 

implication for paleo-reconstruction. This chapter describes the investigation of the 

distributions of n-alkanes and their δD and δ13C patterns in typical living plants across a 

subtropical tree island/wetland/estuary system to assess their application as molecular 

proxies for paleo-environmental studies in the Everglades ecosystem. 

Chapter VII: Compound specific δD and δ13C analyses as a tool for the 

assessment of hydrological change in a subtropical wetland. This chapter describes an 

approach to assess vegetation shifts and hydrological change though biomarker and 

compound specific δD and δ13C based molecular proxies applications in the Everglades 

freshwater wetland. 

Chapter VIII: General conclusion and remarks. 
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ASSESSING BIOMASS CONTRIBUTIONS TO PARTICULATE ORGANIC 

MATTER IN A SUBTROPICAL ESTUARY: A BIOMARKER APPROACH 
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2.1 Abstract 

Assessing the sources and quantifying the contributions of particulate organic 

matter (POM) in estuaries is a challenge. Here I apply source-specific biomarkers to 

assess POM sources in an estuary receiving suspended material from freshwater 

wetlands, fringe mangroves and coastal environments. A three end-member mixing 

model, including terrestrial, estuarine and marine end-member contributions was 

developed and successfully validated to assess general organic matter dynamics and 

hydrologic processes that control POM distributions within the Shark River Estuary in 

South Florida. Low tide and wet season conditions coincided with an enhanced signal of 

the freshwater end-member biomarker abundance, while high tide and dry season 

conditions resulted in enhanced POM input of marine origin. Incoming tide was observed 

to be an important factor in the re-suspension and tidal pumping of mangrove-derived 

POM, which seems to be the dominant source of particulate organic carbon (POC) in the 

estuary. The three end-member conceptual model was tested to obtain a rough estimate of 

POC source strength, with the ultimate goal of constraining carbon budgets in this sub-

tropical estuary. Mangrove-derived POC flux of ca. 5.3  105 to 1.0  106 kg/yr POC 

from the Shark River to the Gulf of Mexico were estimated, but end-member values used 

in the assessment need to be better constrained to reduce the degree of variability. 

 

2.2 Introduction 

Estuaries are located at the interface where the land meets the sea and are 

important conduits of organic matter (OM) to the ocean. Most of the estuarine research 

dealing with coastal carbon cycling has focused on large river-dominated systems 
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(Gordon and Goñi, 2003) because of the fact that they provide the most significant load 

of allochthonous material to coastal environments (Hedges and Keil, 1995). However, 

understanding fluvial transport and the sources of particulate organic carbon (POC) in 

smaller, river-dominated estuaries are critical in order to better constrain global carbon 

budgets (Kristensen et al., 2008; Adame et al., 2011). 

Various approaches have been applied to assess POM sources and contributions in 

estuaries, including stable carbon isotopes (14C and 13C), C:Na  and molecular markers 

(e.g., Thornton et al., 1994; Canuel, 2001; Raymond and Bauer, 2001; Jaffé et al., 2001; 

Gordon and Goñi, 2003). Most of the earlier studies were on the basis of two end-

member mixing models where δ13C values were used to estimate the relative abundance 

of terrestrial vs. marine OC sources (e.g., Canuel et al., 1995), or mangrove vs. marine 

phytoplankton sources (Tue et al., 2012). Other reports separated the terrestrial end-

member into two different OM sources, as vascular plant and soil derived (Gordon and 

Goñi, 2003) and, by including marine OM, introduced a three end-member model 

approach. Most of previous δ13C based end-member models assume that POC decay 

processes along the estuary do not affect the POC isotope or biomarker composition 

between end-member source inputs and outputs, and generally assume that the 

autochthonous OM contribution to estuarine POM is negligible. However, in sub-tropical 

estuaries, such as the fringe mangrove systems in South Florida, delivery of OM from the 

upper watershed, combined with mangrove-produced OM in the local estuary, and the 

marine OM delivered through tidal exchange (Jaffé et al., 2001, 2006; Mead et al., 2005), 

complicate such assessments because it is difficult to differentiate OM contributions from 

these sources using the carbon isotope composition because of their similar δ13C values 
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(Cloern et al., 2002).  

From a practical perspective, OM dynamics in aquatic environments, especially in 

estuaries, are complex and challenging to understand because of the varied OM input 

sources (Hedges and Keil, 1999; Canuel, 2001). In addition, an integrated view of the 

overall OM processing in this kind of ecosystem remains elusive (Bouillon et al., 2008b) 

because the fate of OM is controlled largely by its reactivity and residence time within 

the system. Physical processes that control the residence time of particles and hence OM 

within estuaries vary from semi-diurnal (tidal), seasonal (water discharge), climatological 

to multi-year to decadal scales (e.g., ENSO, Pacific Decadal Oscillation) and interactions 

between these forcings can have a critical effect on the retention, flocculation, burial and 

respiration of carbon. As such, there is a need to develop novel approaches to assess OM 

sources and dynamics in estuarine systems through multi-end-member conceptual models, 

including terrestrial, estuarine and marine components. These models need source-

specific biomarkers or molecular proxies, which should be refractory or retain their 

source information even after some structural alteration. 

Biomarker based OM source tracing has been commonly used in marine (e.g., 

Prahl et al., 1994; Wakeham et al., 2002), coastal (Jaffé et al., 2001; Mead et al., 2005) 

and estuarine (Bianchi et al., 1993; Canuel et al., 1997, 1999; Goñi and Thomas, 2000) 

systems. One class of compounds that has received considerable attention in the 

Everglades ecosystem because of its potential application as stable biomass-specific 

markers, is the C20 and C25 highly branched isoprenoids (HBIs; Jaffé et al., 2001; Xu et 

al., 2006a, 2007). These have been reported in coastal (Farrington et al., 1977; Requejo 

and Quinn, 1983) and marine (Wraige et al., 1997; Prahl et al., 2000) ecosystems. The 
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presence of the C20 HBI (reported here as the sum of C20:0 and C20:1) has been attributed 

to cyanobacteria and its main source in the Everglades ecosystem is thought to be 

freshwater periphyton (Jaffé et al., 2001; Pisani et al., 2013).  A second useful group of 

HBIs is the C25 homologues (reported here as the sum of C25:1:1 and C25:2:2) which have 

been found in sediments from the Florida Coastal Everglades (Jaffé et al., 2001; Xu et al., 

2006b, 2007) and have been assigned a marine diatom source. The C20 and C25 HBIs 

provide two largely unambiguous markers for freshwater and marine end-members, 

respectively, with the triterpenoid taraxerol serving as a unique marker for estuarine input 

in the South Florida Everglades ecosystem. Taraxerol has been reported as a biomarker 

for mangrove vegetation, specifically Rhizophora mangle (Killops and Frewin, 1994; 

Koch et al., 2003, 2005, 2011; Versteegh et al., 2004), and is widely observed in 

sediments from South Florida estuaries (Jaffé et al., 2006; Xu et al., 2006a, 2007) which 

feature abundant fringe mangrove forests (Welch et al., 1999; Davis et al., 2003; Rivera-

Monroy et al., 2007). 

A three end-member model is proposed for addressing POM sources in the 

estuarine zone of the Florida coastal Everglades. In this conceptual model, the freshwater 

marsh POC input is represented by the periphyton derived C20 HBI, the marine end-

member by the marine diatom derived C25 HBIs and the estuary by the mangrove derived 

taraxerol. In addition to the need to validate this conceptual model, end-member 

characterization is needed to allow correlation of the selected biomarker concentrations 

with actual organic matter (OM) concentrations of the freshwater marsh, mangrove 

estuary and marine end-member sources. This approximation is essential in order to 

assess POC fluxes from the different sub-environments, but its accuracy is strongly 
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dependent on the reliability and representative nature of the end-member values. As such, 

the C20 HBI was quantified in floc and soil samples from the freshwater marshes to assess 

bulk OM contributions from this end-member (i.e. including OM from other types of 

plants in addition to periphyton). Similarly, the C25 HBI was used to quantify bulk marine 

end-member sources including seagrass.  Although the relative molecular distributions of 

n-alkan-2-ones and/or of n-alkanes have been applied as a relative indicator of seagrass-

derived and macrophyte-derived OM in sediments and soils (Hernandez et al., 2001; 

Mead et al., 2005; Saunders et al., 2006), no specific biomarkers have been identified for 

representing a quantitative proxy for such vegetation. Clearly some important caveats 

must be addressed when attempting this approach. First, these biomass-specific 

biomarkers are used only to qualitatively represent the POC contributions from the 

freshwater marsh, coastal marine and estuarine zones in this system. The autochthonous 

planktonic estuarine contribution, which has been reported to be relatively low, is not 

considered (Boyer et al., 1997). Second, since differential degradation rates have not been 

accounted for, the assumption is that all three compounds present similar diagenetic 

behavior and are relatively stable on timescales important for POM transport and 

exchange in the system under consideration. In support of this assumption, recent work 

by Koch et al. (2005) and Versteegh et al. (2004) shows that taraxerol is quite resistant to 

microbial degradation, and the highly branched nature of the HBIs, which have been 

reported in immature crude oils (Sinninghe Damste et al., 1989), suggests that these 

compounds are resistant to degradation. In addition, both the C20 and C25 HBIs have been 

detected in sediment cores from the Everglades region (Xu et al., 2007), indicating that 

they are relatively stable on the order of at least decades.  
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The main objectives of the work were to (i) validate the effectiveness of the three 

end-member conceptual mixing model under different environmental conditions, (ii) 

assess the origin and fate of POM in the Shark River estuary and (iii) obtain a semi 

quantitative estimate of the source contributions from freshwater, fringe mangroves and 

marine organic matter to the POC annual flux from the Shark River to the Gulf of Mexico. 

On the basis of the above justifications, I apply C20 HBI, C25 HBI and taraxerol as 

specific biomarkers for assessing Shark River estuary freshwater, marine and estuarine 

end-member contributions to the POM pool, respectively. This is the first study where 

these molecular markers have been used together to trace specific biomass in estuaries. 

The ultimate goal is to apply the conceptual model to better constrain the carbon budget 

in ecosystems with fringing mangroves in South Florida and other tropical coastlines, in 

particular for the assessment of carbon losses from the fringing mangrove system through 

mangrove-specific POC export. 

 

2.3 Experimental 

2.3.1 Sampling 

2.3.1.1 Study area 

The study was performed mainly in the estuarine zone of the Shark River in the 

southwestern section of the Everglades National Park (ENP). The combined Shark River 

slough and associated mangrove rivers, including the Shark River proper, make up the 

main water drainage system for much of ENP and South Florida, where water drains 

from the freshwater marshes through fringe mangrove swamps into the Gulf of Mexico 

(Fig. 2.1). The vegetation of ENP’s freshwater marshes is characterized by abundant 
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calcareous periphyton, Cladium jamaicense (sawgrass) and Eleocharis cellulosa 

(spikerush) in the freshwater zone (Richards, 2001; SRS1-SRS3) while fringe mangrove 

forests, mainly of Rhizophora mangle (Red mangrove; Davis et al., 2003; Twilley, 1985), 

dominate the estuarine zone (SRS4-SRS6). The coastal zone is characterized mainly by 

sandy bottom sediments (Ponce de Leon Bay; PLB1, PLB2) with patchy seagrass beds 

towards the Florida Shelf with Thalassia testudinum as the main species (Fourqurean, 

1993). Annual rainfall is typically between 122 and 152 cm, with most (80%) occurring 

during the wet season (Southeast Regional Climate Center, http://www.sercc.com). Well 

constrained wet and dry seasons define the climate in this region, where the wet season is 

from May to October and the dry season from November to April. The tides in the Shark 

River Estuary are semi-diurnal, with a mean amplitude of 0.5-1.0 m and flood discharge 

being of shorter duration but relatively stronger than the ebb discharge (Levesque, 2004; 

Romigh et al., 2006). Annual discharge from the Shark River to the Gulf of Mexico is ca. 

2.44  1011 ± 0.702  1011l (Woods, 2010). The field stations chosen have been 

established by the Florida Coastal Everglades Long Term Ecological Research program 

(http://fcelter.fiu.edu/) (Fig. 2.1), and represent a hydrological and salinity gradient 

covering the freshwater to marine end-members of the system. Since POC in the 

oligotrophic waters of the Everglades freshwater marshes is extremely low (Neto et. al., 

2006) this study was performed in the Shark River estuary and does not include samples 

from the freshwater wetlands. Thus site SRS4 is the least saline and most fresh in the set 

and considered representative of the freshwater end-member. During the peak wet season, 

salinity at SRS4 is completely fresh while during the peak dry season it can be as high as 

10-12. Although this station is characterized by the presence of fringe mangroves, the 
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riparian zone consisting of mixed woody vegetation (including red mangroves) is quite 

narrow and adjacent to open sawgrass prairies directly up-water from the mangrove 

fringe. 

 

Figure 2.1 Sampling sites along Shark River Slough (SRS-1–6). Sub-environments: 
freshwater marsh (peat; SRS-1–3), mangrove estuary (peat; SRS-4–6) and offshore sites 
(PLB-1 and PLB-2). 
 

2.3.1.2 Sample collection: 

Samples for conceptual model validation 

Specific sampling sites are shown in Fig. 2.1. To validate the proposed conceptual 

model, several approaches were applied, each of which determined the type of samples to 

be collected. Sample types are described in Table 2.1 and below. For the soil/sediment 
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transect (Type-1), seven surface soil/sediments (top 5-10 cm) were collected along Shark 

River slough LTER sites (SRS1-6) and two coastal sites in PLB (PLB1 and PLB2) with a 

Lexan corer (soils) or an Ekman dredge (sediments) in 2002. For POM sampling (2001-

2002), different locations and salinity ranges within the estuary were covered, both 

during high and low tide, and during both wet and dry seasons (Type-2). Simultaneously, 

when large volume POM samples for biomarker analysis were collected (ca. 25 l), 

additional triplicate POM samples were collected in 1 l polycarbonate bottles and later 

filtered through pre-combusted 47 mm GF/F filters (0.7 µm nominal pore size) for 

determination of total suspended matter (TSM) and POM. A set of five POM samples 

was collected along the salinity gradient between Tarpon Bay, in the upper estuary 

(freshwater end-member), and PLB, in the lower estuary (marine end-member) during 

November 2010 (Type-3). An additional set of samples (Type 4) were collected 

randomly over several consecutive days in the Shark River during November 2011 (T11) 

and 2012 (T12) (6 and 7 samples respectively) between SRS4 and SRS6. Finally, POM 

was sampled every h for 6 h, throughout two tidal cycles in 2011at station SRS5 (Type-5). 

In summary, a total of 62 surface water samples (for POM) were collected over a period 

of several yr using clean 25 l polycarbonate bottles (Nalgene). All samples were filtered 

through pre-combusted 142 mm GF/F filters (0.7 µm nominal pore size) for collection of 

the suspended particles. Samples were kept cool and in the dark until filtration. Filters 

were kept frozen at -20 °C until analyzed. 
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Table 2.1 Different types of samples used for biomarker analysis across the Everglades. 
Note: a, for each separate sample (type 2 – 5) used for biomarker analysis, triplicate 
samples were sampled at the same time and used for TSM and POM measurements. 
 

Time 
Season 

type 
Locations 

Study 
type 

Sample 
number a 

Nov. 2002 Wet SRS1-PLB Type 1 7 

Mar. 2001 Dry  SRS4- PLB Type 2  8 

Oct. 2001 Wet SRS4- PLB Type 2  8 

Mar. 2002 Dry  SRS4- PLB Type 2  8 

Oct. 2002 Wet SRS4- PLB Type 2  8 

Nov. 2010 Wet SRS4-PLB Type 3  5 

Nov. 2011 Wet SRS4-SRS6 Type 4 6 

Dec. 2012 Wet SRS4-SRS6 Type 4  7 

Mar. 2011 Dry SRS5 Type 5 12 
 

Samples for end-member characterization: 

For the freshwater periphyton end-member, OM-normalized concentrations of the 

C20 HBI were determined from flocculent material (floc), surface soil and periphyton 

samples in the Everglades freshwater marshes (sites SRS1 and SRS2; Gao et al., 2007; 

Pisani et al., 2013). For the fringe mangrove swamps, surface floc or unconsolidated 

sediments were used to determine the OM-based concentration of taraxerol (see Pisani et 

al., 2013 for collection method). Lastly, the marine end-member OM-based C25 HBI 

concentration was determined from a series of POM samples from Ponce de Leon Bay.  

Freshwater end-member samples consisted of mixed periphyton (7 quarterly 

samples in early wet, late wet, and dry seasons across 2007 to 2009 from SRS2), floc (8 

quarterly samples in early wet, late wet and dry seasons across 2007 to 2009 from SRS2) 

and surface sediment samples (6 from SRS1 and 6 from SRS2; Gao et al., 2007; Pisani et 
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al., 2013). Early wet, late wet and dry seasons were defined as May-July, August-

November and December-April, respectively. Eight surface sediments and surface floc 

samples were used as estuary end-member samples (SRS4-6). Five suspended particulate 

samples (covering both wet and dry seasons) from offshore sites (close to the edge of 

PLB) were used as marine end-member samples. All samples (filtered suspended 

particles, surface soil/sediments, periphyton and floc samples) were freeze dried to 

constant wt. Sediments and floc samples were sieved (35 mesh, 500 µm) to remove 

coarse particles like large detritus, shells and other debris, ground using a mortar and 

pestle, and stored in pre-combusted glass vials in a freezer until analysis.  

 

2.3.2 Lipid Analyses 

Freeze dried filters (for POM), surface soils/sediments, periphyton and floc 

samples were placed into the muffle furnace at 500 ˚C for 4 h to obtain the ash free wt. 

The % POM or % OM as appropriate was calculated by mass difference (RSD = 7%; n = 

6). 

For all the freeze-dried samples, biomarkers were analyzed as described by Jaffé 

et al. (2001) and the concentration of each biomarker was normalized to POM content as 

appropriate. Briefly, solid samples were subjected to Soxhlet extraction for 24 h with 

CH2Cl2 (Optima, Fisher, USA). Activated Cu was added to the round bottom flask during 

extraction to eliminate elemental S. Total extracts were concentrated by rotary 

evaporation and saponified with 0.5 N KOH to separate into neutral and acid fractions. 

Each neutral fraction was fractionated using adsorption chromatography over silica gel. 

The alcohol and sterol fractions were derivatized with N,O- 
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bis(trimethylsilyl)trifluoroacetamide (BSTFA; Aldrich) and 5 µl pyridine (Fisher) prior to 

analysis using gas chromatography-mass spectrometry (GC-MS). A known amount of 

squalane was added as internal standard to the aliphatic hydrocarbon and alcohol 

fractions. GC-MS was performed with a Hewlett-Packard 6890 gas chromatograph linked 

to a HP 5973 MS system, and fitted with a Rtx-1 or a Rtx-5MS column (30 m × 0.25 mm 

i.d., 0.25 µm df) from RESTEK, USA. The Rtx-1 column was used for the hydrocarbon 

fractions and the Rtx-5MS column for the alcohol and ketone fractions (Jaffé et al., 2001). 

Assignment of C20 HBI, C25 HBI and taraxerol (alcohol and ketone fractions combined) 

was performed by comparison of chromatographic retention time and literature mass 

spectra. The error in the reproducibility of biomarker data was below 15% for replicates.  

 

2.3.3 Principal component analysis 

Principal component analysis was performed on IBM SPSS Statistics 20. Each biomarker 

concentration data was normalized then ln-transformed before PCA. 

 

2.4 Results and discussion 

2.4.1  Validation of conceptual three end-member mixing model 

2.4.1.1  Soils/Sediments 

To test the proposed hypothesis for the three end-member conceptual model, 

surface sediment samples collected along a transect from Shark River slough (freshwater 

marsh end-member; SRS1) to Ponce de Leon Bay (marine end-member; PLB1,2) were 

analyzed for the above biomarkers. Because of the large concentration difference 

between taraxerol and the HBIs (2-3 orders of magnitude) for mangrove area sediments, 
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relative instead of absolute abundances were used to show the trend across the transect. 

Relative abundance (µg/g dry mass of one biomarker divided by the total concentration 

of three biomarkers at each particular site) of the freshwater marker (C20 HBI), mangrove 

marker (taraxerol) and marine marker (C25 HBI) were calculated (Fig. 2.2). The 

abundance of the C20 HBI was highest at the freshwater end-member (stations SRS1 and 

SRS2) and showed a decreasing trend along the transect, with low values at the lower 

estuary (SRS5 and SRS6). The C25 HBI was detected only at the offshore stations and 

lower estuary and was not detected inland of the mid-estuarine station (SRS5). Taraxerol 

was detected only at the estuarine stations and was not present at the offshore stations and 

freshwater marsh sites. On the basis of these distributions, the conceptual three end-

member mixing model was validated for the soil/sediment phase, as a reflection of the 

main OM inputs characterizing each of the three zones under consideration. 

 

Figure 2.2 Relative distribution of molecular markers in soil/sediment used to construct 
the three end-member mixing model. The freshwater, estuary and marine markers are C20 
HBI, taraxerol and C25 HBI, respectively. 
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2.4.1.2  Suspended POM – spatial and temporal variation 

To test the validity of the conceptual model for the POM, a similar approach to 

the soils/sediments was applied to filtered suspended material. Biomarker data for POM 

samples spatially distributed between the freshwater and marine end-members were 

considered for the wet and dry seasons (Fig. 2.3). Biomarker data collected under similar 

tidal conditions (high vs. low) and during wet and dry seasons for both 2001 and 2002 

were combined to get average concentration values. All biomarker data were normalized 

to POM (µg biomarker/g POM). The concentration distributions of the three biomarkers 

showed a similar trend to that for the soils/sediments shown above. POM dynamics 

during wet and dry seasons also followed the expected trends for the proposed three end-

member mixing model, with the highest concentration of the marine biomarker (C25 HBI) 

at offshore sites and highest concentrations of the freshwater biomarker (C20 HBI) at 

lower salinity. Estuarine sources, represented by taraxerol, typically peaked at the mid-

estuarine sites (e.g., SRS-5), but shifted up- or down-estuary in response to temporal 

variations in discharge and tidal range. In addition, higher contributions were observed 

for mangrove and marine-derived biomarkers during the dry season and during high tides, 

while the freshwater marker was more abundant during the wet season and low tides 

when the freshwater discharge was higher. The latter observation is fully in agreement 

with the local hydrological conditions. C20 HBI showed the highest abundances during 

periods of high freshwater flow and conditions when freshwater export to the estuary is 

enhanced during the wet season and on a shorter time scale during outgoing-to-low tide. 

Similarly, the C25 HBIs were most abundant during incoming-to-high tide and during the 

dry season when the freshwater head was lower and tidal amplitude higher. Taraxerol 
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abundance was consistently high in the mid-sections of the estuary and likely exported 

from the mangrove swamps through tidal pumping. This trend was particularly apparent 

for the salinity transect study (Fig. 2.4), where the three biomarkers showed a clear 

coincidence with expectations from the conceptual model. Considering the presence of 

the fringe mangroves as a significant mid-estuary OM source, it is not surprising to 

observe a mid-salinity maximum for the taraxerol abundance. In contrast, the marine 

marker (C25 HBI) showed a relatively conservative end-member mixing trend, increasing 

with increasing salinity. In agreement with the proposed conceptual model, the 

freshwater marker (C20 HBI) did gradually decrease with increasing salinity, but showed 

a less significant linear correlation compared to the C25 HBI. It is possible that variations 

in contributions of the freshwater marker along the upper to middle estuary (between 

SRS4 and just below SRS5) where freshwater marshes exist above the narrow mangrove 

fringe, may contribute to this pattern.  In addition, the contribution of mangrove-derived 

OM in the mid-estuary may cause an apparent reduction in the C20 HBI distribution 

because of dilution. However, both the seasonal site-specific study, as well as the salinity 

gradient POM data contribute to the validation of the proposed conceptual three end-

member mixing model. 
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Figure 2.3 Concentration (µg/g POM) of the three molecular markers used to trace the 
input of freshwater marsh (C20 HBI), marine (C25 HBI) and the mangrove (taraxerol) OM 
to the Shark River Estuary. Note: taraxerol is plotted on the secondary axis of ordinates 
(right side). 
 

 

Figure 2.4 Three end-member model applied for the salinity transect study. Note: 
taraxerol is plotted on the secondary axis of ordinates (right side). 
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2.4.1.3 POM- tidal study 

Two tidal cycles (on two consecutive days) were monitored to test the sensitivity 

of the conceptual model to small changes in salinity. In order to better visualize each 

biomarker as well as salinity in the same graph, the taraxerol concentration was divided 

by a factor of 100 and salinity was the secondary axis (Fig. 2.5a, b). Salinity at the fixed 

sampling station in the mid-estuary over the 6 h tidal cycle sampling ranged from 24.09 

to 29.98. As expected from the conceptual model, and observable even with small 

changes in salinity, concentrations of C20 HBI (representing freshwater periphyton), were 

highest at the lowest salinity (low tide), while C25 HBI concentration, indicative of marine 

OM, peaked at the highest salinity (high tide). For taraxerol (tidal study A, Fig. 2.5a), the 

abundance was highest during the end of the outgoing tide and the start of the incoming 

tide. This suggests that the early stages of the incoming tide may be critical in the 

resuspension of POM and tidal pumping (out-welling) of mangrove-derived OM in soils 

at this station (SRS5; Fig. 2.5a). This observation is in agreement with other work (Tue et 

al., 2012), where ebb tide was found to coincide with the maximum contribution of 

mangrove detritus to tidal creeks. Not only for POC, but also elevated DOC out welling 

during ebb tide has been reported for fringe mangrove systems (Bouillon et al., 2007). 

However, this pattern was not clear in tidal study B (Fig. 2.5b), where the taraxerol 

concentration trend was less consistent throughout the whole tidal cycle, although it still 

increased during incoming tide. This may be caused by significantly stronger wind 

conditions (Chi-square test, p < 0.001) when the sampling was performed during tide B 

(3.30 m/s, Fig. 2.5c, d) compared with tide A (2.37 m/s, Fig. 2.5c, d). This hypothesis is 

also supported by the patterns for some of the bulk parameter measurements (turbidity 
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and POM), where the average turbidity and POM for tide B was significantly higher 

(Chi-square test, p < 0.05) compared with that for tide A (turbidity: 5.48 and 4.75 

respectively; POM: 5.94 mg/l and 5.16 mg/l, respectively). The correlation between 

salinity and turbidity was also higher in tide A (R2 = 0.83) vs. tide B (R2 = 0.50), 

suggesting that more turbulent, wind-induced conditions resuspended mangrove detritus 

during tide B. Although biomarker data for tide A validated the conceptual model, data 

for tide B, as supported by other studies (Geyer et al., 2004; Goñi et al., 2005, 2009), 

suggest that the external physical forces such as local wind and possibly other factors 

such as tidal amplitude, may affect mixing, re-suspension, and remobilization along this 

estuarine system. However, in general terms the proposed conceptual model was also 

validated for tidal cycles, even though the range in salinity change was quite small (<  6 

units), suggesting that the methodology is sensitive to relatively minor changes such as 

salinity, wind conditions, and others. 
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Figure 2.5 Three end-member model applied for tidal studies A (Fig. 2.5a) and B (Fig. 
2.5b; taraxerol concentration was divided by a factor of 100). Salinity scale shown on the 
secondary y axis (right side). Fig. 2.5c: Wind information for each tidal sampling day. 
Fig. 2.5d: Wind information for each tidal sampling period (5 h period).  
 

2.4.2  Principal components analysis (PCA) 

PCA, a multivariate statistical technique, has been used in various biomarker-

based studies to extract key information such as OM composition and sources from 

complex organic geochemical data in estuarine and costal environments (e.g., Yunker et 

al., 1995; Canuel, 2001; Hernandez et al., 2001; Mead et al., 2005; Xu et al., 2007; 

Waterson and Canuel, 2008). It was applied here to elucidate the primary drivers 

responsible for OM source variation in the Shark River estuary. In order to stabilize the 

skew because of the variability in different biomarker values across different years, 

biomarker values were normalized to the total biomarker concentration before PCA 
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(concentration of each biomarker variable was divided by the concentration of three 

biomarkers used). Since this normalization can introduce a negative bias among the 

corrections used to determine the principal components (Bonn, 1998), a natural log (ln) 

transformation of the compositional data was used, as commonly applied for this purpose 

(e.g., Yunker and Macdonald, 2003; Yunker et al., 2005; Buccianti et al., 2006; Van den 

Berg et al., 2006; Grunsky, 2010). The combined ln-transformed biomarker data for all 

POM samples, and the loadings of C20 HBI, C25 HBI and taraxerol, are shown in Fig. 

2.6a, b as a PCA score plot.  

The first and second principal component (PC1 and PC2) accounted for 62.0% 

and 29.2% of the data variability. The variability among samples seems to be controlled 

mainly by season and tide and is directly linked to OM sources. Samples along the 

estuarine salinity gradient (SRS4-SRS6 and transect samples) were clearly separated on 

the basis of the three source-specific biomarkers. Samples from SRS4 and the oligohaline 

zone clustered mainly in the area controlled by the C20 HBI freshwater marker. Most of 

the mid-estuary samples from SRS5 and the transect study clustered in the estuarine area 

controlled by taraxerol. In contrast, most of the samples from SRS6 and the lower 

estuarine transect clustered in the area controlled by the C25 HBI marine end-member 

marker. The green arrow shows the sample sequence for the salinity transect study which 

clearly transitions from the C20 HBI dominated area, through the estuarine taraxerol 

dominated zone, towards the C25 HBI dominated marine end-member zone along the 

salinity gradient. The samples from the tidal studies A and B, shown in red and green 

dots and connected by arrows as time-based sequences, cover a much smaller variation in 

the PC1 and PC2 range, which is not surprising considering that the salinity change was 
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< 6 units, but follow a similar trend as the salinity transect samples. In particular for tide 

A, the shift towards the freshwater end-member during outgoing tide, followed by a 

reversal to a shift towards the marine end-member, clearly indicates the sensitivity of the 

three end-member conceptual model approach. 

When all POM samples were compared on the basis of their PC1 scores (Fig. 2.7), 

most samples (the offshore samples, SRS6 and some of SRS5 samples) associated with 

high tides or higher salinity clustered preferentially at more negative PC1 scores, while 

samples taken under outgoing or low tide, or samples taken close to the freshwater end-

member were shifted to more positive PC1 values. Similarly most samples obtained 

during the dry season (dots in Fig. 2.6) were shifted to more negative PC1 values 

compared with those for the wet season samples (triangles in Fig. 2.6). This shows a clear 

trend that the dry season conditions and incoming/high tides (both characterized by 

higher salinity) behave similarly, while the same is true for the wet season samples and 

those collected during outgoing/low tide (both characterized by lower salinity). 

Considering these observations, the salinity, and consequently the OM source, may be the 

most dominant factor represented by PC1, which explained 62% of the variability in the 

dataset. Absolute PC1 values are indicative of the marine (more negative PC1) and 

freshwater (more positive PC1) OM contributions respectively. While PC2 only explains 

a significantly lower part of the variability in the data compared to PC1, it seems to 

separate mangrove and non-mangrove derived OM. However, attempting to explain this 

would be purely speculative. Thus I focus on PC1 as this parameter explains 62% of the 

variability in the data. Consequently, the combined dataset represented in the PCA plot, 

further validates the three end-member conceptual model.  
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Figure 2.6 PCA analyses of lg transformed concentrations of C20 HBI, C25 HBI, and 
taraxerol in POM for all Shark River samples.  Samples collected during the dry season 
are plotted as circles (•) and wet season as triangles (∆). Salinity transect, green arrow; 
tidal cycle, blue (outgoing tide) and red arrows (incoming tide). 
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Figure 2.7 Plot of PC1 scores for all POM biomarker data. Different color bars represent different studies. 
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2.4.3 Carbon budget assessment 

Various studies have been performed to address carbon (C) budgets in Everglades 

coastal wetlands and have recently been summarized (Troxler et al., 2013). An important 

source of C in the estuarine regions of the Everglades is the mangrove forests, and above- 

and belowground primary production and soil C accumulation for mangroves have been 

estimated (Castañeda-Moya et al., 2011; Smoak et al., 2013). However, C flux estimates 

(summarized by Barr et al., 2010) have been made without considering lateral export of 

dissolved OC (DOC), dissolved inorganic C (DIC) and POC (Troxler et al., 2013) and 

such considerations are critical in better constraining C cycling in the Everglades. Here, 

the ultimate goal of this study is the application of the validated three end-member 

conceptual mixing model in order to assess C fluxes from specific sources and constrain 

C budgets for the fringe mangrove ecosystem through the determination of C losses in the 

form of POC. Generally the major POC source in the Everglades freshwater marshes 

consists of flocculent material (floc; Neto et al., 2006; Pisani et al., 2013), which has been 

shown to be mobilized and can contribute to the formation of the ridge-and-slough 

landscape in the region (Larsen et al., 2009a,b). While Cawley et al. (2013) applied 

optical properties to assess fringe mangrove inputs to the DOC pool in the estuary and 

estimated a C flux of 0.075 × 109 to 0.27 × 109 mg C/d of mangrove-derived DOC (ca. 20% 

of the total DOC) from the Shark River estuary to the Florida costal ocean, no such 

estimates have been reported for POC export. Here, a biomarker approach was used in an 

attempt to roughly assess source-specific POC fluxes in the estuary. Average biomarker 

concentrations from the mid-estuarine section (SRS5) were determined on the basis of the 

above sample set. The values were compared with OM-normalized end-member 
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biomarker values (see below) and used to determine an OM-based contribution for each 

end-member (on the basis of the mid-estuarine biomarker abundances). The % estimate 

of OM contribution from each freshwater marsh, fringe mangrove swamp and the marine 

end-member were then related to the annual water discharge and associated POM 

content. In this assessment it is assumed that the biomarkers used are stable throughout 

their estuarine transport period, that autochthonous primary productivity by estuarine 

plankton is not a significant contribution to the overall POC pool in the Shark River (see 

also above). In fact, no correlation was observed between POM and Chl-a concentrations 

for all my type 2 samples (R2 = 0.02; n = 32), which suggests that the autochthonous 

planktonic contribution to POM is not significant. Thus, for this first estimate of source-

specific POM export, the uncertainty range of each term in the budget calculation was 

defined by the 95% confidence interval of the mean (X): X- t  ≤ X ≤ X+t  (s is 

the standard deviation of n measurements from which X was determined and t the student 

parameter with n-1 degrees of freedom at a confidence level of 95%). The confidence 

interval of variables was calculated by considering the ‘worst-case’ combination, where 

both extreme values such as highest and lowest within the determined range were used in 

the calculation. 

In order to first estimate the relative contribution of each end-member, the 

concentration of each biomarker was measured for each case. To be specific, periphyton, 

floc and surface soils from SRS1-2 (freshwater area) were used as freshwater end-

member, and the freshwater end-member representative biomarker C20 HBI was assumed 

to contribute equally to the POC pool from periphyton, floc and surface soils origin. As 
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such, the freshwater end-member concentration of C20 HBI was estimated at 67.2 ± 28.3 

µg/g POM (n=30). For the estuarine end-member characterization, unconsolidated 

surface sediments and floc from SRS5 and 6 were used, and taraxerol concentration 

averaged 213 ± 64.9 µg/g POM (n = 8). Lastly, suspended particulates from offshore 

collected during different years (wet and dry seasons) were used as marine end-member 

(PLB), to provide a C25 HBI average concentration of 3.51 ± 2.83 µg/g POM (n=6). 

To obtain an estimate of the source contributions from the above-defined end-

members to the Shark River estuary, a mid-estuary area was chosen as representative of 

the estuarine mixing zone (SRS5). Each biomarker concentration was determined, on the 

basis of 12 samples (from the SRS5 area) average, as C20 HBI (0.36 ± 0.12 µg/g POM), 

C25 HBI (0.10 ± 0.05 µg/g POM) and taraxerol (27 ± 9.7 µg/g POM). Without 

considering potential differential diagenetic degradation rate among the biomarkers, these 

mid-estuary POC biomarker values were normalized to end-member values and % 

contributions of each were estimated though the following approach: 

A = ; B = ; C = 

; 

Fresh member POM contribution (%) =  

Marine member POM contribution (%) =  

Estuary member POM contribution (%) =  

Relative contributions (%) for each member in the SRS5 mixing zone were 

therefore estimated as: freshwater-derived POM, 1 to 8 %; mangrove-derived POM, 70 to 
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90 %; marine-derived POM, 6 to 20 %. These ranges are reasonable since POM values 

for the freshwater Everglades are reported to be very low (Childers et al., 2006) and most 

of the POM in the freshwater marshes is in the form of flocculent material present in the 

form of an unconsolidated layer at the bottom of the water column (Droppo et al., 1997; 

Neto et al., 2006; Pisani et al., 2011, 2013) or in the form of periphyton mats (Neto et al., 

2006; Larsen et al., 2009b; Pisani et al., 2011, 2013). Although bioturbation of floc by 

mosquito fish (Gambusia holbrooki), grass shrimp (Palaemonetes paludosus) and 

crayfish (Procambarus spp.) has been reported and remobilization by storms is possible 

(Larsen et al., 2009a, b), the floc contribution to the estuarine POM pool is expected to be 

low (Larsen et al., 2009a, b). In contrast, coastal primary productivity of plankton in the 

Gulf of Mexico is seasonally variable (Lohrenz et al., 1994, 1999) and thus can 

contribute at different levels over time. Consequently, it is indeed not surprising that the 

contribution of mangrove detritus was found to be highest for the Shark River and > 70% 

in all cases. Mangrove ecosystems are well known to export OM both as POC and DOC 

to the coastal ocean (Lee et al., 1995; Cawley et al., 2013; Dittmar and Lara, 2001a, b; 

Dittmar et al., 2006; Jaffé et al., 2004; Romigh et al., 2006; Twilley, 1985, and others). 

 

2.4.4 Mangrove-derived POC loss estimate 

On the basis of the annual water discharge (D) of Shark River to the Gulf of 

Mexico (D = 2.44 1011 ± 0.702 1011 l; Woods, 2010), and an average POM 

concentration ([POM] = 5.20 ± 0.614 mg/l (n = 22) in the middle estuary area, and 

considering the estimated contribution [POM (%)] from the mangrove end-member 

discussed above, the POM loss from the mangrove estuary to the Gulf of Mexico can be 
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estimated as D [POM] (70 to 90%) = 9.2 105 to 1.8 106 kg POM/yr, or an 

estimated mangrove-derived  POM flux of 0.21 109  to 0.45 109 mg OM /d for the 

Shark River. When POM is transformed to POC applying the widely accepted 58% OC 

in soil OM (Howard, 1965), this flux value can be reported as ranging from 0.12  109 to 

0.26  109  mg /d. Considering the low number of end-member values used for estuarine 

and marine contribution estimates, the low number of available samples for determining 

the annual average POM concentration, and the fact that several environmental factors on 

global, regional and local scales (i.e. seasonality, tidal stage, geomorphological setting, 

nutrient concentration, physical forcing such as wind, and any combination of those) can 

affect POC export, the flux values reported here represent only a first preliminary 

estimate of C loss from the Shark River mangroves in the form of POC. While there are 

needs to better constrain these C loss values, this study provides an estimated order of 

magnitude for the process. Interestingly, this roughly estimated POC loss from the 

mangrove system is of the same order of magnitude as the DOC loss for the Shark River 

(Cawley et al., 2013), which was estimated at 0.27 × 109 mg C/ d (0.23 × 105 mol C/ d) 

and 0.075 × 109 mg C/ d (0.063× 105 mol C/ d) for the wet and dry season respectively. 

Contrary to the POC flux estimates reported here, Cawley et al. (2013) suggested, 

however, that the majority (ca. 80%) of DOC exported from the Shark River Estuary was 

derived from the freshwater end-member and only about 20% was mangrove-derived. In 

contrast, for POC, the majority of C exported seems derived from the fringe mangroves. 

Since POC flux values (export) reported here are specific for the Shark River and 

are not watershed-based, it is at this point difficult to directly integrate the data with other 
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C flux studies for the region (Twilley, 1985; Romigh et al., 2006). However, when 

comparing with estimated DOC export rates for the Shark River estuary (Cawley et al., 

2013), the mangrove-derived POC export rates were quite similar. Other authors have 

estimated DOC and POC export from Everglades mangrove forests as 4.7 and 5.3 mol C/ 

m2/ yr respectively (Romigh et al., 2006; Twilley, 1985). Export of DOC and POC on 

very similar levels have also been reported for global average values, where DOC export 

and POC export were estimated as 11.4 ± 14.3 and 12.5 ± 11.2 mol C/ m2/ yr (Duarte et 

al., 2005; Bouillon et al., 2008a; Barr et al., 2010). For instance, for mangrove estuaries 

in Brazil (Dittmar, 2006; Dittmar and Lara, 2001a,b) where DOC export ranged from 4 to 

12 mol C/ m2/ yr, the POC export rate in the same region was estimated at 3 mol C/ m2/ 

yr. POC export measured in an Australian riverine mangrove forest was 35 mol C/ m2/ yr 

(Boto and Bunt, 1981). While the estimated mangrove-derived POC flux from the Shark 

River seems to fit this general pattern, this work represents the development and 

validation of a three end-member conceptual model for the Shark River, Florida, and 

additional work is needed to further constrain carbon fluxes which represent rough 

estimates in this initial assessment. 

 

2.5 Conclusions 

A biomarker-based, three end-member mixing model was validated and then 

tested to assess POM dynamics along the subtropical Shark River Estuary, Florida. The 

results demonstrate that mangroves are the dominant source of POM in the estuary. The 

model effectively reflects seasonal and tidal effects on POM dynamics and was sensitive 

to how other external physical forcing like winds could affect resuspension of POM. The 
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transition from outgoing to incoming tide seems critical for substantial mangrove POM 

release associated with tidal pumping and out-welling. Preliminary estimates of POM 

flux showed a high degree of variability driven by high ranges in end-member 

calibrations, but reflect the importance of mangroves as a source of POM to the coastal 

ocean. Subsequent studies should further constrain the variability of end-member 

biomarker concentrations in order to better calibrate the model and consequently 

constrain POC flux values. Although the POC flux estimates presented are preliminary, 

they provide the first attempt to address source-specific POC budgets and have the 

potential to be applied to other aquatic systems. Interestingly, and in agreement with 

other reports, the estimated mangrove-derived DOC flux values for the same region were 

of the same order of magnitude as the POC.  

As sea level continues to rise, the mangroves of the Shark River are expected to 

transgress further inland. However, the ongoing Everglades restoration project aims to 

introduce more freshwater to the southern estuarine area through engineering enhanced 

water delivery. The balance between sea level rise and increased freshwater flow will 

ultimately drive the fate of the mangrove system. The proposed three end-member 

conceptual model could potentially be used to evaluate the changes in the OM dynamics 

of the system over time and ultimately aid in modeling the success or lack thereof of the 

Everglades restoration. 
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OCCURRENCE AND DISTRIBUTION OF MONOMETHYLALKANES IN THE 

FRESHWATER WETLAND ECOSYSTEM OF THE FLORIDA EVERGLADES 
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3.1 Abstract 

A series of mono-methylalkanes (MMAs) with carbon numbers from C10 to C23 and 

C29 were detected in freshwater wetlands of the Everglades. A decrease in concentration 

and molecular complexity was observed in the order from periphyton and floc, to surface 

soil and deeper soil horizons. These compounds were present in varying amounts up to 

27 µg/gdw in periphyton, 74 µg/gdw in floc, 1.8 µg/gdw in surface soil, < 0.03 µg/gdw in 

deeper soils (12-15 cm). A total of 46 MMAs, including one iso and six anteiso-alkanes, 

were identified. Compound specific carbon isotopes values were determined for some 

dominant MMAs, and suggest that they originate from microbial sources, including 

cyanobacteria. Potential decarboxylation from fatty acids could also potentially 

contribute to the MMAs detected. Early diagenetic degradation was suggested to affect 

the accumulation of MMAs in soils and further studies are needed to address their 

applications as biomarkers. 

 

3.2 Introduction 

Mono-methylalkanes (MMAs) with mid-chain branching have an extensive 

geochemical history and were identified in numerous sample types, such as ambient 

aerosol (Turpin et al., 2000; Ho et al., 2008), exhaled breath (Phillips, 1997), insect 

cuticular lipids (Nelson et al., 1981; Bernier et al., 1998), microbial mats (Shiea et al., 

1990; Logan et al., 1999; Arouri et al., 2000), sedimentary organic matter (Summons et 

al., 1988), orebody (Logan et al., 2001), oil sand (Lu et al., 2003) and crude oils (Höld et 

al., 1999). Their origin has been debated for years and two major hypotheses have been 

proposed as either biological or geosynthetic origins. The geosynthetic hypothesis 
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includes (1) diagenetic transformation of functionalized lipid precursors such as common 

bacteria derived iso- and anteiso-fatty acids (Summons, 1987; Kaneda, 1991), and some 

bacterial mid-chain branched fatty acids (Summons, 1987; Summons et al., 1988); (2) 

products of acid clay mineral catalyzed reactions of alkenes (Kissin, 1987); or (3) long-

term equilibration products from a limited range of isomers (e.g., Klomp, 1986). 

However, microbial culture studies suggest that MMAs can have a direct biogenic input 

from cyanobacteria (e.g., Han et al., 1968; Han and Calvin 1969; Shiea et al., 1990), 

cyanobacterium Nostoc sp. (Dembitsky et al., 1999), or marine Chloroflexus-like 

organisms (Parentheau et al., 2010; Jahnke et al., 2014). Moreover, other studies showed 

the direct biogenic input of MMAs from other non-microbial sources such as vascular 

plant leaf waxes (Brieskorn and Beck, 1970; Grice et al., 2008; Huang et al., 2011), 

earthworms (Nooner et al., 1973) and insect waxes (Nelson et al., 1981; Bernier et al., 

1998). 

Freshwater wetlands have been considered among the most productive 

ecosystems in the world (Leith, 1975). The Florida Everglades ecosystem, with a variety 

of environmental, hydrologic and soil-type gradients, is the largest subtropical wetland in 

North America. The vegetation shifts along the Everglades landscape from tree islands 

with terrestrial trees and ferns, to sloughs (deeper water) with submerged (water lily) and 

emergent (spikerush) aquatic plants, to ridges (shallow water) with sawgrass dominated 

communities (Davis et al., 1994). Within this diverse distribution of dominant higher 

plant species, periphyton, an abundant calcareous mixture of cyanobacteria, diatoms and 

green algae (Gaiser et al., 2011; Hagerthey et al., 2011), is widely distributed throughout 

this ecosystem. Periphyton, often forming thick mats and blanketing shallow surface 
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sediment and submerged plants, is a ubiquitous and important biomass component of the 

Florida Everglades ecosystem. Considered to be the primary ecosystem engineer, 

periphyton plays a critical role in stabilizing soil, sustaining the landscape mosaic, 

controlling local food webs, and generating oxygen gas in the water column (Gaiser et al., 

2011). While periphyton is present primarily as benthic or floating mats, the presence of 

free floating phytoplankton in the Everglades is negligible. As such, most of the 

suspended particulate organic matter (POM) is present in the form of floc, or flocculent 

material, which consists of a non-consolidated layer of microorganisms (generally 

bacteria), organic (e.g., detritus) and inorganic particles (e.g., carbonate), and represents 

an important biogeochemical component controlling carbon and nutrient transport, food 

web dynamics, and the other biogeochemical processes in this ecosystem (Neto et al., 

2006). Disaggregated periphyton remains have been suggested as an important 

component of the floc in this environment.  

Although MMAs are widespread in several species (e.g., algae, bacteria, insects, 

plant wax), and in various ecosystems, they have not been reported present in the 

Everglades wetlands.  Considering the potential microbial origin of MMAs, I hypothesize 

that the abundant floating or benthic periphyton mats of the Florida Everglades could be a 

potential source for these compounds, which subsequent transfer to floc, surface soils and 

deeper sediments. As presented below, the distribution of MMAs found in this study was 

more complex compared to previous studies, where only a few homologues were 

detected in natural environments. In addition, the molecular complexity and 

concentration of the MMAs in the Everglades was found to decrease from periphyton and 

floc, to surface soils and lastly deeper sediments. Here I report on the presence of MMAs 



 61

in this aquatic system, discuss their mass spectra, stable isotopic compositions and 

propose potential sources. 

 

3.3 Experimental Methods  

3.3.1 Samples and locations 

The sampling sites used in this study were distributed along a several locations 

featuring nutrient and hydroperiod gradients in Everglades National Park (ENP, Fig. 3.1). 

WCA3 is located in the Water Conservation Area 3, located to the North of Everglades 

National Park (ENP), with the highest nutrient (P and N) levels and longest hydroperiod 

among all sites. Sites SRS1-3 are located in the Shark River Slough within ENP, 

featuring intermediate nutrient levels and hydroperiod. Sites TSPh2-3 are located at 

Taylor Slough, ENP, with lowest nutrient levels and hydroperiod, while TSPh4 is located 

adjacent to the C111 canal draining the Homestead Agricultural Area to the East of ENP. 

SRS1-3 and TSPh2-3 all represent freshwater marsh environments, characterized by 

diverse aquatic vegetation and microbial communities, such as abundant calcareous 

periphyton, Cladium jamaicense (sawgrass), Eleocharis (spikerush), Utricularia sp. 

(bladderworts) and Nuphar lutea (water lily) (Richardson, 2010). TSPh6 and SRS6 are 

located in mangrove-dominated estuarine areas. SRS6 is characterized by a mixture of 

white (Laguncularia racemosa), black (Avicennia germinans) and red mangroves 

(Rhizophora mangle) while TSPh6 is characterized primarily by the presence of dwarf 

red (< 2 m) mangrove forests as well as abundant saltwort (Batis maritima). While SRS6 

is subject to tidal mixing, TSPh6 is seasonally affected by seawater intrusions (dry 

season), is more phosphours limited and featuring extended inundation periods. 
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Floating and submerged periphyton was collected by hand, and placed into Ziploc 

bags after removing large plant fragments. Floc, surface soil and sediments were 

collected following the procedures as described previously (e.g., Neto et al., 2006; Pisani 

et al., 2013). Dominant Everglades plants such as Cladium, Eleocharis, Nymphaeaceae, 

Utricularia, Chara (macroalga), Typha domingensis P., and Typha latifolia L. were also 

randomly sampled, each sample consisting of at least 5 individual samples from different 

locations within ENP or the WCA-3. Plant samples (both leaves and roots when 

applicable) were wrapped in aluminum foil immediately after collection. Upon retrieval, 

all samples were kept cool on ice during return to the laboratory, where they were 

transferred into pre-combusted glass jars with Teflon lined caps and stored in a freezer (-

20°C) until analysis.  

 

Figure 3.1 Map of the study areas and sampling locations in the Florida Everglades 
wetlands. 
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3.3.2 Sample preparation 

All samples were freeze-dried at -50°C, then shredded if necessary (leaf and root 

materials), and sieved through a 32 mesh (500 µm) sieve to remove coarse material. 

Aliphatic hydrocarbons were isolated and analyzed as described previously (Jaffé et al., 

2001) with some modifications. Briefly, freeze dried biomass (1 to 2 g) was subjected to 

sonication extraction three times (0.5 hours each) with pure methylene chloride (Optima, 

Fisher, USA) as solvent. Activated copper was added during the extraction to eliminate 

elemental sulfur. Total extracts were concentrated and further fractionated by adsorption 

chromatography over silica gel. Saturated hydrocarbons were obtained using n-hexane as 

eluent. Ziploc bags used for sampling were washed with n-hexane. They were treated as 

control blanks and were randomly analyzed to assess potential sample cross-

contamination. 

 

3.3.3 GC/MS quantification 

The GC/MS analyses were performed on a Hewlett-Packard 6890 GC linked to a 

HP 5973 MS system, and fitted with a Rtx-1 (30 meters long, 0.25 mm ID, 0.25 µm df) 

column from Restek, USA. All MMAs in this study were quantified relative to squalane 

(internal standard), assuming a similar response factor. Kovats retention indexes (RI) 

(Kovats, 1958) were calculated (listed in Table 3.1) following the formula: RI = 100n + 

100 × (Rx−Rn)/(Rn+1−Rn), where x is the compound of interest, n and n+1 are the carbon 

number for the nearest n-alkane and (n+1)-alkane eluting before and after x, respectively, 

on the GC, and R denotes the GC retention time. The identification of the MMAs was 
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performed on the basis of the interpretation of the mass spectra and comparison with 

published mass spectra, and retention indexes if available (e.g., Krkošová et al., 2008).  

 

3.3.4 Compound specific carbon isotope analyses 

The δ13C values of individual n-alkanes and MMAs were measured using a gas 

chromatograph-isotope ratio mass spectrometer (GC-IRMS) system, which consists of a 

HP 6890 GC equipped with a Rtx-1 fused silica capillary column (30 m long, 0.25 mm 

ID, 0.25 µm df), a combustion interface (Finnigan GC combustion IV), and a Finnigan 

MAT delta Plus mass spectrometer. Between every four samples, three standard mixtures 

containing C17 n-alkane and squalane (different concentrations as 30 ng/µL, 100 ng/µL 

and 500 ng/µL, with known δ13C values for each pure compound) were measured to 

check instrument performance throughout the analysis period and also used for correction 

purpose. A known amount of squalane was also co-injected with samples as an internal 

standard for stable carbon isotopic measurements. δ13C values are given in the per mil (‰) 

notation relative to the Peedee Belemnite (PDB) standard. The reproducibility of this GC-

IRMS system was < 0.5‰. 

 

3.4 Results and Discussion 

3.4.1 Identification of MMA structures 

A series of MMAs with 10 to 23 carbon atoms eluted among the C10 to C23 n-

alkanes (Fig. 3.2). One additional C29 MMA (3-methyl octacosane) eluted between the 

C28 and C29 n-alkanes. Generally, the mid-chain methyl-substituted alkane isomers eluted 

earlier than isomers substituted near the chain terminus (e.g., iso or anteiso), in 
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agreement with previous reports (e.g., Klomp, 1986; Fowler and Douglas, 1987; Lu et al., 

2003). A total of 46 MMAs were tentatively identified (Table 3.1). Examples of 

identified MMAs mass spectra for homologues with different carbon numbers and 

positions of the methyl branching are illustrated in Figure 3.3. The MMA mass spectra 

feature the molecular characteristic even mass fragment ion peaks formed by the cleavage 

of the carbon-carbon bonds adjacent to tertiary carbon atoms with a H transfer (Summons, 

1987; Fowler and Douglas, 1987). The molecular ion (M.+) of m/z 142 has the 

composition of C10H22, typical for an alkane, but the even ions of m/z 56 and 112 are 

[C4H8]
+ and [C8H16]

+, respectively, indicating methyl branching of C-3 for 3-

methylnonane (anteiso- decane, Fig. 3.3a). The M.+  of m/z 156 represents C11H24, with 

even fragment ions at m/z 70 and 112 for C5H10 and C8H16 respectively, indicating methyl 

branching at C-4 for 4-methyldecane (Fig. 3.3b). The other MMAs shown by Figure 

3.3c-l are on the basis of the same interpretation approach described previously. The key 

ions to elucidate the MMAs in hydrocarbon mixtures are in conjunction with m/z 57 or 71 

as follows: m/z 56 for 3-methyl, m/z 70 for 4-methyl, m/z 84 for 5-methyl, etc. However, 

the extensive GC co-elution of isomers increases as the methyl substituent is located 

toward the mid-chain. A general EOP (even over odd predominance) was found for these 

MMAs. This could be explained in several ways: (1) even C-number fatty acids (Han and 

Calvin, 1969) generate alkanes with odd C-number upon decarboxylation,  (2) iso- and 

anteiso-fatty acids (with odd C-numbers) generate alkanes with even C-numbers upon 

decarboxylation, (3) monounsaturated fatty acids with even C-number are transformed 

into alkanes with even C-number upon methylation and decarboxylation (Han et al. 1969), 
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or (4) reduction of even fatty acids via decarbonylation generates odd alkanes in 

cyanobacteria (Schirmer et al., 2010).  

Various MMAs have been reported in the literature covering the carbon chain 

range from C4 to C33 (e.g., Audino et al., 2001; Lu et al., 2003; Krkošová et al., 2008). 

However, a great majority of them were detected in crude oil or diesel fuel (Krkošová et 

al., 2008), and only in a few in non-petroleum sources (recent organic matter; e.g., Köster 

et al., 1999; Huang et al., 2011; Jahnke et al., 2014). Kenig et al. (1995) also reported 

numerous MMAs in modern and Holocene microbial mats with carbon number ranging 

from C17 to C34. However, only seven MMAs were detected with carbon numbers less 

than 23. In addition, the carbon range and isomer distribution (for MMAs with carbon 

number less than 23) from Kenig et al. (1995) were different from this present study. This 

study is, to my best knowledge, the first to report numerous types of MMAs in present-

day aquatic environments.  
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Figure 3.2 (a) GC-MS data for a periphyton sample at SRS2 (aliphatic fraction, partial, 
total ion current, TIC trace). (b) GC-MS data for a floc sample at WCA3-A (aliphatic 
fraction, partial TIC trace). MMAs are indicated by triangles and n-alkanes by black dots 
(GC-MS conditions were described in the methods section). Note: This sample shows a 
very high content of C20 HBIs and the highest diversity of MMAs. 
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Figure 3.3 Examples of mass spectra of some MMAs identified in this study. All 
identifications are in fact tentative (see text in section 3.4.1). Note: characteristic ions are 
underlined and bold. 
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Table 3.1 List of MMAs detected in periphyton, floc, surface soil and sediments across the Everglades freshwater wetlands.  

Note: a, deviation is ±3. Compounds are listed according to the retention time; ‘+’ = detected; blank = not detected; N.A. = not analyzed. Compounds listed 
according to retention time. 

References: (1) Ali et al., 1988; (2) Armold et al., 1969; (3) Bird and Lynch, 1974; (4) Brassell and Krumbein, 1994; (5) Dembitsky et al., 2001; (6) Dobson 
et al., 1988; (7) Fehler and Light, 1970; (8) Friedman and Krumbein, 1985; (9) Gelpi et al., 1970; (10) Giruts and Gordadze, 2013; (11) Han et al., 1968; (12) 
Han and Calvin, 1969; (13) Herzner et al., 2011; (14) Huang et al., 2011 ;  (15) Kenig et al., 1995; (16) Kohl et al., 2003; (17) Köster et al., 1999; (18) 
Krkošová et al., 2008; (19) Löfqvist, 1980; (20) Lu et al., 2014; (21) Morgan et al., 2003; (22) Nadaf et al., 2013; (23) Oró and Gelpi, 1968; (24) Nooner et 
al., 1973; (25) Olufunke, 2013; (26) Peschke and Metzler, 1987; (27) Regnier et al., 1973; (28) Robinson and Eglinton, 1990; (29) Rosy et al., 2012; (30) 
Rzama et al., 1995; (31) Patricia  et al., 2013; (32) Shiea et al., 1990; (33) Siddiquee et al., 2012; (34) Thijsse and Zwilling-De Vries, 1959. 

 

MMAs 
detected 

Compound name MW 
Characteritic 

ions 

Retention 
Index 

(DB-1)a 
Periphyton Floc 

Surface 
soil 

Sediment 
core 

Possible source or detected in other organisms References 

C10 MMA 3-methylnonane 142 56, 112 N.A.   +     Cyanobacterium Microcoleus vaginatus 5 

C11 MMA 4-methyldecane 156 70, 112 1062   +     Cyanobacterium Microcoleus Vaginatus 5 

C12 MMA 5-methylundecane 170 84, 112 1156   +     
Camponotus aegyptiacus, Cataglyphis savignyi 

(insects) 
1 

  2-methylundecane 170 127, 155 1171   +     
Camponotus aegyptiacus, Cataglyphis savignyi, 

Camponotus sericeiventris, Camponotus 
castaneus (insects) 

1, 16 

  3-methylundecane 170 56, 140 1174   +     
Aspergillus niger (fungus); Streptomyces 

griseof lavus (bacteria) 
33 

C13 MMA 6-methyldodecane 184 98, 112 1275   +     
Pogonomyrmex rugosus; Pogonomyrmex barbatus 

(insect) 
27 

C14 MMA 5-methyltridecane 198 84, 140 1354   +     
Pogonomyrmex rugosus; Pogonomyrmex barbatus 

(insects) 
27 

  3-methyltridecane 198 56, 168 1371   +     Formica polyctena (insect) 19 

C15 MMA 7-methyltetradecane 212 112, 126 1448   +     Ponerinae (insect) 21 

  6-methyltetradecane 212 98, 140 1449 + +     
Pogonomyrmex rugosus; Pogonomyrmex barbatus 

(insect) 
27 

  5-methyltetradecane 212 84, 154 1452 + +     Cissus species 29 

C16 MMA 8-methylpentadecane 226 126 1546   +     Gavish Sabkha microbial mats 8 
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  7-methylpentadecane 226 112, 140 1548 + +     Lumbricus terrestris (earthworm) 24 

  6-methylpentadecane 226 98, 154 1550 + + +   
Meteorites Carbonaceous chondrites, Camponotus 

sericeiventris 
16, 23 

  5-methylpentadecane 226 84, 168 1554 + + +   Cyanobacterium Microcoleus vaginatus 5 

  4-methylpentadecane 226 70, 182 1559 + +      Pseudomonas 475; green microalgae  11, 30, 34 

  2-methylpentadecane 226 183, 221 1565 + +     Cyanobacterium Microcoleus vaginatus 5 

C17 MMA 8-methylhexadecane 240 126, 140 1645 + + +   Cyanobacterium Microcoleus vaginatus 5 

  7-methylhexadecane 240 112, 154 1647 + +     
Chroococcus turgidus; Lumbricus terrestris 

(earthworm) 
9, 24 

  6-methylhexadecane 240 98, 168 1649 + +     Chroococcus turgidus 9 

C18 MMA 8-methylheptadecane 254 126, 154 1745   + +   Cyanobacteria; Mastigocladus laminosus; 3, 4, 7, 12, 13 

  7-methylheptadecane 254 112, 168 1748 + + + + Cyanobacteria 
3, 4, 6, 7, 12, 

13, 17, 32 

  6-methylheptadecane 254 98, 182 1750 + + + + Cyanobacteria; Mastigocladus laminosus 5, 17, 28, 32 

  5-methylheptadecane 254 84, 196 1753 + +     Cyanobacteria; Mastigocladus laminosus 5, 17, 28, 32 

  4-methylheptadecane 254 70, 210 1759 + +     Cyanobacteria; Vernonanthura patens 17, 31 

  2-methylheptadecane 254 211, 239 1764 + + +   Cyanobacteria; Ziziphora persica 17, 22 

C19 MMA 8-methyloctadecane 268 126, 168 1844 + +     Rice husks 20 

  7-methyloctadecane 268 112, 182 1846 + + + + Crude Oil 10 

  6-methyloctadecane 268 98, 196 1847 + + + + Crude Oil 10 

  5-methyloctadecane 268 84, 210 1852   +     Lumbricus terrestris (earthworm) 24 

C20 MMA 9-methylnonadecane 282 140, 168 1940   +     Gavish Sabkha microbial mats; 8 

  8-methylnonadecane 282 126, 182 1942 + + +    Abu Dhabi Cyanobacterial mats 15 

  7-methylnonadecane 282 112, 196 1945 + + +    Abu Dhabi Cyanobacterial mats 15 

  6-methylnonadecane 282 98, 210 1948 + +      Abu Dhabi Cyanobacterial mats 15 

C21 MMA 10-methylicosane 296 154, 168 2039 + +     Antiaris africana; Antiaris grandis (insect) 23, 25 

  9-methylicosane 296 140, 182 2041   +         

  8-methylicosane 296 126, 196 2042   +     Ampulex compressa (insect) 13 

  7-methylicosane 296 112, 210 2044   +     Ampulex compressa (insect) 13 
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  6-methylicosane 296 98, 224 2047   +     Ampulex compressa (insect) 13 

C22 MMA 9-methylheneicosane 310 140, 196 2141   +     
Pteronarcys carlifonia; Ampulex compressa 

(insects) 
2, 13 

  8-methylheneicosane 310 126, 210 2143   +     Diesel fuel 18 

  7-methylheneicosane 310 112, 224 2145   +     Aleochara curtula; Ampulex compressa (insects) 13 

  6-methylheneicosane 310 98, 238 2147 + +     Diesel fuel 18 

C23 MMA 7-methyldocosane 324 112, 238 2243 + +     Ampulex compressa (insect) 13 

  6-methyldocosane 324 98, 252 2247   +      Rove beetle (insect) 26 

C29 MMA 3-methyloctacosane 422 56, 392 2858   +     Lamiaceae and tobacco plants 14 
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3.4.2 Distribution and occurrence of MMAs in the Everglades 

While only C15 to C20 MMAs were detected in the Everglades periphyton, all the 

identified MMAs (C10 to C23 and C29) were present in Everglades floc, C16 to C20 MMAs 

in the surface soil, and only C18 and C19 MMAs were present in the deeper soils/sediment 

at ca. 12 cm below the surface. MMA average concentrations (µg/gdw) for all identified 

homologues in periphyton, floc and soils for all sites are shown in Table 3.2. Generally, 

there is a decreasing order from periphyton, and floc, to surface soil then to the deeper 

sediments. Moreover, higher molecular complexity in the MMA isomer distribution in 

periphyton and floc samples was observed compared to the surface soil or sediments. 

Several possibilities could cause the complexity and concentration differences: (1) the 

complex microbial composition of periphyton and floc (more than 1700 species identified; 

Gaiser et al., 2011; Hagerthey et al., 2011) compared to soils, (2) the potentially limited 

incorporation of floc to soils or the diagenetic reworking of periphyton and floc MMAs 

prior to incorporation into soils,  or (3) early diagenetic reworking of these compounds, 

suggesting microbial degradation by heterotrophs such as bacteria and fungi (Leahy and 

Colwell, 1990). 
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Table 3.2 Average contents of MMAs at different sites across the Everglades wetland 
ecosystem (µg/gdw).  
 

Locations Periphyton n (SD) Floc n (SD) 
Surface 

soil 
n (SD) 

Sediment 
(depth) 

WCA-3A 18.39 4 (3.24) 39.95 10 (21.31) N.A. N.A. N.A. 

WCA-3B 9.33 3 (2.75) 20.17 5 (18.34) 0.12 12 (0.05) 0.02 (12-15cm) 

SRS1 8.53 1 10.33 1 1.13 12 (0.31) 0.00 (3-6cm) 

GL N.A. N.A. N.A. N.A. 1.72 3 (0.35) N.A. 

SRS2 13.80 5 (5.43) 10.69 5 (4.26) 1.82 12 (0.57) 0.03 (6-9cm) 

SRS3 26.81 2 (7.35) 4.24 2 (2.14) 1.52 12 (0.21) 0.00 (3-6cm) 

TSPh2 20.33 5 (6.29) 5.64 5 (2.12) 1.21 12 (0.32) 0.02 (10-12cm) 

TSPh3 8.19 1 3.62 1 N.A. N.A. N.A. 

TSPh4 9.51 1 N.A. N.A. N.A. N.A. N.A. 

SRS6 N.A. N.A. 0.00 4 (0.00) N.A. N.A. N.A. 

TSPh6 N.A. N.A. 0.83 4 (0.23) N.A. N.A. N.A. 

 

See Fig. 3.1 for locations and abbreviations of sample names. Note: All numbers are 
normalized by µg/gdw (sample); N.A. = not analyzed; n = number of samples measured; 
SD = standard deviation.  

 

The highest concentrations of MMAs were observed in periphyton and floc from 

the Everglades freshwater marshes, such as SRS1-3, WCA3A, WCA3B and TSPh2-3, 

while only minor amounts of MMAs were found in mangrove floc at TSPh6 (less than 10% 

compared with most of the fresh water wetland samples) and no MMAs were detected at 

SRS6. This suggests these MMAs should be derived predominantly from freshwater 

organisms in this ecosystem. Transport of floc from the freshwater marshes to the 

estuaries has been reported but subjected to significant dilution (Pisani et al., 2013). In 

addition, a large variation in MMA concentrations and compositions was found within 

different freshwater sites. Within the SRS transect, higher MMA concentrations were 

observed in SRS2 and 3 compared with SRS1, in agreement with the higher primary 
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productivity of periphyton in the central slough (SRS2, 3) compared with SRS1 (Gaiser 

et al., 2011). This could be caused by the nutrient level difference between the freshwater 

sites. Moreover, it is known that species compositions of algae and bacteria differ 

spatially and seasonally, with highest rates of periphyton production reported during the 

wet season. Thus, variations in microbial community structure on spatial and temporal 

scales may also contribute the compositional complexity and concentration difference of 

the MMAs among the studied sites. The freshwater marsh samples from Taylor Slough 

feature shorter hydroperiods and consequently reduced organic matter preservation in 

surface soils. As such, they are expected to have lower levels of MMAs. 

 

3.4.3 Potential sources of MMAs in the Everglades freshwater wetlands 

The dominant wetland plants (Cladium, Eleocharis, Nymphaeaceae, Utricularia, 

Typha domingensis P., and Typha latifolia L.) were also sampled across the Everglades 

and both leaves and roots were analyzed. No MMAs were detected in any of these plant 

species. This suggests that the MMAs detected are not derived from the most common 

higher plants in this ecosystem. Only the C29 MMA (3-methyl octacosane) in this 

particular study was observed in a few Utricularia/periphyton mixture samples and in 

some the floc samples. It was however, neither detected in the reference periphyton 

sample (not specified as a mixture between periphyton and Utricularia), nor in all 

Utricularia samples surveyed. Thus, I am assuming that Utricularia-associated organic 

matter, may be the source of this particular 3-methyl octacosane. To my best knowledge, 

3-methyl octacosane has only been reported in some Lamiaceae and tobacco plants 
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(Grice et al., 2008; Huang et al., 2011). Because of its inconsistent detection across my 

entire sample set (13 out of 124), it is not discussed further in this manuscript. 

Previous studies showed that specific sources for MMAs can be suggested from 

the position of the methyl branching pattern. In this study, the methyl substituents are 

located at both even- and odd- numbered carbon atoms (Fig. 3.4c). Moreover, the 

dominant MMAs are with carbon chain ranged from C15 to C22. All these infer that the 

major part of the MMAs reported here are not insect-derived, where the dominant carbon 

chain length is higher than C23, and the methyl substituents are preferentially located at 

odd-numbered carbon atoms (e.g., Nelson et al., 1981; Kenig et al., 1995). The most 

dominant methyl branching sites are located at C-7 and C-6 (Fig. 3.4c). These results 

suggest that most of the MMAs in the Everglades are likely derived from a microbial 

source (mainly cyanobacteria; e.g., Shiea et al., 1990; Kenig et al., 1995). 
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Figure 3.4 The distribution of (a) MMAs versus position of methyl branching, (b) 
MMAs versus total carbon number in this study and (c) Relative percentages of different 
methyl branching MMAs for periphyton and floc samples. Note: For better comparison, 
the periphyton and floc samples shown in Fig. 3.4c were chosen from the sample sites 
(WCA3A, WCA3B, SRS1-3, TSPh2-4). Relative percentages in Fig. 3.4c are calculated 

by: 
்௢௧௔௟	௖௢௡௖௘௡௧௥௔௧௜௢௡	ቀ ಔ೒

೒೏ೢ
ቁ௢௙௧௛௘	௦௔௠௘	௖௔௥௕௢௡	௡௨௠௕௘௥	ெெ஺௦

்௢௧௔௟	௖௢௡௖௘௡௧௥௔௧௜௢௡	ቀ ಔ೒
೒೏ೢ

ቁ௢௙	௔௟௟	ெெ஺௦	ௗ௘௧௘௖௧௘ௗ
ൈ 100%.  Note: The selected 

samples show the least co-elution of C17 n-alkane and C20:1 HBI. 
 

Compound specific 13C isotope analysis was also performed on MMAs and other 

components of the aliphatic fractions of floc samples. Because of the lower sensitivity of 

GC-IRMS relative to GC-MS, only a few of the most abundant compounds were 

analyzed and reported. Because of the difficulty to completely chromatographically 

resolve each isomer of MMAs with same carbon number, the δ13C values were reported 
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as averages for the MMAs with the same carbon number (mixtures of different isomers 

with different methyl branching). δ13C values of MMAs reported here ranged from -32.6‰ 

to -42.0‰, which are more depleted compared to most previously reported values. For 

example, the isotopic signatures for four series of MMAs reported from Botrococcus 

braunii-rich torbanite samples by Audino et al. (2001) ranged in δ13C values from -20 to -

8‰, the δ13C of longer chain MMAs (C25-C31) from 11 Botryococcus braunii-rich 

torbanites from Scotland, South Africa and Australia ranged from -16 to -6‰ (Grice et al., 

2001), significantly more enriched compared to MMAs in the Evergades. Two groups of 

MMAs (short and long-chain) in an oil sand sample from the Tarim Basin, NW China 

(Lu et al., 2003) suggested different sources on the basis of their different range of δ13C 

values and the most abundant methyl substituents in these two groups of MMAs. These 

authors report that the δ13C of short chain MMAs (C14-C22) ranged from -33.4 to -31.9‰ 

and the methyl substituents in these MMAs were located mainly at C-4, C-5, C-6 and C-7, 

suggesting a cyanobacterial origin (Summons et al., 1988). However, the δ13C of the long 

chain MMAs (C25-C36) ranged from -31.4 to -30.1‰, and is likely associated with 

microorganisms of phytoplankton or heterotrophic bacteria, rather than cyanobacteria, 

because the long-chain MMAs are mostly 9-methyl and 10-methyl isomers (Kenig et al., 

1995). The average δ13C of mid-chain MMAs (C18-C24) were reported as -36.8 ± 0.4‰ in 

Huqf crude oil from Oman (Höld et al., 1999). In combination with the δ13C values, off-

line pyrolysis and chemical degradation results, they suggested these MMAs could be 

derived from biological precursor molecules such as sulfur- (and possibly sulfur- and 

ether-) bound lipids with methyl branching at C-12 or C-13 position (Höld et al., 1999).  
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In this study, the stable carbon isotopic compositions of n-alkanes, C20 highly 

branched isoprenoid (HBI) and MMAs (only C16 - C21 are reported) are shown in Figure 

3.5. In order to minimize the effect of co-elution on the C17 n-alkane carbon isotope data, 

only two selected floc samples (with low concentrations of the co-eluting C20 HBIs) were 

analyzed (Fig. 3.5 a, b). However, I also realize that a small degree of co-elution may 

also affect the δ13C of C17 n-alkane for Fig. 3.5a. No co-elutions for other n-alkanes were 

observed.  

The δ13C values of the C20 HBI ranged from -36.1‰ to -41.8‰ in the freshwater 

Everglades floc, which were 6-10‰ lower relative to terrestrially-derived long-chain n-

alkanes in this region (~-30‰; Mead et al., 2005). This large δ13C offset may suggest that 

C20 HBI-producing organisms (likely cyanobacteria; Jaffé et al., 2001) at least partially 

utilize recycled (13C depleted) CO2 produced from respired OM as their carbon sources 

rather than atmospheric (13C enriched) CO2. The δ13C values of the MMAs showed a 

large range from -32.6‰ to -42.0‰. Here, the discrepancies among methyl branching 

(Fig. 3.4 and Table 3.1) and stable carbon isotopic compositions (Fig. 3.5 a, b) between 

the shorter-chain (≤ C19) and longer-chain MMAs (≥ C20) suggest that they may have 

different sources. The δ 13C values of the shorter chain MMAs (≤ C19) are more depleted 

in all floc and periphyton samples (-36.1 to -42.0‰; examples are shown in Fig. 3.5a, b) 

compared with n-alkanes (-36.0 to -25.1‰) but similar to those of the C20 HBI (-36.1‰ 

to -41.8‰). On the other hand, the δ 13C values of longer chain MMAs (≥ C20) featured 

slightly more enriched values (-32.6 to -36.7‰), which are similar to those of the n-

alkanes in the same sample. While this is in agreement with previous suggestions that 

these MMAs could be generated through a series of alkylation and decarboxylation 
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reactions from submerged macrophyte derived unsaturated fatty acids (Han and Calvin, 

1969), the potential sources of these MMAs (≥ C20) remains unclear. However, a 

significant correlation (concentration based) between C20 HBI and MMAs (all combined) 

was found across the whole sample set (n =124; R2 = 0.70, P < 0.01), which infers that 

cyanobacteria may be the source for the majority of the MMAs (particularly the short-

chain homologues) detected. However, the contribution from other source organisms 

(with similar carbon isotope ratios) to the whole MMA pool cannot be ruled out. 

 

Figure 3.5 Compound specific carbon isotope compositions of n-alkanes, MMAs and C20 
HBI of floc samples: (a) WCA3A floc, (b) WCA3B floc. Black dots, triangles and 
rectangles stand for n-alkanes, MMAs and C20 HBI, respectively. 
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3.5 Conclusions 

A series of short-to-mid chain MMAs were detected in periphyton, floc and soils 

of the Everglades wetlands and may possibly be derived from cyanobacteria and other 

microorganism associated with periphyton or floc. The origin of the much less abundant 

longer chain MMAs was less certain but could also be periphyton derived or generated 

through diagenetic reworking of lipids from emergent or aquatic plants after detrital 

incorporation into floc. These hypotheses are supported by the similar δ13C values of 

low-to-mid chain MMAs with C20 HBI and the longer chain MMAs with the long chain 

n-alkanes. The MMA concentrations and molecular distributions were shown to decrease 

from periphyton and floc to surface soil, then to the deeper sediment, suggesting that 

these compounds are subject to degradation. However, because of the complexity of the 

organic matter sources and diagenetic transformations in floc, detailed source 

identifications of MMAs in the Everglades requires further assessment. 
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CHAPTER IV 

 

IDENTIFICATION OF A SERIES OF LONG-CHAIN ALKYL 

HYDROXYCINNAMATES FROM TWO SPECIES OF CATTAIL (TYPHA 

DOMINGENSIS P., AND TYPHA LATIFOLIA L.)  
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4.1 Abstract 

Several long-chain n-alkyl coumarates and ferulates were identified in cattails 

(Typha domingensis and Typha latifolia) from the Florida Everglades. Characterization of 

these compounds was achieved based on the interpretation of mass spectra obtained by 

GCMS as their trimethylsilyl ether derivatives, comparison with published mass spectra 

and available standards. Both n-alkyl p-coumarates and n-alkyl ferulates were identified 

in roots and leaves of both Typha species, featuring unique distribution patterns and 

differences between leaf and root biomass. For both Typha species, roots have higher 

concentrations and a much greater diversity of n-alkyl p-coumarates and ferulates but 

with different side chain carbon numbers ranging from C14 to C28. Typha domingensis 

leaves only contained n-alkyl ferulates with traces of n-alkyl p-coumarates, while both 

types of compounds were present in Typha latifolia leaf material. These biomarkers were 

not found in the other dominant wetland vegetation, which suggests their potential for 

application as molecular markers of cattails in the Everglades ecosystem. The long-chain 

n-alkyl p-coumarates and ferulates were present in coarse cattail detritus, but featuring a 

different composition, indicative of early diagenetic trans-esterification. 

 

4.2 Introduction 

Cattails, invasive aquatic plants, make up the genus Typha of the family 

Typhaceae, and are common wetland plants (Gallardo-Williams et al., 2002). Because of 

their size, growth habits, adaptability to surrounding environmental conditions, and 

release of compounds that can prevent the growth of other plants, they can expand into 

areas that were previously occupied by other species (Gallardo et al., 1998). There are ten 
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species in the Typha genus. Two Typha species, namely Typha latifolia L. and the 

southern cattail Typha domingensis P. are found in the Florida Everglades (Lakela and 

Long, 1976). These monotypic Typha species readily cover a significant portion (over 

11,000 ha) of the Everglades ecosystem, and have also become one of the most dominant 

emergent aquatic plants in Florida public waters (Schardt, 1997). Cattails can quickly 

inhabit disturbed areas (particularly those enriched in phosphorus) and ultimately reduce 

biodiversity and productivity of wetland systems.  

While little is known about the natural products chemistry of cattails, several 

previous studies have focused on characterizing their biologically active substances, 

especially the production of phytotoxic compounds, in order to better understand the 

highly invasive (allelopathic) properties of this plant species. In this respect, a variety of 

compounds have been isolated and characterized, including eleven phenolic compounds 

identified in female flowers of T. latifolia (Ozawa and Imagawa, 1988), a new flavonol 

glucoside, three steroids and three fatty acids in extracts of T. latifolia (Ishida et al., 1988; 

Aliotta et al., 1990), several free and acyl glucosylated stigmasterols in T. latifolia (Della 

Greca et al., 1990a), two carotenoid-like compounds in extracts of T. latifolia (Della 

Greca et al., 1990b), 2-chlorophenol and salicyl aldehyde in T. domingensis (Gallardo et 

al., 1998), and others. Some of these compounds were indeed proven to have allelopathic 

properties. 

However, cattail-specific biomarkers, to be applied as geochemical tracers in 

organic geochemistry, have to our best knowledge not been reported. Thus, this study 

describes the molecular characteristics and abundances of a few components of lipid 

extracts of cattail biomass (leaf and root materials), which were detected in reasonably 
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high abundance, but were absent in other typical Everglades wetland biomass. These 

include 34 different n-alkyl-p-coumarates and n-alkyl ferulates that were observed in 

extracts from leaves and roots of the two most dominant cattail species in the Florida 

Everglades, T. latifolia and T. domingensis. 

 

4.3 Samples and Methods 

4.3.1 Site description and samples 

Fresh cattail samples (Typha domingensis P., and Typha latifolia L.) were 

collected in the water conservation area (WCA-3A/B; Bruland et al., 2007), near a tree 

island between 2011 and 2013. Senescent cattail (T. domingensis) leaves including those 

above and below the water surface, and coarse detrital materials underneath cattail stands, 

were collected at a cattail enriched area. Dominant Everglades wetland plants and algae 

such as Cladium, Eleocharis, Nymphaeaceae, Utricularia, Chara, and periphyton were 

also sampled randomly from the same general area mentioned above. Plants (both leaves 

and roots) and periphyton were wrapped in aluminum foil immediately after collection 

and stored on ice. After transport to the laboratory, they were rinsed repeatedly with 

deionized water, freeze dried, crushed to a fine powder and kept frozen (-20 ˚C) until 

analysis. 

 

4.3.2 Sample extraction and analyses 

The lipids were extracted following a modification of the method reported by 

Folch et al. (1957). Briefly, freeze dried biomass (1 to 2 g) was subjected to three 

consecutive ultrasonic extractions (30 min each) with pure dichloromethane (DCM; 
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Optima, Fisher, USA) as solvent. Activated copper was added during the extraction to 

eliminate elemental sulfur (for detritus and floc). Total extracts were concentrated by 

rotary evaporation. Each extract was further fractionated by silica gel adsorption 

chromatography (Jaffé et al., 2001) with a solvent polarity gradient, to obtain saturated 

hydrocarbons (hexane eluent), aromatic hydrocarbons (hexane: toluene 15:5; v:v), wax 

esters (hexane: toluene 10:10; v:v), methyl esters (hexane: ethyl acetate 19:1; v:v), 

ketones/aldehydes (hexane: ethyl acetate 18:2; v:v), long chain alcohols (hexane: ethyl 

acetate 17:3; v:v), short-chain alcohols/sterols (hexane: ethyl acetate 16:4; v:v), and polar 

compounds (methanol). The alcohol and sterol fractions were derivatized with N, O-

bis(trimethylsilyl)trifluoroacetamide (BSTFA). Unfractionated total lipid extracts were 

also derivatized with BSTFA. A known amount of squalane was added as internal 

standard to the total lipid extract and to the alcohol/sterol fractions for quantification. 

GC-MS analyses were performed on a Hewlett-Packard 6890 GC coupled to a HP 5973 

MSD system, and fitted with a Rtx-5 capillary column (30 m long, 0.25 mm, 0.25 µm 

film thickness; Restek, USA). Compound identifications were based on comparisons with 

published mass spectra, a commercially available standard (n-docosyl E-ferulate was 

purchased from the U.S. Pharmacopeial Convention, Reference Standards), and 

interpretation of mass spectra. 

 

4.4 Results and Discussion 

4.4.1 Identification of n-Alkyl ferulates and p-coumarates in fresh cattails 

Phenylpropanoid esters (e.g., alkyl ferulates, I, and coumarates, III; structures 

with Roman numerals are shown in Fig. 4.1) are components of suberins and cutins, and 
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occur as wax esters in epicuticular waxes of numerous plants (e.g., Griffiths et al., 1999; 

Whitaker et al., 2001; Jetter et al., 2002; del Río et al., 2004; Lee et al., 2004; Cefarelli et 

al., 2005). They can occur as phenylpropanoid acid esters (e.g., coumaric acid, ferulic 

acid, etc.) or phenylpropanoid alcohol esters (e.g., coumaryl alcohol, ferulyl alcohol) 

coupled to the respective fatty alcohol or fatty acid. Alkyl hydroxycinnamate esters, one 

type of phenylpropanoid acid ester, are believed to form though esterification between a 

fatty alcohol and the phenylpropanoid acid (Dixon et al., 2002; Millar and Kunst, 1997). 

Alkyl hydroxycinnamate esters are typically ferulic, coumaric, or caffeic acids, esterified 

to fatty alcohols. 

O
R

O

HO

CH3O

O
R

O

HO

CH3O

O
R

O

HO

HO

CH3O

OO
R

HO OO
R

I. E-Ferulic acid, R=H
   Alkyl E-ferulates, R=(CH2)nCH3, n=16-28

II. Z-Ferulic acid, R=H
    Alkyl Z-ferulates, R as in I

III. E-p-coumaric acid, R=H
     Alkyl E-p-coumarates, R as in I

IV. Z-p-coumaric acid, R=H
     Alkyl Z-p-coumarates, R as in I

V. Alkyl dihydroferulates
    R=(CH2)nCH3, n=20-24  

Figure 4.1 Chemical structures of the ferulic and p-coumaric acids and esters.  
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A series of alkyl ferulates (I) and alkyl dihydroferulates (V) with the alcohol 

moieties of C20, C22 and C24 for both types of structures were found in soils of Corvallis, 

OR (Medeiros et al., unpublished results), and similar types of n-alkyl ferulate 

compounds with different carbon number homologues have been reported in a few other 

plant species (Table 4.1) such as: (1) Vine and root latex of sweet potato (Snook et al., 

1994) featuring alkyl coumarates and ferulates with the alcohol moieties of C15, C17 and 

C19; (2) Leaf fibers of abaca contain n-alkyl ferulates with n-fatty alcohol moieties of C20-

C28, and n-alkyl p-coumarates with n-fatty alcohol moieties of C22 and C24 (del Río et al., 

2004); (3) Roots of Ipomoea batatas (Kawanishi et al., 1990) with alkyl ferulates and C15, 

C16, C17 alcohol moieties; (4) Potato pulp and periderm with alkyl ferulates and C16-C31 

alcohol moieties (Yunoki et al., 2004; Schreiber et al., 2005; Serra et al., 2010); (5) 

Agave sisalana with alkyl ferulates and C20-C30 alcohol moieties (Gutiérrez et al., 2008); 

and others. A specific ferulate, i.e. hexacosyl E-ferulate, was reported in oats and 

assumed to function as an antioxidant (Daniels and Martin, 1967). Due to their potential 

physiological functions such as antimicrobial or antioxidant activities in food, cosmetic 

and pharmaceutical formulations (Baranowski and Nagel, 1984; Ou and Kwok, 2004; 

Tapia et al. 2004), it is of interest to further explore the distribution of alkyl 

hydroxycinnamates (alkacins) in plants. 
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Table 4.1 Alkyl hydroxycinnamates occurrence in plant kingdom. 

 

Organism Tissue 
Sample 

locations 
Compound class 

Alcohol 
chain 
length 

References 

Acacia sp. 
Periderm 

(bark) 
Aveiro, 
Portugal 

Alkyl caffeates 

Alkyl ferulates 

Alkyl coumarates 

C16-C28 Freire et al., 2007 

Agave sisalana Leaf fiber 
Tortosa, 

Spain 
Alkyl ferulates 

Alkyl caffeates 

C20-C30 
Gutiérrez et al., 

2008 

Arabidopsis 
thaliana 

Root 
Surface 

(periderm) 
N.A. C18-C22 

Li et al., 2007; 
Molina et al., 2009 

Alkyl ferulates 

Alkyl coumarates 

Crepis 
taraxacifolia 

Root wax N.A. Alkyl coumarates C20 Kisiel et al., 1995 

Hedera helix Leaf wax N.A. Alkyl coumarates C18-C32 Santos et al., 2007 

Ipomoea 
batatas  

Vine and 
root latex  

Japan; USA 
Alkyl ferulates 

Alkyl coumarates 

C15-C17, 
C19 

Kawanishi et al., 
1990; Snook et al., 

1994 

Larix 
kaempferi 

Stem bark Japan 
Alkyl ferulates 

Alkyl coumarates 
C22-C26 Ohtsu et al., 1998 

Musa textilis Leaf fiber N.A. 
Alkyl ferulates 

Alkyl coumarates 
C20-C28 Del Río et al., 2004 

Picea 
ajanensis, P. 

koraiensis, and 
P. obovata 

Bark N.A. 
Alkyl ferulates 

Alkyl coumarates 
C16-C24 

Gromova et al., 
1976 

Solanum 
tuberosum 

 Pulp 
Hokkaido, 

Japan 
Alkyl ferulates C16-C30 Yunoki et al., 2004 

Solanum 
tuberosum 

Periderm 
(wound) 

Bonn, 
Germany; 

N.A. 
Alkyl ferulates C18-C31 

 Schreiber et al., 
2005; Serra et al., 

2010 

Typha 
domingensis 

Leaf, root, 
detritus 

Florida, USA 
Alkyl ferulates 

Alkyl coumarates 
C14-C28 This study 

Typha latifolia Leaf, root Florida, USA 
Alkyl ferulates 

Alkyl coumarates 
C14-C22 This study 

N.A. = not available. 
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Here, a series of n-alkyl E-ferulates (I), with C16 to C28 alkyl moieties, was 

detected in the polar (alcohol, F7) fractions of the cattails, with both even and odd carbon 

numbered homologues, as well as one Z-hexadecyl ferulate (II, Figs. 4.2 and 4.3, Table 

4.2). n-Alkyl ferulates with odd numbered carbon chains and n-alkyl Z-ferulates have 

rarely been reported before (Baldé et al., 1991; Del Río et al., 2004). The mass spectra of 

two selected n-alkyl ferulates (E-hexadecyl ferulate, I, and Z-hexadecyl ferulate, II) are 

shown in Fig. 4.4. On the basis of the mass spectra themselves, it is difficult to 

differentiate trans and cis isomers. However, on the basis of the elution order, where the 

trans-isomer elutes at longer retention times compared to the cis-isomer, and the 

concentration difference where the trans-isomers are usually more abundant than the cis-

isomers (Snook et al., 1994; del Río et al., 2004), these isomers can be tentatively 

assigned.  
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Figure 4.2 Mass-chromatogram (partial, total ion total ion current, TIC trace) of alcohol 
fractions from fresh cattail species.  

Note: n-alcohols are represented by dots, alkyl-ferulates and alkyl-p-coumarates are 
marked by numbers, E-nF (n = number of alcohol moieties) means trans-n-alkyl-ferulate, 
E-nC (n = number of alcohol moieties) means trans-n-alkyl-coumarate. 



 

 98 

 

Figure 4.3 Mass-chromatogram of alcohol fractions (ion 236/219 extracted) from fresh cattail species to show alkyl ferulates and 
alkyl p-coumarates. 
Note: Alkyl-p-coumarates and alkyl-ferulates were listed by elution order from no. 1 to 34. Alkyl-ferulates and alkyl-p-coumarates 
are marked by numbers, E-nF (n = number of alcohol moieties) means trans-n-alkyl-ferulate, E-nC (n = number of alcohol 
moieties) means trans-n-alkyl-coumarate. The structure and name of each marked compound are shown in Figure 4.1, Table 4.1 
and 4.2. 
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Table 4.2 Alkyl-ferulate distributions in leaves, roots and detritus from Typha domingensis P., and Typha latifolia L. 
 

Compound 
No. 

Ferulates 
Underi
vatize
d MW 

TMS 
ether 
MW 

Typha 
domingens
is leaves     
(µg/gdw; 

n=3) 

Typha 
domingensis 

roots         
(µg/gdw; 

n=3) 

Typha 
latifolia 
leaves 

(µg/gdw
; n=3) 

Typha 
latifolia 

roots    
(µg/gdw
; n=3) 

Typha 
domingen
sis above 

water 
(dead) 

(µg/gdw; 
n=2) 

Typha 
domingen
sis below 

water 
(dead) 

(µg/gdw; 
n=2) 

Typha 
domingen
sis detritus 

(dead) 
(µg/gdw; 

n=1) 

7 Z-Hexadecyl ferulate 418 490 - 9.79 0.28 0.69 - - - 

10 E-Hexadecyl ferulate 418 490 - 138.01 3.04 7.28 - - 9.57 

14 E-Heptadecyl ferulate 432 504 - 1.66 - 0.10 - - - 

16 Octadecenyl ferulate 444 516 - 1.18 0.17 - - - - 

17 E-Octadecyl ferulate 446 518 - 12.79 0.47 0.82 4.26 - 13.98 

20 E-Nonadecyl ferulate 460 532 - 0.21 - - 0.23 - 0.52 

22 E-Eicosyl ferulate 474 546 2.93 0.50 0.30 0.15 9.06 3.84 48.83 

24 Eicosenyl ferulate 486 558 - 13.21 0.36 0.45 - - - 

25 E-Heneicosyl ferulate 488 560 0.56 - - - 1.12 0.54 6.11 

26 E-Docosyl ferulate 502 574 7.53 - 1.82 - 20.86 10.22 97.85 

28 E-Tricosyl ferulate 516 588 0.22 - - - 0.35 0.23 1.41 

29 E-Tetracosyl ferulate 530 602 - - - - 20.04 7.88 69.25 

31 E-Pentacosyl ferulate 544 616 - - - - 0.82 0.37 2.10 

32 E-Hexacosyl ferulate 558 630 - - - - 32.19 9.67 74.24 

33 E-Heptacosyl ferulate 572 644 - - - - 0.30 - 0.50 

34 E-Octacosyl ferulate 586 658 - - - - 1.79 0.56 6.31 

Note: Compounds listed according to sequential retention time. Z(E)-Cn-ferulate indicates the cis (trans)-n-alkyl-p- ferulates; ‘-’ = 
not detected. Bold numbers  = most dominant alkyl-ferulates. 
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Table 4.3 Alkyl-p-coumarate distributions in leaves, roots and detritus from Typha domingensis P., and Typha latifolia L. 
 

Compound 
No. 

p-Coumarates 
Underivatized 

MW 

TMS 
ether 
MW 

Typha 
domingensis 

leaves        
(µg/gdw; 

n=3) 

Typha 
domingensis 

roots          
(µg/gdw; 

n=3) 

Typha 
latifolia 
leaves 

(µg/gdw; 
n=3) 

Typha 
latifolia 

roots    
(µg/gdw; 

n=3) 

Typha 
domingensis 
above water 

(dead) 
(µg/gdw; 

n=2) 

Typha 
domingensis 
below water 

(dead) 
(µg/gdw; 

n=2) 

Typha 
domingensis 

detritus 
(dead) 

(µg/gdw; 
n=1) 

1 Z-Tetradecyl coumarate 360 432 - 0.13 - 0.05 - - - 

2 Z-Pentadecyl coumarate 374 446 - 0.65 - 0.13 - - - 

3 E-Tetradecyl coumarate 360 432 - 2.42 - 0.88 - - - 

4 Z-Hexadecyl coumarate 388 460 - 30.01 6.78 37.20 - - - 

5 E-Pentadecyl coumarate 374 446 - 7.57 0.25 2.17 - - - 

6 Z-Heptadecyl coumarate 402 474 - 0.87 - 0.29 - - - 

8 E-Hexadecyl coumarate 388 460 - 428.04 73.60 416.42 - - - 

9 E-Heptadecyl coumarate 402 474 - 6.37 0.39 3.59 - - - 

11 Octadecenyl coumaratea 414 486 - 3.28 1.52 6.67 - - - 

12 Octadecenyl coumarateb 414 486 - 0.39 0.18 0.86 - - - 

13 E-Octadecyl coumarate 416 488 - 41.76 10.05 37.69 - - 2.91 

15 E-Nonadecyl coumarate 430 502 - 0.90 - 0.41 - - - 

18 Eicosenyl coumarate 442 514 - 0.89 0.23 0.65 - - - 

19 E-Eicosyl coumarate 444 516 0.30 1.00 0.31 1.85 1.14 0.68 4.51 

21 E-Heneicosyl coumarate 458 530 - - - - 0.19 0.23 1.01 

23 E-Docosyl coumarate 472 544 0.80 - 1.11 0.35 2.42 1.83 10.42 

27 E-Tetracosyl coumarate 500 572 - - - - 1.46 1.15 5.62 

30 E-Hexacosyl coumarate 628 600 - - - - 1.15 0.76 2.72 



 

 101 

Note: Compounds listed according to sequential retention time. Z(E)-Cn p-coumarate  indicates the cis (trans)-n-alkyl-p-
coumarates; ‘-’ = not detected. Bold numbers = most dominant alkyl-p-coumarates; “a,b” refers two isomers of octadecenyl 
coumarates.
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The mass spectra of hexadecyl E- and Z-ferulate-TMS (Fig. 4.4a, b) are 

characterized by an abundant molecular ion (M.+) as the base peak and only a minor loss 

of CH3
. (M-15, Fig. 4.5a). The loss of the alkyl group with transfer of H from M.+ yields 

the minor ferulic acid-TMS ion at m/z 266 (C13H18O4Si), which with subsequent loss of 

two CH3
. forms the bridged dimethylsilyl ether ion at m/z 236 as reported in a previous 

study (Evershed et al., 1988). The direct cleavage of the carbonyl-alkoxy (ester) bond 

results in the second most intense ion at m/z 249 for the ferulyl-TMS moiety 

(C13H17O3Si), which in turn also eliminates two CH3
. to form the bridged dimethylsilyl 

ether ion at m/z 219. The docosyl E-ferulate was confirmed by comparison with the n-

docosyl E-ferulate standard as their TMS derivatives (Fig. 4.4c, d), showing excellent 

agreement. The distributions and concentrations of the alkyl ferulates in both leaf and 

root parts of Typha domingensis P. and Typha latifolia L. are given in Table 4.2. Higher 

concentrations of ferulates were found in roots of both species compared to the leaves. 
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Figure 4.4 Mass spectra of (a) n-hexadecyl E-ferulate, (b) n-hexadecyl Z-ferulate, (c) 
standard: n-docosyl E-ferulate, (d) n-docosyl E-ferulate (e) n-hexadecyl E-p-coumarate, 
and (f) n-hexadecyl Z-p-coumarate. All compounds are TMS ether derivatives.  
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Figure 4.5 Interpretation of the mass spectrometric fragmentation pattern for: (a) n-
hexadecyl E-ferulate-TMS, and (b) n-hexadecyl E-p-coumarate-TMS. 

 

In contrast to the ferulates, more prominent series of n-alkyl E and Z-p-

coumarates (III and IV) were detected with alkyl moieties ranging from C14 to C26, and 

both even and odd carbon homologues (Figs. 4.2 and 4.3, Table 4.3). The mass spectra 
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were interpreted on the basis of comparison with literature reports and retention indices 

(Snook et al., 1994; Keriko et al, 1997; Del Rio et al., 2004; Cefarelli et al., 2005). The 

mass spectra of two representative compounds (hexadecyl E-p-coumarate and hexadecyl 

Z-p-coumarate; TMS ethers) are shown in Figure 4.4 e, f. They are characterized by 

intense molecular ions at m/z 460 with only a minor loss of CH3
. (M-15, Fig. 4.5b). 

However, the base peak is at m/z 236, with other abundant ions at m/z 221, 219, 192 and 

179 (Fig. 4.4 e, f). This base peak at m/z 236 is formed by loss of the alkyl moiety with H 

transfer from M.+ yielding the p-coumaric acid-TMS ion. The ion at m/z 219 is the p-

coumaroyl-TMS moiety from simple homolytic cleavage of the p-coumarate ester bond. 

The ion at m/z 221 can be rationalized by the mechanism proposed by Snook et al. (1994), 

where the loss of a CH3
. from the silicon atom of the o-coumaric acid-TMS group yields 

an eight-member cyclic ion as m/z 221 (C11H13O3Si). However, in the case of the p-

coumaric acid isomer this mechanism is not favored and the ion at m/z 221 represents the 

simple loss of CH3
. from the TMS group. The ion at m/z 192 represents the loss of CO2 

with retention of H from p-coumaric acid-TMS at m/z 236. The E- and Z-p-coumarate 

esters have essentially identical mass spectra (e.g., Fig. 4.4 e, f; Snook et al., 1994) but 

can be distinguished on the basis of their GC retention indices. As mentioned above for 

the alkyl fumarates, the elution order for the alkyl p-coumarates is the same, i.e. Z before 

E.  

This n-alkyl-p-coumarate compound class (with different alcohol moieties, Table 

4.1) has also been reported for other plants such as Ivy leaves (Santos et al., 2007), leaf 

fibers of abaca (del Río et al., 2004), vine and root latex of sweet potato (Snook et al., 

1994), and others. Alkyl coumarates exhibit a wide range of biological activities such as 
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phytotoxicity (Keriko et al., 1997), antibacterial effect against Pseudomonas fluorescens 

(Baranowski and Nagel, 1983), insect-resistance (Snook et al., 1994), antioxidant 

activities (Nidiry and Lokesha, 2013), and antifungal activity (Nidiry et al., 2011). 

Among all n-alkyl ferulates and p-coumarates identified in fresh cattails (Tables 

4.2 and 4.3), the E (trans)-isomers are dominant, and they are usually the common 

natural products. However, the Z (cis)-isomers can also be detected at lower retention 

times with lower abundances. These Z-isomers may form during extraction, because 

these compounds are light sensitive and can be transformed from trans-isomers (Faulds 

and Williamson, 1999). However, some Z (cis)-isomers have also been unambiguously 

identified and reported in plants such as Rosa rugosa (Hashidoko et al., 1992).  

 

4.4.2 Distribution of alkyl hydroxycinnamates in cattail: leaves vs. roots  

Both alkyl ferulates and alkyl p-coumarates were more abundant in live roots than 

in live leaves for both cattail species. Similar different lipid compositions between leaves 

and roots were also reported for some other plants growing in peatland (Huang et al., 

2011). This different “fingerprint” of phenylpropanoid esters between cattail leaves and 

roots (for both species) could also be because of different local stress. The concept of 

stress-induced phenylpropanoid metabolism was introduced by Dixon and Paiva (1995), 

suggesting that different stresses such as high UV intensity, wounding, pathogen attack, 

low temperature, low ion strength, and nutrient limitations, may induce the biosynthesis 

of different types of phenylpropanoid esters. Actually, alkyl ferulate esters can be 

induced by injury and act directly as defense compounds or indirectly as precursors for 

the synthesis of other wound-induced polyphenolic barriers (Bernards and Lewis, 1992). 
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4.4.3 n-Alkyl ferulates and p-coumarates in scenescent cattail and its detritus 

n-Alkyl ferulates and coumarates were also determined in senescent cattail leaves, 

roots and detritus from the cattail enriched area (only Typha domingensis was analyzed), 

and differences in composition and distribution were observed compared to fresh leaves 

(Figs. 4.6 and 4.7, Tables 4.2 and 4.3). Senescent cattail tissues and detritus samples 

featured higher molecular weight n-alkyl ferulates with longer alkyl chains ranging from 

C24 to C28, a dominance of the C22, C24 and C26 homologues and low concentrations of the 

homologues < C20. Also, senescent cattail and its detritus lack the presence of short chain 

alkyl p-coumarates from C14 to C18, while two longer chain alkyl p-coumarates (C24 and 

C26) were observed in low abundance. These observations may be explained through 

trans-esterification reactions during decay (see below).  
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Figure 4.6 Mass-chromatogram (partial, total ion total ion current, TIC trace) of alcohol 
fractions from dead cattail and its detritus. Note: n-alcohols are represented by dots, n-
fatty acids are shown by triangles, alkyl-ferulates and alkyl-p-coumarates are marked by 
numbers, E-nF (n = number of alcohol moieties) means trans-n-alkyl-ferulate, E-nC (n = 
number of alcohol moieties) means trans-n-alkyl-coumarate. 



 

 109 

 

Figure 4.7 Mass-chromatogram of alcohol fractions (ion 236/219 extracted) from dead 
cattail and its detritus to show alkyl ferulates and alkyl p-coumarates. 
Note: Alkyl-p-coumarates and alkyl-ferulates were listed by elution order from no. 10 to 
34. Alkyl-ferulates and alkyl-p-coumarates are marked by numbers, E-nF (n = number of 
alcohol moieties) means trans-n-alkyl-ferulate, E-nC (n = number of alcohol moieties) 
means trans-n-alkyl-coumarate. The structure and name of each marked compound are 
shown in Figure 4.1, Table 4.1 and 4.2. 
 

4.4.4 Potential biomarkers for cattail in southern Florida Everglades 

Dominant wetland plants and algae such as Cladium, Eleocharis, Nymphaeaceae, 

Utricularia, Chara, and periphyton were sampled in the Everglades. Both leaves and 

roots (for plants) and bulk periphyton tissues were extracted and analyzed the same way 

as the Typha biomass samples. Neither alkyl-coumarates nor ferulates were detected in 
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these species surveyed, where each species was sampled at five different locations. This 

suggests that these compounds could potentially be applied as molecular tracers for 

cattails in the Everglades wetland ecosystem.  

n-Alkyl-ferulates (alkyl C20-C26) were also found in soil from Oregon (Medeiros 

et al., unpublished data), suggesting that they may survive early diagenetic 

transformations and can be preserved under anoxic or sub-oxic conditions. In this study, 

n-alkyl-coumarates and ferulates were detected in all cattail samples (fresh, senescent and 

detritus), but senescent cattails and detritus samples featured longer chain n-alkyl-

coumarate and ferulate distributions compared to the living plant extracts (Tables 4.2 and 

4.3). This was an unexpected finding but can be explained through potential trans-

esterification reactions during decay. In the early phases of plant biomass degradation, 

the depolymerization of suberin or suberin-rich tissues produces fatty acids, fatty alcohols, 

hydroxycinnamic acids, among other lipids (Li et al., 2007). Through enzymatic reactions, 

these hydroxycinnamic acids could potentially be esterified with fatty alcohols to form 

esters. Such trans-esterification reactions with the aid of enzymes (biocatalysts), 

particularly lipases, have previously been reported (Stamatis et al., 2001). It is also 

known that anaerobic fungi contain feruloyl and p-coumaroyl esterase (Borneman et al., 

1990) and can degrade plant tissues, releasing the trans isomers of ferulic and p-coumaric 

acids. In addition, the enzymatic esterification (or lipophilization) of phenolic acids with 

aliphatic alcohols catalyzed by different lipases has been reported for numerous plant 

species (Candida antarctica, Candida cylindracae, Candida rugosa, Geotrichum 

candidum, Humicola lanuginose, Mucor miehei, Pseudomonas sp., Rhizomucor miehei, 

Rhizopus; Buisman et al., 1998; Figueroa-Espinoza and Villeneuve, 2005). Taken 



 

 111 

together, it seems quite possible that the longer-chain n-alkyl-coumarates and ferulates 

detected in senescent cattail tissues and detritus are indeed the result of trans-

esterification reactions during early decay.  

 

4.5 Conclusion 

A comprehensive report on the molecular composition and concentrations in 

Everglades vegetation of n-alkyl ferulates and n-alkyl p-coumarates is presented. The 

structures of the different series is successfully deduced from the mass spectra of their 

TMS derivatives, and by comparision with literature reports and available standards. This 

is the first time that these phenolic compounds have been reported in cattail species. 

These compounds seem specific for cattails as they were not detected in other Everglades 

vegetation samples. Longer chain homologues were present in cattail detritus as a likely 

result of trans-esterification reactions during early diagenetic decay of this organic matter. 

However, more detailed studies are needed to determine the ultimate fate of these 

potential cattail tracers.  
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CHAPTER V 

 

SHEET FLOW EFFECTS AND CANAL BACKFILLING ON SEDIMENT SOURCE 

AND TRANSPORT IN THE DECOMP PHYSICAL MODEL: ANALYSIS OF 

MOLECULAR ORGANIC BIOMARKERS 

(This chapter is modified with permission from the 2012-2013 annual report to the 

granting agency: South Florida Water Management District) 
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5.1 Abstract 

The goal of this study is to support Decomp Physical Model (DPM) science by 

quantify the sources and transport of sediments under low and increased sheet flow 

conditions in the fresh water Everglades ecosystem, USA. During the initial phase of the 

project (phase-1; 2012-2013) specific molecular marker analyses of 153 samples were 

conducted on vegetation, floc and sediment trap material. All samples analyzed were 

collected under pre-flow conditions (2010-2012) and analyzed for the biomarker proxies 

Paq, kaurenes, C20 HBI and botryococcenes, as well as bulk stable carbon isotopes. Proof 

of concept with regards to the application of these biomarker parameters as proxies for 

ridge vs. slough organic matter sources was demonstrated. Moreover, the biomarker 

conceptual model was ultimately applied to determine the organic matter sources of 

sediments accumulating in canals and across the ridge-and-slough landscape. The data 

collected to this date suggests that the conceptual biomarker model indeed applies to the 

DPM site environment, and that the great majority (80% or more) of the organic matter 

accumulated in the sediment traps collected during phase-1 of the project is derived from 

slough environments. 

 

5.2 Introduction 

Restoration of the south Florida Everglades is a massive and complex undertaking 

with numerous socio-ecological challenges (Richardson, 2010). The ultimate goal is the 

hydrologic restoration of the quantity, quality, timing, and distribution of water deliveries 

to the landscape while maintaining drainage, flood control, water retention, water supply, 

irrigation, and transportation for the more than 7 million people that inhabit south Florida. 
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To balance the needs of the ecosystem and society, an adaptive management approach is 

an integral part of the Comprehensive Everglades Restoration Plan (CERP). This 

approach utilizes best available science and adaptive assessment for planning, 

implementation, and modification as more information is obtained.  

The US Army Corps of Engineers and the CERP have identified the need to better 

understand the ecological and biological benefits of restoring historic sheet flow, which is 

widely recognized as a critical mechanism in rebuilding the patterned, corrugated 

landscape of the pre-drainage Everglades.  Historically, water velocities were greater than 

2 cm s-1, several-fold higher than measured in the current system, and served to 

redistribute sediment to build landscape patterning and topography (Larsen et al., 2011).  

Today, in most areas of the system, reduced or nonexistent shee tflow coupled with either 

drainage or impoundment has steadily degraded the linear patterning and 

microtopography. The resulting loss of connected, deep water sloughs equates to a 

reduction in the aquatic productivity and ecological connectivity those habitats once 

provided in sustaining trophic food webs.  To date, my understanding of the mechanisms 

of landscape formation and degradation has been limited to small-scale experiments and 

large-scale modeling.  Scientific and engineering uncertainties remain over the extent to 

which the ridge and slough landscape can be restored with greater shee tflow and, 

furthermore, what role canals play in altering landscape responses to sheetflow.  

The CERP-funded DECOMP project (short for decompartmentalization) aims to 

restore sheet flow to the central (water conservation area 3A and 3B) and southern 

Everglades (Everglades National Park) by re-engineering the existing barriers to flow.  

The DECOMP Physical Model (DPM) is a multi-agency, multidisciplinary, landscape-
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scale project designed to address two uncertainties associated with the effects of shee 

tflow and canal backfilling options on the ridge-and-slough landscape. The central 

research questions addressed by the DPM are mainly focused on canal backfill and sheet 

flow questions, and are summarized as follows. Canal Backfill Questions: (1) Will canals 

act as sediment traps, reducing overland transport of sediment under increased sheetflow? 

(2) Will high flows entrain high-nutrient canal sediments and carry them into downstream 

areas? (3) To what extent are these responses altered by different canal backfilling 

options, including partial and full backfills? Shee tflow Questions:  (1) To what extent do 

entrainment, transport, and settling of sediments differ in ridge and slough habitats under 

high and low flow conditions?  (2) Specifically, does sediment entrained from the slough 

eventually settle in ridges, rebuilding microtopography? (3) How fast can the 

microtopography and patterning be restored given sediment redistribution by increased 

sheetflow?   

In order to address most of the main questions above, molecular marker 

approaches were applied. Molecular markers or biomarkers were originally referred to as 

‘chemical fossils’ since they maintain molecular features that can be traced back to their 

origin, even after significant degradation (Eglinton & Hamilton, 1967). While this is true 

for some biomarkers, others are less resistant to degradation and are more indicative of 

recent organic matter sources. The concept of using biomarkers to assess organic matter 

dynamics in the greater Everglades has been successfully applied in recent years to 

characterize sources in floc, soils/sediments and suspended particles in freshwater marsh, 

estuarine and coastal environments (Hernandez et al., 2001; Jaffé et al., 2001; Mead et al., 

2005; Neto et al., 2006; Hajje and Jaffé, 2006; Xu et al., 2006a; Jaffé et al., 2006; Gao et 
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al., 2007; Xu and Jaffé, 2007). In addition, this approach has shown much potential for 

paleo-reconstructions and assessment of environmental change in both freshwater marsh 

(Saunders et al., 2006) and marine (Xu et al., 2006b; Xu et al., 2007) environments. 

Through these studies, source-specific molecular markers have been developed and 

applied as a useful approach to identify the sources, transport and ultimately the fate of 

organic matter in the Everglades. Specifically, lipid biomarkers have been shown to 

provide information on vegetation- sources of organic matter. For example, a n-alkane-

derived proxy, Paq, was found to effectively distinguish Cladium (sawgrass) from deeper 

water slough sources such as Eleocharis spp., Nymphaea odorata, submerged aquatic 

vegetation (such as Chara spp.; Mead et al. 2005; Saunders et al., 2006). Recent evidence 

shows Paq can also be used to distinguish sediments derived from tree islands versus 

sawgrass and slough habitats (Jaffé and Belicka, 2010). Other useful proxies include a 

group of diterpenoids termed Kaurenes, biomarkers that are highly enriched in (although 

not exclusive to) sawgrass root tissue in the Everglades (Saunders et al., 2006). Other 

biomarkers have been identified as being indicative of green algae (Botryococcenes) and 

to cyanobacteria (highly branched isoprenoids; C20 HBIs) (Saunders et al., 2006; Gao et 

al., 2007; Gao, 2007). As such, a combination of the Paq value, the C20 HBI, the 

Kaurenes and the Botriococcanes might be applicable to the assessment of organic matter 

sources in floc and sediments, and a useful tool to determine hydrologically induced 

changes in organic matter composition of such materials.  

The goal of this study is to support DPM science to quantify the sources and 

transport of sediments under low and increased shee tflow conditions. This goal was 

accomplished by field and laboratory analyses on biomass, floc and soil/sediment 
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samples (153 samples in total during the natural low shee tflow condition). All these 

analyses were used to accomplish the following objectives: (1) Assess spatial gradients in 

sediment organic matter (OM) sources across the DPM experiment and determine 

baseline relationships between sediment OM source and local vegetation, soil quality and 

other covariates under low flow conditions; (2) Assess changes in the contributions of 

ridge and slough OM sources to sediments accumulating in canal backfill treatments 

under high and low sheetflow; (3) Assess changes in the contributions of slough-derived 

OM sediment in ridges, and conversely, of ridge-OM in sloughs under high and low flow; 

(4) Assess changes in the contributions of ridge and slough OM sources to sediments 

transported across the landscape (km-scale) under high and low sheetflow. 

 

5.3 Samples and Methods 

A total of 46 vegetation samples, including above- and belowground biomass, 87 

floc and 20 sediment trap samples were analyzed during this time period as described in 

the methods section of the work plan (DPMST, 2010). General information describing 

above-mentioned samples and indicating the sample locations on the basis of the general 

DPM site map (Fig. 5.1) is summarized in Table 5.1. Samples were grouped as above- vs. 

belowground biomass, sediment traps, ridge floc and slough floc.  

All samples were freeze dried with a LabconcoFreeZone 6 L bench-top freeze-

drying system at -40 °C and 0.133 mBar for 24 hours or until no further change in mass is 

detected.  All freeze-dried sample were sifted through a 35 mesh sieve to remove larger 

vegetation and root debris. Then the samples were ultrasonically extracted in glass test 

tube with Teflon-lined caps, following a modified Folch (1957) protocol. Total lipid 
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extracts are then be fractionated via silica gel column chromatography for further 

purification and separation of lipid classes (Jaffé et al., 2001).  The hydrocarbons fraction 

(fractions 1) is spiked with an internal standard (Squalane) for quantification and 

analyzed on an Agilent 6890 Gas Chromatograph (GC) coupled to an Agilent 5973 Mass 

Spectrometer (MS) in electron ionization mode at 70 eV. Identification of the lipids is 

performed in several ways by (a) comparison of chromatographic retention times, (b) 

comparison of the mass spectra with those of authentic standards or literature reports, (c) 

and through mass spectral interpretation. Retention times and mass spectra are recorded 

electronically and stored on the computer using the ChemStation software provided by 

the manufacturer.  
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Figure 5.1 Map of DPM study site indicating sampling sites for the biomarker study 
(provided by C. Saunders).  

Note: (R=ridge; S=slough; C=control; CC=canal control site; UB= Slough sites; UB1 = 
northeast downstream slough site; UB2 = central down-stream slough site; UB3 = 
Southwest downstream slough site; DB= Canal effects, no backfill WCA-3B sites; DB1 = 
no backfill; DB2 = partial backfill; DB3= complete backfill; Z= Slough sites for Spatial 
Soil Survey). 

 

Table 5.1 Sample classification and location information (for a total of 153 samples). 
 

Sample type Sample locations Comments 

Ridge & Slough transect  Z6-1, Z5-1 

Ridge & Slough floc RS1, RS2, C1 

Slough floc 
Z4-1, Z10-2, Z5-3, DCC2S, DB1, DB2, 

DB3 
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Ridge floc CC1N, CC2S, CB1, CB2, CB3 

Sediment trap samples CC1 A 

Sediment trap samples CC2 A 

Sediment trap samples CB1 B 

Sediment trap samples CB2 C 

Sediment trap samples CB3 D 

Cladium Z5-1, RS2, UB1 

Typha domigensis Z11-3, UB1 

Typha latifolia C2, DB1, WCA3B 

Eleocharis sp. RS2, DB1 

Nymphaeaceae RS2, Z5-1 

Utricularia foliosa RS2, Z5-1, DB1 

Utricularia purpurea CC2 

Bacopa sp. DB3 

Periphyton RS2, Z5-1, DB2 

*Notes (Canal and levee types): 

A. open canal + intact levee; B. open canal + degraded levee 

C. partially backfilled canal + degraded levee; D. full-backfilled canal + degraded levee. 

 

5.4 Results and Discussion 

The collection and analysis of ridge and slough vegetation was primarily 

performed to assess the applicability of the proposed biomarker conceptual model for the 
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DPM site. Previous vegetation samples for biomarker studies were mainly performed at 

Everglades National Park, although the biomarker composition at DPM is likely to be 

very similar (Mead et al., 2005). Plant sample analyses were focused specifically on the 

n-alkane proxy Paq, which has been used to differentiate between aquatic and emergent 

plant-derived organic matter (OM) (Ficken et al., 2000; Mead et al., 2005; Pisani et al., 

2013). It is usually observed that aquatic vegetation, including the typical species present 

in long hydroperiod environments of the Everglades (Eleocharis, Nymphaeceae, 

Utricularia), are characterized by elevated Paq values, while emergent vegetation and the 

species characteristic for short hydroperiod environments (Cladium, Typha) in the 

Everglades have lower Paq values. Shown in Figure 5.2 is the Paq distribution for the 

plant samples determined in this study.  

 

 

Figure 5.2 Distribution of Paq values determined for selected vegetation samples. Some 
samples include both above- and belowground tissues. Periphyton values in brackets 
since plankton does not contribute significantly to mid-to-long chain n-alkanes (see text 
for further details). Dotted lines show average values for ridge and slough vegetation.  
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It is clear that in general terms the abovementioned conceptual model for Paq as 

an OM source proxy for long vs. short or slough vs. ridge environments applies well. 

Periphyton is included in the figure, but planktonic organism do not generate significant 

amounts of mid to long chain n-alkanes, and as such the Paq reported for the periphyton 

represents other OM sources such as detritus of emergent vegetation, remains of 

Utricularia and others which are part of the algal mat sample. With the exception of the 

kaurenes, which have been observed in higher plants, specifically in Cladium (Neto et al., 

2006; Saunders et al., 2006), the other biomarkers C20 HBI and the botryococcanes are 

exclusively produced by plankton and were not analyzed in the plant samples.  

For further proof of concept, floc from two ridge-to-slough transects (Z5-1 and 

Z6-1) were sampled during 2012 and 2013 and the biomarkers determined (Figure 5.3).  
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Figure 5.3 Biomarker distributions along ridge-to-slough transects for two different 
sampling events at sites Z5-1 and Z6-1. Dotted arrows indicate general trend of change. 
 

As expected in all cases the Paq increased along the ridge-to-slough gradient. For 

the other biomarkers, although the C20 HBI abundance for Z5-1 increased along the 

gradient, this trend was not obvious for the Z6-1 transect. C20 HBI is associated with 

cyanobacterial biomass in periphyton derived OM (Pisani et al., 2013), and thus expected 
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to be enriched in slough environments compared to ridges. Similarly, the botryococcenes 

are presumably associated with green algae in periphyton (Gao et al., 2007) but showed 

an increasing abundance along the ridge-to-slough gradient only for the Z5-1 sample 

collected in 2012, but not for 2013 nor for the Z6-1 transect. The data suggests that the 

distribution of periphyton-derived OM in floc at the DPM site is not strongly associated 

with ridge or slough sites specifically. The higher C20 HBI and botryococcene 

concentrations for Z5-1 are likely the result of nutrient enrichments at this site compared 

to others in the pocket area (except RS-1). Lastly, the kaurene distribution along the 

transects agreed with their main source from Cladium, as they were present in higher 

abundance in the ridge compared to the slough.   

Three sampling stations, namely RS1, RS2 and C1 were used to specifically 

compare ridge and slough composition of floc. They were also sampled every 3- to 6-

weeks between October 2012 to March 2013 (Choi et al., 2013) although not all during 

the exact same times. The biomarker distributions for these samples are shown in Figures 

5.4-5.6 for RS1, RS2 and C1 respectively.  
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Figure 5.4 Ridge and slough floc biomarker distribution time series for site RS1. 7 
sampling events are sampled on: 10/9/2012, 11/27/2012, 12/19/2012, 1/9/2013/, 
1/22/2013, 3/4/2013, 3/27/2013. Dotted arrows indicate general trend of change. Dotted 
arrows indicate general trend of change. 
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Figure 5.5 Ridge and slough floc biomarker distribution time series for site RS2. 8 
samples on the basis of 4 sampling events 11/27/2012, 12/19/2012, 01/09/2013/, 
03/27/2013. Dotted arrows indicate general trend of change. Dotted arrows indicate 
general trend of change. 

 

Figure 5.6 Ridge and slough floc biomarker distribution time series for site C1. 8 
samples on the basis of four sampling events: 11/27/2012, 12/19/2012, 01/09/2013/, 
03/27/2013. Dotted arrows indicate general trend of change. 
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The Paq values were consistently higher for all sites for slough samples compared 

to ridge samples and presented a fairly high consistency in the valued over time. No 

temporal trend was identified for the Paq. With respect to the C20 HBI, The concentration 

values for the RS1 site were significantly higher compared to the RS2 and C1 sites. This 

is in agreement with the observations mentioned above concerning high C20 HBI levels 

for the Z5-1 site which is located in close proximity to RS1. Both sites are likely 

influenced by high nutrient seepage from the L67A and thus show enhanced periphyton 

abundance on the basis of the biomarker distributions. On a seasonal scale, the C20 HBI 

showed a clearly decreasing abundance from the wet to the dry season for RS1. This is in 

agreement with reports that periphyton abundance is highest during the late wet season in 

the Everglades (Pisani et al., 2013 and references therein). Similar trends were observed 

for sites RS2 and C1, with peak abundances for December 2012 and decreasing values 

from there on. However, the decrease in the C20 HBI abundance is not mimicked by the 

other periphyton marker, the botryococcanes, with the possible exception of C1. It is 

likely that the two periphyton components are uncoupled and do not share the same 

ecological drivers. Additional biomarker information obtained during year-2 of this 

contract may allow clarifying these observations. Lastly, the kaurene distribution was 

seemingly unrelated to season, but was consistent with regards to the fact that this 

biomarker was in all cases more abundant in the ridge samples and mostly absent in the 

sloughs.  

With regards to time series, the longest seasonal monitoring of floc was 

performed at sites DB1, DB2 and DB3. Comparative time series biomarker results are 
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shown in Figure 5.7, including a mark indicating the time of the breach in the L67C 

structure (potential water flow increase effect on the DB sites).  

  

Figure 5.7 Biomarker distribution time series for slough floc at sites DB1-3 and CC2S. 
Control site is circled.  

 

In agreement with the abovementioned time series, average Paq values were 

similar for the seasonal samples, although some variations at the DCC2S site (reference 

site) and DB1 were observed. Average Paq values peaked after the canal breach 

suggesting enhanced OM inputs from the canal itself. No other consistent trends over 

time were observed. In contrast to the Paq, the C20 HBI distribution over time and 

between sites was quite variable, again pointing towards a very dynamic nature of the 

periphyton inputs to the floc. Previous reports on seasonality of periphyton on the basis 

of C20 HBI measurements are in agreement with this suggestion (Pisani et al., 2013). 

However, and in agreement with the Paq, an average high C20 HBI abundance during the 
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sampling period following the canal breach and associated high flow event was observed, 

followed by a reduction in abundance. Similar to the explanations for the higher C20 HBI 

abundance at sites Z5-1 and RS1, this observation could be related to an increase in 

nutrients after the breach. As in previous examples, the botryococcenes were decoupled 

from the C20 HBI, while levels of the kaurenes were very small to undetected for these 

slough sites (Note: Concentration scale for kaurenes is kept the same throughout these 

figures to facilitate comparisons between samples).   

The time series for the biomarker parameters determined for the sediment traps 

located at sites CB1-3 and two reference sites CC1 and CC2 are presented in Figure 5.8.  

 

 
Figure 5.8 Biomarker distribution time series for sediment trap samples at CB1-3 and 
CC1-2. 4 sampling events: 11/17/2011, 12/13/2011, 01/04/2012, 11/20/2012 (20 samples 
total). 
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The Paq values by season showed a remarkable constancy with notable lower 

variability than the seasonally monitored floc samples. The Paq values were consistently 

high and in the expected range for slough-derived OM. No significant differences were 

observed between the CB1-3 and the corresponding reference sites CC1-2. In contrast, 

the variability of the periphyton markers, the C20 HBI and botryococcanes, was 

significantly higher, but more similar to each other than for the floc sample time series or 

other samples throughout the dataset. The previously observed maximum for the floc C20 

HBI for the end of wet season sampling period (Event 3) was not observed in this sample 

set possibly because the years sampled were different, with different hydrology. Similarly, 

the variability in the kaurene concentration was fairly high seasonally and for the 

different samples, with no clear temporal trends.  

The average values of the Paq and the biomarker concentrations for all sample 

types (ridges, sloughs and sediment traps), regardless of season, are shown in Figure 5.9.  

The Paq values were found to be consistently and statistically significantly higher for the 

slough than for the ridge samples demonstrating the viability of the conceptual biomarker 

model with regards to OM source differentiation. Interestingly, the average Paq value for 

the 20 sediment trap samples was similar and not statistically different from that of the 

slough samples. This fact suggests that indeed, the bulk of the OM in the sediment traps 

is derived from a slough-like environment, where velocities typically are a little higher 

compared to ridge-like environments (Choi et al., 2013). Higher flow will enhance 

entrainment and consequently mobilization of slough-like OM compared to ridge-like 

OM leading to a preferential accumulation of high Paq material in the traps. While this 

observation seems to be in complete agreement with the conceptual biomarker model, it 
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is important to consider that canal inputs may also influence the materials collected in the 

sediment traps. As such, highest values for the Paq were observed at stations DB1-3 

precisely after the breach, when canal inputs to the floc may have been higher. This issue 

needs to be further investigated to clarify potential effects. On the basis of the fact that 

Paq values are not different between slough and sediment traps, it can be assumed that 

most of the OM in the traps is slough-derived. 

 

Figure 5.9 Comparison between average biomarker distributions for all slough, ridge and 
sediment trap samples (107 in total). 
 

Average concentration values for the biomarkers for all sites are also shown in 

Figure 5.9. No statistically significant differences were observed between ridge and 

slough samples for the C20 HBI or the botryococcenes, suggesting that at least in at the 

DPM study site the dynamics of periphyton seem uncoupled from the ridge and slough 

landscape. The kaurenes on the contrary were consistently and statistically significantly 

more abundant throughout the DPM site at the ridges compared to the sloughs. Very 
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interestingly, kaurenes were consistently detected in all sediment trap samples. This is 

somewhat unexpected considering that these compounds were very low in abundance or 

even undetected in the slough samples. Their consistent presence in the traps suggests 

that some constant contribution of ridge-like OM is also mobilized in the DPM area. 

Simple two end-member mixing calculation using average kaurene concentrations from 

ridges and sloughs suggests that in excess of 80% of the OM in sediment traps is slough-

like and below 20% ridge-like. This estimate is different from the 100% estimated 

slough-derived OM on the basis of the Paq estimations. However, considering that at 

many stations in the DPM study site the water depth difference is very small (9 cm) it can 

be expected that some ridge-derived OM will also accumulate in the sloughs. Regardless, 

although these are very rough estimated on the basis of a limited dataset, the sediment 

mobilization in the DPM study site under present pre-flow conditions seem primarily 

slough derived. While the carbon stable isotope values (δ13C) for the floc from ridges and 

sloughs were not statistically different, the values for the sediment trap materials were 

slightly, but statistically significantly enriched, suggesting that the fine sediments 

accumulating in the traps are more highly reworked (‘aged’) compared to the ridge and 

slough floc samples. 

Spatial distributions throughout the DPM site were plotted for the biomarker data, 

both for the slough and ridge datasets (data not shown). However, although some N-to-S 

trends seem visible, the dataset is not large enough to ensure that these trends are indeed 

statistically significant. Consequently these spatial distribution results are not discussed 

further in this chapter, but are expected to be enhanced significantly with new data to be 

generated during phase-2 of this study. 
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Both cluster analysis and principal components analyses were performed on the entire 

biomarker dataset (vegetation samples excluded). Cluster analysis for only the four 

biomarker concentrations averaged for each site regardless of time of sample collection is 

shown in Figure 5.10.  

 

Figure 5.10 Cluster analyses for biomarker distributions for all slough, ridge and 
sediment trap samples (107 in total). Groupings are indicated by different colors. Group 
circled is considered an outlier cluster.   
 

A clear pattern of four clusters emerges, which are primarily categorized into 

ridge, slough, trap and ‘other’ samples, with ‘other’ referring to three sites which 

although fitting well into the conceptual biomarker model, showed some high biomarker 
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concentration values leading to separate clusters. These sites are RS1 and the co-located 

Z5-1 sites, which feature high C20 HBI and botryococcene values likely resulting from 

nutrient enrichment at this site (see above), and site CC2-R which was enriched in 

kaurenes. High kaurene concentrations may arise from significant Cladium OM input at 

this site, which might also be derived from soil erosion causing an enhanced signal of 

belowground derived OM which is particularly enriched in kaurenes (Fig. 5.2). It is 

important to note that biomarker concentration data needs to be normalized to OC content 

for comparative purposes (to be completed once %OC data for all samples are available). 

PCA of the biomarker data reiterates the cluster analysis in that ridge, slough/traps and 

‘other’ emerged as separate entities (Fig. 5.11). Here, the ridge sites consistently feature 

more negative PC1 values compared to the more positive PC1 values for the slough 

samples. This pattern includes the most negative PC1 value for CC2-R and the most 

positive PC1 values for RS1-S and Z5-1S. The sediment traps were located close to the 

origin but generally inside the general sample scores for the slough sites. Biomarker 

parameter loadings seem to define PC1 on the basis of source (positive PC1 = high 

Paq/slough vs. negative PC1 = high kaurene/ridge). In contrast, PC2 seems to be 

indicative of peripyton inputs with both C20 HBI and botryococcane loadings at positive 

PC2 values. While Z5-1 is expected to follow this pattern it is unclear why CC2-R would 

score at a high PC2 if this principal component is indeed linked to periphyton. Overall, 

while the drivers for the variations in PC1 and particularly PC2 are not fully determined, 

it is clear that OM in sediment traps is mostly slough-like.  
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Figure 5.11 PCA analyses for biomarker distributions for all slough, ridge and sediment 
trap samples (107 in total). Note:  PCA using averaged values for each location (group), 
27 groups (107 samples) included; 4 biomarkers as variables (Paq, C20 HBI, Kaurenes, 
Botryococcenes). 
 

5.5 Conclusions 

The preliminary biomarker data presented and discussed in this annual report 

suggests that indeed the conceptual biomarker model, where Paq and kaurene data can be 

used as proxies of ridge and slough OM contributions to the sediment traps, was 

confirmed. The application of periphyton biomarkers C20 HBI and botryococcanes did 

not show to this point a direct applicability towards discerning ridge vs. slough OM 

sources, but suggests that the contributions of periphyton to floc and sediment traps is 

highly dynamic and in part controlled by nutrient enrichment at some locations, or driven 

by water flow/ hydrology, on the basis of observed the time series distributions 

(particularly for the cyanobacteria-derived C20 HBI). While Paq-based two end-member 

mixing suggests that the bulk of the OM in the sediment traps is slough-like, the 

consistent presence of kaurene in the traps implies that ridge-derived OM is also present. 

Two end-member mixing on the basis of average kaurene levels in floc and sediments 
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suggests that at most 20% of the OM in sediment traps is ridge-like. More data is needed 

to better constrain these estimates.   
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CHAPTER VI 

 

DISTRIBUTION OF N-ALKANES AND THE δD AND δ13C PATERNS IN 

TYPICAL PLANTS ACROSS A SUBTROPICAL TREE ISLAND TO WETLAND 

GRADIENT AND ESTUARY SYSTEM: IMPLICATION FOR PALEO-

RECONSTRUCTION 
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6.1 Abstract 

The main objective of this study was to characterize plant material from the 

Everglades, using biomarkers and compound-specific isotope measurements, to calibrate 

potential organic geochemical tools for paleo-hydrological studies. The aims of this study 

were to (1) document the variations in plant (aboveground biomass; leaf or stem) n-

alkane molecular distributions and the corresponding δD and δ13C values within a 

spatially constrained region (from 25°N to 26° N; i.e. same climatic conditions), but 

along hydrological gradients; (2) examine the difference in n-alkane distribution, 

abundances and the corresponding δD and δ13C values between aboveground leaf or stem 

and belowground root in typical Everglades weland plant species. For this purpose, n-

Alkane abundance and distributions as well as their compound-specific carbon and 

hydrogen isotopic ratios were measured from the leaves of 87 typical plants (25 species, 

representing 19 families) distributed across the Everglades, ranging from species 

abundant in tree islands and freshwater marshes, to the mangrove ecotone of the Shark 

River estuary, and into Florida Bay, are presented. In addition, molecular characteristics 

and compound specific isotopes for 23 wetland plant roots (5 species, representing 3 

families) within the Everglades freshwater wetland were also reported.  

Leaf wax n-alkane abundance, molecular distribution (Paq, ACL), δD and δ13C 

values ranged from 2.1 to 473 µg/gdw, 0.0 to 1.0, 25.3 to 30.8, -231.1 to -77.7‰ and -

38.8 to -14.2‰, respectively, among the studied plants (both aboveground leaf or stem 

and belowground root). Most of the geochemical parameters differ significantly among 

terrestrial trees, wetland macrophtes, mangroves and seagrass. Root derived n-alkane 
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abundances, molecular distribution (Paq, ACL), δD and δ13C values of studied freshwater 

wetland plants ranged from 6.3 to 267.8 µg/gdw, 0.19 to 0.96, 25.6 to 27.8, -227.0 to -

117.0‰ and -33.0 to -30.6‰, respectively. Among different potential factors affecting 

the δD and δ13C values, the plant life form (functional type) and source water are 

suggested to be the dominant drivers. Marine seagrass (C4 like plant) was consistently 

more enriched in δ13C than all other C3 plants. No significant difference of δ13C among 

other C3 vegetation from the tree islands, freshwater marshes and the mangrove estuary 

were observed. However, large δD variations within C3 palnts such as the terrestrial 

woody plants, wetland macrophytes and mangroves, were observed. Terrestrial woody 

plants and seagrasses were more δD enriched than wetland macrophytes. Mangroves 

were more δD depleted than terrestrial woody vegetation mainly as a result of salinity 

differences. Comparing surveyed typical wetland plant leaves and roots, no significant 

differences in δ13C values of n-alkanes were found, while significant differences in n-

alkane abundance, Paq, and δD values were found for some of emergent wetland plants 

surveyed, such as Typha sp., Cladium, and Eleocharis. This variability between leaves 

and roots could be caused by several factors such as different lipid composition, 

deuterium enrichment difference of biosynthetic water, or different biosynthetic 

fractionation among plants. All in all, the observed variability in molecular and isotopic 

composition among Everglades plants could be caused by different ecological drivers, 

especially hydrological variations and salinity gradients. This suggests that attention 

should carefully be considered when paleo-environmental assessments are made based on 

organic geochemical data in subtropical wetland ecosystems. 



 

 

 148 

6.2 Introduction: 

n-Alkanes are abundant lipids biosynthesized by most plants, but their molecular 

distributions vary. As such they have been shown to be effective indicators for different 

plant sources to sedimentary OM, and have been widely used for variety of purposes 

especially in paleo-climatic and paleo-ecological reconstructions. For example, relatively 

short chain n-alkanes (C15, C17 and C19) are mainly attributed to algae and/or bacteria 

(Gelpi et al., 1970), while mid-chain alkanes (C21 to C25) are commonly enriched in 

aquatic submerged or floating plants and mosses (Ficken et al., 2000). In contrast, 

terrestrial woody plants are mainly characterized by the dominance of the longer chain n-

alkanes (C27 to C35; Rieley et al., 1991; Collister et al., 1994). On the basis of these 

distribution patterns, an n-alkane based proxy, the Paq, indicative of the relative 

abundance of aquatic vs. terrestrial plants (Ficken et al., 2000) was developed. Other 

descriptors of the n-alkane distributions such as the average chain length (ACL), and 

other numerical parameters (Rieley et al., 1991; Marzi et al., 1993; Jansen et al., 2006), 

have also been used to differentiate between sources of OM and as paleo-environmental 

indicators (e.g., Poynter et al., 1989; Meyers et al., 1997 and references therein; Hinrichs 

et al., 1999; Eglinton and Eglinton, 2008 and references therein).  

n-Alkanes, with hydrogen covalently bounded to carbon, are stable to preserve 

long term isotopic information in sediments (Schimmelmann et al., 1999) for paleo-

climatic reconstruction (Sachse et al., 2004; Pagani et al., 2006). As such, n-alkanes in 

sediments and soils are well known to record the plant δ13C and δD signatures 

(Chikaraishi and Naraoka, 2003; Sachse et al., 2004), and numerous studies have been 
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carried out to examine the variations in the molecular distribution and the isotopic 

compositions (δ13C and δD) of leaf waxes n-alkanes in different kinds of modern plants 

and surface sediments (Chikaraishi et al., 2004; Sachse et al., 2006; Smith and Freeman, 

2006; Sessions et al., 2006; Pedentchouk et al., 2008). Such data has been applied in the 

assessment of OM sources in sedimentary environments (e.g., Seki et al., 2010). 

Generally, δ13C values of n-alkanes have been widely used to both assess vegetation type 

change (C3 vs. C4 plants; e.g., Bi et al., 2005), and infer variations in climatic conditions 

(e.g., Yamada and Ishiwatari, 1999; Huang et al., 2001). In contrast, the δD values of n-

alkanes have been used more specifically as a proxy to assess hydrological parameters 

and processes such as changes or variations in precipitation, relative humidity, 

temperature and salinity (Xie et al., 2000; Liu and Huang, 2005; Sachse and Sachs, 2008; 

Sachse et al., 2012 and reference therein).  

Previous studies applying δ13C and δD measurements of n-alkanes in sediments 

have provided diverse geological information on past environmental conditions (e.g., 

Diefendorf et al., 2011; Sachse et al., 2012 and reference therein). Other studies have 

focused on variations in the plant leaf wax distribution across large scale climatic 

gradients, representing large changes in source water (especially precipitation) and plant 

types or distributions (e.g., Liu et al., 2008). On the basis of such studies, paleo-

environmental assessments have been performed with the goal to reconstruct past 

climatic conditions, and have successfully been used in a variety of environmental 

settings (Huang et al., 2002; Sachse et al., 2012 and reference therein). Such n-alkane 

based δD studies are commonly based on the assumption that the δD variations among 
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different plants is relatively small compared with the δD changes caused by 

environmental effects, or that the biosynthetic isotopic fractionation among different 

plants is relatively constant. In fact the accuracy of these assumptions might be 

questionable, and few published works have challenged them. Hou et al. (2007) reported 

significant variations in the δD values of plant n-alkanes in a small area where no obvious 

climatic gradient or differences in environmental waters δD values were apparent. This 

suggested that different biosynthetic fractionation mechanisms for D may exist among 

plants. However, information on the δ13C and δD of n-alkanes from plants on spatially 

constrained scales, without significant spatial variations in climate, are still limited (Hou 

et al., 2007). Moreover, most peleo-reonstruction studies assume that leaf wax derived n-

alkanes are most representative of all n-alkanes deposited in the soils. While 

aboveground biomass (including leaves) is likely the dominant OM source for most 

sediments, contributions from belowground biomass (including roots) through soil 

erosion have not specifically been considered and n-alkanes derived from sources other 

than leave litter cannot be assumed as negligible (Gocke et al., 2010; Mendez-Millan et 

al., 2010; Huang et al., 2011). Especially in typical subtropical wetland ecosystem such 

as the Everglades, OM contributions to the soil OM derived from belowground biomass 

(e.g., Busch et al., 2004; Poret et al., 2007) is likely to be quite significant. In addition, 

different plants have been reported to produce significantly different amount of n-alkanes 

in their leaf waxes. For instance, angiosperm species generate significantly more n-alkane 

than gymnosperms (Diefendorf et al., 2011). In other words, from a quantitative 

perspective, different plants and different plant parts can make different contributions to 
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the n-alkane pool in soils and sediments. With this in mind and little available 

infromation of n-alkane δ13C and δD on typical subtropical wetland plants, there is a need 

to systematicly examine n-alkane distribution, abundances and their isotopic signal for 

both aboveground and belowground biomass. Such data is needed to decrease uncertainty 

in interpreting n-alkane abundance and their isotopic signals in wetland soils, which 

could be crucial for the paleo-reconstruction of such ecosystems. 

With this in mind, the n-alkane abundances, distribution (Paq and ACL), and their 

δD and δ13C values from 25 species, including 87 leaves or stems (representing 19 

families) along a large hydrology gradient but within small geological gradient, were 

determined to contribute needed data to the information gap for wetland ecosystem. 

Moreover, the n-alkane distribution patterns for both leaf (or stem) and root materials 

from 23 plants (5 species, representing 3 families) were also determined to explore the 

variation in n-alkane abundance, distribution and their isotope values between 

aboveground and belowground biomass within the same wetland plant species. 

 

6.3 Samples and Methods: 

6.3.1. Site Description and samples: 

The Everglades ecosystem is one of the largest subtropical wetlands (610,483 ha) 

and located in southern Florida, USA. Vegetation samples were collected at diverse sites 

across the greater Everglades freshwater marshes, through the Shark River estuary and 

into Florida Bay (25°70´ to 24°70´N; 81°15´ to 80°30´E; less than 10 m above sea level; 

Fig. 6.1). Since sampling locations fall within a very minor latitudinal scale range and 
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negligible altitude differences (Klein et al., 1964), the climatic conditions in the study 

region are constrained as subtropical. Mean annual air temperature for all locations is 

about 25 °C, with the difference between the warmest month (July) and the coolest month 

(January) of less than 10 °C (Ross et al., 2000). Generally, clearly seasonal wet and dry 

periods are typical and precipitation driven. Mean annual precipitation is ca. 120 cm with 

21 cm falling during the dry season (December to April) and 99 cm falling during the wet 

season (May to November; Southeast Regional Climate Center, http://www.sercc.com). 

 

Figure 6.1 Map showing the study area. 
 

The freshwater area of the Everglades consists primarily of seasonally inundated 

ridge and slough landscapes with some small stands of trees on higher ground (tree 

islands). This wetland ecosystem is commonly referred to as the “river of grass” (Douglas, 

1947), which is characterized by grassy marshes dominated by sawgrass (Cladium 

jamaciensis) in the more shallow, ridge environments, and by spikerush, bladderwort and 
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water lily (Eleocharis, Utricularia and Nymphaeaceae respectively) in the deeper, slough 

environments. Mangrove forests dominate along the Shark River estuary and coastal 

fringe including red mangroves (Rhizophora mangle), black mangrove (Avicennia 

germinans) and white mangrove (Laguncularia racemosa).  

A total of 110 separate plant samples (leaves and roots, consisting of 25 families) 

including 18 trees (sampled from Gumbo Limbo island and tree island near Everglades 

Water Conservation Areas 3A and 3B), 2 ferns, 73 wetland plants (50 leaves or stems and 

23 roots (sampled from WCA 3A, 3B, SRS 1-3, TSPh 2 and 3), 14 mangrove leaves, 3 

seagrass (sampled from Florida Bay), were collected in multiple years (Table 6.1). 

Mangrove leaves (three species, white, red and black) were sampled along a salinity 

gradient along the Shark River estuary (Table 6.1). The entire geographical sampling 

scale represented less than 1º latitude difference, suggesting no significant variations in 

climatic conditions, but with distinctive changes in environmental settings ranging from 

terrestrial environments to fresh water wetlands to estuarine and coastal marine 

environments. All plants were classified as different functional types on the basis of 

phylogenetic domain and growth habit (Table 6.1). 

Plants (leaves, stems and roots) were collected by hand, placed in clean ziploc 

bags, and stored on ice immediately after collection. After transport to the lab (within 8 

hours max), they were briefly, but repeatedly (three times) rinsed with deionized water to 

remove dust particles, frozen, freeze dried, crushed to a fine powder and kept frozen (-20 

˚C) until analysis.  
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Table 6.1 Sampling information of plants from the Florida Coastal Everglades 
 

Species Sampling time 
Sampling 
Locations 

Functional 
type 

Sample 
number 

Taxodium distichum 2003 Tree Island TT 1 

Pinus elliottii May. 2011 Tree Island TT 1 

Blechnum chilense May. 2011 Tree Island TF 1 

Osmunda regalis May. 2011 Tree Island TF 1 

Magnolia virginiana Aug. 2004; May. 2011 Tree Island TT 2 

Annona glabra Aug. 2004; May. 2011 Tree Island TT 6 

Persea borbonia May. 2011 Tree Island TT 1 

Myrica cerifera Aug. 2004; May. 2011 Tree Island TT 2 

Salix Caroliniana Aug. 2004; May. 2011 Tree Island TT 3 

Chrysobalanus icaco Aug. 2004 Tree Island TT 1 

Cephalanthus 
occidentalis 

May. 2011 Tree Island TT 1 

Typha latifolia a 
May. 2011; Mar. 2012; 

Mar. 2013 
Wetland WE 3+3 

Typha domingensis a 
May. 2011; Mar. 2012; 

Mar. 2013 
Wetland WE 4+4 

Cladium jamaicense a 
May. 2011; Mar. 2012; 

Mar. 2013 
Wetland WE 12+6 

Eleocharis cellulosa a 
May. 2011; Mar. 2012; 

Mar. 2013 
Wetland WE 10+4 

Nymphaeaceae a 
May. 2011; Mar. 2012; 

Mar. 2013 
Wetland WF 8+6 

Utricularia foliosa 
May. 2011; Mar. 2012; 

Mar. 2013 
Wetland WS 8 

Utricularia Purpurea 
May. 2011; Mar. 2012; 

Mar. 2013 
Wetland WS 3 

Bacopa caroliniana Mar. 2013 Wetland WS 2 

Laguncularia racemosa Mar. and Nov. 2013 
Shark River 

Estuary 
ET 5 

Avicennia germinans Mar. and Nov. 2013 
Shark River 

Estuary 
ET 3 

Rhizophora mangle Mar. and Nov. 2013 
Shark River 

Estuary 
ET 6 

Syringodium filiforme 2003 Florida Bay MS 1 

Halodule wrightii 2003 Florida Bay MS 1 

Halophila decipiens   2003 Florida Bay MS 1 

 
Note: a, both aboveground (leaf or stem) and belowground (root) biomass was sampled, X + X in column 
“Sample Number” denote for X (Plant leaves or stems) + X (Plant roots); for all the other plant species, 
only leaves were sampled. For the functional type, TT, TF, WE, WF, WS, ET and MS denote for 
Terrestrial Tree, Terrestrial Fern, Wetland Emergent, Wetland Floating, Wetland Sumerged, Estuary Tree, 
and Marine Seagrass, respectively. 
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6.3.2.  Determination of n-alkanes by GC/MS 

n-Alkanes were extracted following a protocol slightly modified after Folch 

(1957). Briefly, freeze dried biomass (1 to 2 g) were subjected to sonication extraction 

three times (0.5 hours each) with pure methylene chloride (Optima, Fisher, USA) as 

solvent. Total extracts were concentrated by rotary evaporation. The extracts were further 

fractionated as previously described (e.g., Jaffé et al., 2001) by adsorption 

chromatography over silica gel, and the saturated hydrocarbon fraction was obtained after 

elution with n-hexane. Then a known amount of squalane was added as internal standard 

to the isolated fraction. The GC/MS analyses were performed on a Hewlett-Packard 6890 

GC linked to a HP 5973 MS system in the electron impact (EI) ionization mode at 70 eV, 

and fitted with Rtx-1 (30 meters long, 0.25 mm ID, 0.25 um df) from RESTEK, USA., 

The GC oven was programmed from 60 to 300°C at a rate of 6°C/min after 1 min at the 

initial temperature, and was kept at 300°C for 20 min. Identification of the n-alkanes was 

performed by comparison of chromatographic retention time, reported mass spectra, the 

mass spectral library and mass spectra of authentic standards.  

 

6.3.3.  n-Alkane molecular parameters: 

Average n-alkane chain lengths (ACL; Eglinton and Hamilton, 1967) and the 

relative abundance of mid-chain to long-chain n-alkanes (Paq; Ficken et al., 2000) were 

determined for all samples. ACL = (23n-C23 + 25n-C25 + 27n-C27 + 29n-C29 + 31n-C31 + 

33n-C33) / (n-C23 + n-C25 + n-C27 + n-C29 + n-C31 + n-C33) (1); Paq = (n-C23 + n-C25) / (n-

C23 + n-C25 + n-C29 + n-C31) (2). 
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6.3.4. Compound specific carbon and hydrogen isotope analysis 

Compound-specific δ13C values of individual n-alkanes were measured using a 

gas chromatography-isotope ratio mass spectrometry (GC-IRMS) system, consisting of a 

HP 6890 GC equipped with a DB-1 fused silica capillary column (30 meters long, 0.25 

mm ID, 0.25 um df , a combustion interface (Finnigan GC combustion IV), and a 

Finnigan MAT delta Plus mass spectrometer. Between every four samples, three external 

standard mixtures containing C17 n-alkane and squalane, and at different concentrations 

(30 ng/µL, 200 ng/µL and 500 ng/µL), with known δ13C values for each pure compound), 

were measured to check machine performance during the entire analyses period and for 

size correction when necessary. δ13C values are given in per mil (‰) notation relative to 

the Peedee Belemnite (PDB) standard.  

Compound-specific δD values of individual n-alkanes were measured using a 

GC/Pyrolysis/IRMS system consisting of a HP 6890 GC connected to a Finnigan MAT 

delta Plus V mass spectrometer. The same GC column as described above was used. 

Pyrolysis temperature was set as 1440 ˚C in a micro volume ceramic tube. Helium was 

used as carrier gas at 1.2 ml/min. The oven temperature program was the same as 

previously described. Methyl palmitate (-255‰) and squalane (-107‰) mixtures with 

different concentrations (200 ng/µL, 800 ng/µL and 1200 ng/µL for both of them) were 

used as external standards. An external standard calibration was performed between 

every four samples measurements. The F8 standard (purchased from Indiana University, 

Bloomington, USA) was used to check accuracy of the instrumentation periodically. The 

H3
+ factor was measured daily prior to sample analysis (average values 5.3 during this 
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study, and the daily variability is within 0.1). Isotopic values for each sample were size 

corrected by the nearest two groups of standards (6 total), and the internal co-injected 

squalane for each sample if necessary. Samples were analyzed two or three times and the 

standard deviations were smaller than ±5‰. 

 

6.3.5.  Mean annual precipitation δD values 

The mean annual precipitation δD values reported here were obtained primarily 

from several published sources (Price et al., 2006; Ewe et al., 2007; Price et al., 2008; 

Saha et al., 2009). The Online Isotopes in Precipitation Calculator (OIPC; 

www.waterisotopes.org) was also used to obtain reference values. 

 

6.4 Results and discussion: 

6.4.1 n-Alkane abundance and distribution patterns in aboveground vegetation (leaves 

and stems): 

For discussion purposes, plants were classified mainly on the basis of 

phylogenetic domain, but also on growth habitat (Table 6.1, Table 6.2). The total 

concentration of n-alkanes for each species (89 leaves and/or stems in total were obtained) 

is shown in Table 6.2. n-Alkane abundances showed a large (two orders of magnitude) 

range from 2.1 µg/gdw in Halophila decipiens to 473 µg/gdw in Chrysobalanus icaco 

(Table 6.2), suggesting that the amount of biomass per area and associated contributions 

of litter may be critical in driving the molecular distribution values in soils because of 

quantitative differences between plants. Large variations in n-alkane abundances among 
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plants are crucial to be considered when paleo-reconstruction is performed. For example, 

two gymnosperms contained n-alkanes at less than 10% by dry weight compared with 

most of other angiosperm species studied here. Similar lower n-alkane contents in 

gymnosperms were also reported by Diefendorf et al (2011).   

Paq and ACL values ranged from 0.00 to 1.00 and from 25.3 to 30.8 respectively. 

These ranges are similar to those reported in previous studies (Eglinton et al., 1962; 

Eglinton and Hamilton, 1967; Simoneit et al., 1991; Ficken et al., 2000; Mead et al., 

2005). The distribution of n-alkanes in this study ranged from C13 to C35 presenting a 

characteristic odd/even predominance in all plants. The C23 or C25 n-alkanes were the 

most dominant in the aquatic submerged plants (Utricularia sp., Halodule, Ruppia etc.). 

The emergent plants (Eleocharis, Typha sp. etc.) were dominanted by C25, C27 or C29 n-

alkanes, while woody terrestrial vegetation as well as the mangroves had a maximum at 

C27, C29, C31 or C33 n-alkanes. 

A general increasing trend for Paq and a decreasing trend for ACL were found 

along a vegetation gradient from TT (terrestrial trees) and ET (estuary trees) and TF 

(terrestrial ferns) to WE (wetland emergent plants), WF (wetland floating plants), WS 

(submerged aquatic plants), and then MS (marine seagrass; Table 6.1 and Fig. 6.2). The 

Paq trend and range generally agreed with Ficken et al. (2000). The different ACL across 

different classified groups may suggest that ACL can reflect change in community 

composition which would provide some indirect information for paleo reconstruction. 

Actually ACL was found lower in cooler climates than warmer climates (Simoneit et al., 
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1977). However, other parameters should also be considered when applying these 

qualitative proxies. 
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Table 6.2 n-Alkane concentrations and distributions across studied plant leaves of the Florida Everglades.  

Note: n (SD) means “number of separate samples (standard deviation)” 

 

Unranked Unranked Order  Family Species 
Total n-
alkanes  

(µg/gdw) 
n (SD) Paq n (SD) ACL n (SD) 

Gymnosperms   Pinales Cupressaceae Taxodium distichum 6.7 1 0.17 1 29.2 1 

Gymnosperms Pinopsida Pinales Pinaceae Pinus elliottii 7.6 1 0.20 1 29.6 1 

Pteridophyta Polypodiopsida Polypodiales Blechnaceae Blechnum chilense 3.5 1 0.05 1 28.3 1 

Pteridophyta 
 

Polypodiopsida  
Osmundales Osmundaceae Osmunda regalis 61.5 1 0.05 1 28.7 1 

Angiosperms   Magnoliales Magnoliaceae Magnolia virginiana 251.6 2 (158.0) 0.12 2 (0.04) 28.0 2 (0.2) 

Angiosperms   Magnoliales Annonaceae Annona glabra 88.3 6 (78.9) 0.09 6 (0.07) 28.5 6 (0.8) 

Angiosperms   Laurales Lauraceae Persea borbonia 29.6 1 0.21 1 28.7 1 

Angiosperms Eudicots Fagales Myricaceae Myrica cerifera 77.5 2 (10.1) 0.01 2 (0.00) 30.8 2 (0.1) 

Angiosperms Eudicots Malpighiales Salicaceae Salix Caroliniana 214.0 3 0.10 3 (0.08) 28.4 3 (0.4) 

Angiosperms Eudicots Malpighiales Chrysobalanaceae 
Chrysobalanus 

icaco 
473.2 1 0.00 1 29.7 1 

Angiosperms Eudicots Gentianales Rubiaceae 
Cephalanthus 
occidentalis 

281.0 1 0.01 1 29.2 1 

Angiosperms Monocots Poales Typhaceae Typha latifolia 153.0 3 (76.1) 0.13 3 (0.06) 28.3 3 (0.3) 

Angiosperms Monocots Poales Typhaceae Typha domingensis 23.0 4 (8.2) 0.23 4 (0.11) 27.9 4 (0.2) 

Angiosperms Monocots Poales Typhaceae Cladium jamaicense 240.5 
13 

(210.0) 
0.23 13 (0.11) 27.8 13 (0.3) 

Angiosperms Monocots Poales Cyperaceae Eleocharis cellulosa 28.0 10 (22.0) 0.46 10 (0.18) 27.7 10 (1.1) 

Angiosperms   Nymphaeales Nymphaeaceae Nymphaeaceae 83.3 7 (67.3) 0.57 7 (0.19) 27.6 7 (0.8) 
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Angiosperms Eudicots Lamiales Lentibulariaceae Utricularia foliosa 115.4 6 (57.1) 0.67 6 (0.13) 27.0 6 (0.3) 

Angiosperms Eudicots Lamiales Lentibulariaceae 
Utricularia 
Purpurea 

97.4 4 (34.2) 0.83 4 (0.10) 26.3 4 (0.5) 

Angiosperms Eudicots Lamiales Scrophulariaceae Bacopa caroliniana 72.8 2 (61.4) 0.49 2 (0.06) 28.5 2 (0.6) 

Angiosperms Eudicots Lamiales Combretaceae 
Laguncularia 

racemosa  
114.8 6 (53.1) 0.08 6 (0.03) 28.3 6 (0.3) 

Angiosperms Eudicots Lamiales Acanthaceae 
Avicennia 
germinans 

77.8 3 (15.3) 0.23 3 (0.02) 29.6 3 (0.2) 

Angiosperms Eudicots Malpighiales Rhizophoraceae Rhizophora mangle 58.7 7 (20.1) 0.10 7 (0.08) 29.3 7 (0.4) 

Angiosperms Monocots Alismatales Cymodoceaceae 
Syringodium 

filiforme 
88.1 1 0.97 1 25.6 1 

Angiosperms Monocots Alismatales Cymodoceaceae Halodule wrightii 372.5 1 0.95 1 25.7 1 

Angiosperms Monocots Alismatales Hydrocharitaceae 
Halophila 
decipiens   

2.1 1 1.00 1 25.3 1 



 

 

 162 

 

Figure 6.2 n-Alkanes distribution and their δD and δ13C values across studied plant 
leaves. 

Note: all the δD and δ13C values are concentration weighted average of odd n-alkanes (n-
C21 to n-C35). 
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6.4.2 Roots (below ground) n-alkanes abundance and distribution pattern 

Wetland plants can develop shallow but flourishing root systems such as rootlets 

(Rydin and Jeglum, 2006), which can compete with leaf litter fall for the flux of plant 

carbon to soils (Fahey et al., 2005). In other words, roots can potentially represent a 

significant source of lipids to wetland soils/sediments. In order to assess differences in 

the n-alkane distributions between above and belowground biomass, roots from cattails, 

sawgrass, spikerush and water lily samples were analysed and compared to the 

corresponding aboveground biomass (Table 6.3). Quantitatively, Typha domingensis 

leaves contained significantly higher (student T test, two tailed, p < 0.05) amounts of n-

alkanes than their root counterparts (Fig. 6.3). However, no significant n-alkane 

concentration difference was observed between leaves and roots for Typha latifolia, and 

Nymphaeaceae. Interestingly, Eleocharis cellulosa root produce higher amounts of n-

alkanes than its leaves (Table 6.3 and Fig. 6.3). Similar results have been reported by 

Huang et al (2011), where roots of M. trifoliate and C. dimorpholepis contained more n-

alkanes than their leaves. Paq and ACL values range from 0.13 to 0.96, 25.5 to 28.3, 

respectively, across all roots surveyed (Table 6.3 and Fig. 6.3). Most plant roots, such as 

Typha latifolia, Typha domingensis and Eleocharis cellulose, had significantly higher 

Paq values compared to their leaves counterparts (Fig. 6.3). The Paq values of other plant 

species (Cladium jamaicense and Nymphaeaceae) seemed also higher in roots than leaves, 

but these differences were found to be not statistically significant. The observed Paq 

differences between above- and below-ground biomass may result from the fact that 
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compared to roots, leaves are more subject to evapotranspiration and cuticles may 

produce more longer chain n-alkanes (n-C29 and n-C31) to form a epicuticular barrier in 

order to reduce the loss of water (e.g., Eglinton and Hamilton, 1967; Hauke and Scheriber, 

1998). These preliminary results, even just by a paucity of root data, suggest that 

attention should be paid to root-derived OM when interpreting lipid signals from wetland 

soil. Moreover, Rasse et al. (2005) hypothesized that plant roots could make significant 

contributions to soil OM (SOM), and Bull et al. (2000) suggested that the predominant 

source of aliphatic acids in the temperate grassland soil was root material.  

While the data show that root derived OM should be considered when paleo-

reconstruction is performed in wetland soils, unique biomarkes to diffrenciate OM from 

root and leaves in the Everglades wetland plants (e.g., Chapter IV) have not been 

identified. Although kauranes were reported to be significantly more abundant in 

Cladium root than its leaves (Saunders et al., 2006), no direct evidence was found to 

support that kaurene is generated directly from Cladium root. Thus, the difficulty in 

distinguish between leaf and root derived OM in soils remains a challenge when applying 

biomarkers and stable isotopes in paleoenvironmental assessments of wetland soils.  
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Table 6.3 n-Alkane concentrations and distributions across studied plant roots of the Everglades freshwater wetland. 
 

Species (Roots) 
Total n-
alkanes  

(ug/gdw) 
n (SD) Paq n (SD) ACL n (SD)  δ13C  n (SD)  δD  n (SD) 

Typha latifolia 39.3 3 (26.1) 0.59 3 (0.14) 27.2 3 (0.4) -32.9 3 (4.5) -141.6 3 (7.8) 

Typha latifolia 1 55.6   0.43   27.6   -29.7   -145.7   

Typha latifolia 2 53.2   0.62   27.2   -36.1   -132.5   

Typha latifolia 3 9.2   0.71   26.9   -33.1   -146.5   

Typha domingensis 6.7 4 (3.7) 0.46 4 (0.10) 27.5 4 (0.3) -32.7 4 (0.6) -126.2 4 (3.6) 

Typha domingensis 1 7.3   0.48   27.7   -33.4   -130.1   

Typha domingensis 2 2.1   0.32   27.8   -32.9   -125.7   

Typha domingensis 3 11.0   0.53   27.2   -32.5   -127.4   

Typha domingensis 4 6.3   0.52   27.4   -32.0   -121.4   

Cladium jamaicense 123 6 (92.9) 0.36 6 (0.12) 27.5 6 (0.3) -31.1 6 (1.7) -208.8 6 (16.1) 

Cladium jamaicense 1 110.5   0.24   27.7   -32.6   -202.8   

Cladium jamaicense 2 95.7   0.46   27.1   -32.7   -196.5   

Cladium jamaicense 3 195.3   0.51   27.0   -32.0   -214.7   

Cladium jamaicense 4 267.8   0.24   27.7   -31.3   -227.0   

Cladium jamaicense 5 21.4   0.19   27.8   -28.6   -203.7   

Cladium jamaicense 6 47.0   0.44   27.5   -29.5   -206.9   

Eleocharis cellulosa 160.1 4 (91.6) 0.94 4 (0.01) 25.7 4 (0.1) -33.0 4 (1.9) -140.6 4 (10.3) 

Eleocharis cellulosa 1 60.9   0.96   25.6   -30.6   -138.1   

Eleocharis cellulosa 2 251.3   0.94   25.7   -35.1   -132.8   

Eleocharis cellulosa 3 105   0.94   25.7   -33.6   -150.8   
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Eleocharis cellulosa 4 223.2   0.95   25.7   -32.6   -126.4   

Nymphaeaceae 78.5 6 (66.6) 0.76 6 (0.15) 26.9 6 (0.5) -30.6 5 (1.27) -130.6 3 (11.1) 

Nymphaeaceae 1 38.7   0.56   27.2   -32.5   -135.4   

Nymphaeaceae 2 82.2   0.61   27.3   -29.9   -138.6   

Nymphaeaceae 3 28.3   0.77   26.8   -30.5   -117.9   

Nymphaeaceae 4 45.9   0.88   26.4   -29.2   N.A.   

Nymphaeaceae 5 127.7   0.94   26.3   -30.9   N.A.   

Nymphaeaceae 6 147.9   0.82   27.3   N.A.   N.A.   
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Figure 6.3 n-Alkane distribution and the average δD and δ13C values between leaf and 
root among typical Everglades wetland plants. 
 

6.4.3  Compound-specific stable carbon and hydrogen isotopic compositions- 

Aboveground biomass  

Determining the δD values of n-alkanes in typical plants from the Everglades will 

provide basic background information for future organic geochemical applications. 

Considering that significant quantitative and qualitative differences in the n-alkane 

distribution were observed, concentration-weighted average leaf-wax isotope values 

(δ13C and δD for odd n-alkanes from n-C21 to n-C35, when available) were  reported here 

(Chikaraishi and Naraoka, 2003). No successful δD measurements were obtained for n-

alkanes of Taxodium distichum, Pinus elliottii and Halophila decipiens due to excessively 

low n-alkane concentrations. Detailed average δD and δ13C values for each plant  are 

shown in Appendix 6.1. The isotopic values from different plant types sampled across the 
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Everglades tree island/wetland/estuary differ significantly (, where compound-specific 

δ13C values ranged from -38.8 to -24.2‰ and from -16.7 to -14.2‰ among studied C3 

and C4-type (seagrass) plant leaves, respectively. δD values ranged from -231.1 to -77.7‰ 

among all studied plant leaves. These ranges generally agreed with other studies from 

modern plants from other parts of the world (Chikaraishi and Noraoka, 2003; Hou et al., 

2006; Liu et al., 2006). 

n-Alkanes from terrestrial woody and shrub plants had significantly (student T 

test, two tailed, P = 0.03) more enriched average δD values (averaged as -91.2‰ on the 

basis of 9 species; 19 separate samples; SD = 8.0‰) compared to wetland emergent, 

floating and submerged plants (averaged as -135.7‰; on the basis of 8 species; 51 

separate samples; SD = 39.2%). Several factors can lead to variability between terrestrial 

trees and wetland macrophytes. It has been reported that terrestrial trees may absorb 

much deeper soil water because of its root system than macrophytes, where deeper soil 

water is more δD depleted compared with the shallow or surface soil water (Barnes and 

Turner, 1998). However, other factor than water source difference can be controlling the 

δD values in this dataset. For example, the relative humidity is expected to be lower for 

the tree island plants compared to the wetland plants. Therefore, a higher degree of 

evapotranspiration, because of much “drier” micro-environment for the tree island 

vegetation as a result of wind and direct sunlight, could be a major factor causing higher 

δD values for trees relative to aquatic plants. This interpretation is also supported by the 

fact that more enriched δD values (~40‰) for terrestrial plant lipids compared to those of 

aquatic plants have been reported (Chikaraishi and Naraoka, 2003; Huang et al., 2004; 
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Sachse et al., 2004). Moreover, Raven et al., (2005) showed that the deep root of trees 

would also increase transpiration rate, which will also cause enriched δD values for 

terrestrial trees. 

The δD values of n-alkanes in terrestrial plants from the Tree Island and Gumbo 

Limbo Island range from -105.9 to -77.7‰. The mean δD value of n-alkanes in 

Chrysobalanus icaco (Cocoplum) leaves were most enriched (-77.7‰), while the mean 

δD value for the n-alkanes in the other terrestrial tree leaves were more depleted (by up to 

29.2‰), although all those woody plants were growing at the same site. The ferns 

(Blechnum chilense and Osmunda regalis) living in the same area have mean values of -

89.6 and -97.8‰, respectively. No significant difference in n-alkanes δD values between 

terrestrial tree leaves and terrestrial fern plants were observed, although Liu et al. (2008) 

suggested that trees may have a higher evapotranspiration compared to ferns.  

The δD values of n-alkanes in the freshwater plants from the Everglades vary 

between -114.6 to -232.2‰ (concentration weighted average, Appendix 6.1). Within each 

particular plant species, the δD variations can also be significant (up to 55.5‰). 

Interestingly, sawgrass (Cladium jamaicense) has a significantly depleted δD value for 

the n-alkanes (averaged as -232.2‰; SD = 25.9‰). This was the case for all 11 sawgrass 

samples collected from various locations within Evergaldes . In agreement with this 

observation, Gao et al. (2011) showed that emergent plants had highly depleted δD values 

(-240 to -200‰ for C29 n-alkane, n = 7). However, the exact mechanism for thisvery 

strongly depleted value is not presently known, but may possibly be caused by (1) 

different biosynthetic mechanisms specific to sawgrass, resulting in a stronger isotopic 
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depletion compared with other wetland plants; (2) differences in water use efficiency; (3) 

differences in the timing of lipid biosynthesis; or (4) deeper roots to allow access to 

deeper soil water. Because of the highly prevalent distribution (about 60% by coverage) 

of sawgrass across Everglades system and its strongly depleted δD values, there is a 

significant potential to apply compound specific D for the paleo-environmental 

assessment of pland successions in the Everglades wetlands (see Chapter VII below).  

The δD values of mangrove leaves (Rhizophora mangle, Laguncularia racemosa 

and Avicennia germinans) range from -129.7 to -168.0‰, which are more depleted than 

the terrestrial tree leaves analyzed. This is unexpected at first glance since estuary surface 

brackish water is more δD enriched than fresh water (Price et al., 2008). Similar range of 

highly depleted δD values for n-alkanes have previously been reported for Avicennia 

marina leaves (Ladd and Sachs, 2012), and (1) increased discrimination against 

deuterium during water uptake; (2) different production of compatible solutes from D-

enriched pyruvate; (3) different relative humidity at the leaf surface among others (Ladd 

and Sachs, 2012) 

The n-alkanes for the C4-type seagrasses (Syringodium filiforme and 

Halodule wrightii) had average δD values of -88.0 and -84.8, respectively, which were 

more enriched compared to freshwater aquatic plants and close to the C3 tree leaves. 

While no significant difference in δD values of lipids among plants with different 

biosynthesis pathways were reported by Sternberg et al. (1983, 1984), a recent study by 

Chikaraishi and Naraoka (2003) showed that δD values of leaf wax from C3 plants were 

slightly more enriched than those of C4 plants, and suggested that the δD value difference 
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can be associated with evapotranspiration and n-alkane biosynthesis. However, Smith and 

Freeman (2006) found that for grasses grown in both green houses and US Great Plains, 

n-alkanes from C4 grasses are more δD enriched by over 20‰ compared to those from 

C3 grasses. C4-type sea grasses in this study were sampled from Florida Bay, and the δD 

value of the marine water source is also more δD enriched.  

Plant leaf n-alkane δ13C values are also important and can be applied to estimate 

plant community and climate in the geologic past (Diefendorf et al., 2010). Plant leaf n-

alkane δ13C values are presented in Table 6.1. Similar to the δD measurement, the δ13C 

values were not reported for some plant n-alkanes because of their low concentrations. 

The odd carbon numbered n-alkanes seemed to be more enriched in 13C than the even 

ones, which has also previously been reported (Collister et al., 1994; Chikaraishi and 

Naraoka, 2003). No clear correlation between the carbon chain length of n-alkane and 

their δ13C values were observed.  

Seagrass had significantly enriched n-alkane δ13C valuess (averaged as -16.7 ‰ 

and -14.2 ‰) than all other C3 plants (-37.9‰ to -24.2‰) were observed. This was 

consistent with literature values (Bi et al., 2005; Collister et al., 1994; Lockheart et al., 

1997). A large range of n-alkane δ13C values (-38.8 to -24.2‰) was observed among all 

C3 plants studied. Utricularia foliosa had very depleted values averaged as -38.8‰ (n = 

8; SD = 2.2‰), which is in agreement with data by Mead et al. (2005) who reported -40.7‰ 

for averaged n-alkane δ13C values of Utricularia sp. Such significantly depleted values 

have also been observed for Utricularia foliosa (-31.5 ± 2.0‰; n = 4). Taxodium 

distichum was more enriched in δ13C (-24.2‰) and a little more depleted than the 
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corresponding bulk carbon values (Anderson et al. 2005) of about -20.0‰. The variation 

among C3 plants could be influenced by several factors such as water availability and 

plant types (Kohn, 2010; Freeman et al., 2011). 

 

6.4.4 Compound-specific stable carbon and hydrogen isotopic compositions – 

Belowground biomass  

Root-derived lipids can also make a significant contribution to OM in sediments 

(Gocke et al., 2010; Huang et al., 2011; Mendez-Millan et al., 2010). For this present 

study, no significantly difference in δD values between leaves and roots were found for 

Typha latifolia, Eleocharis, and Nymphaeaceae, while for Cladium and Typha 

domingensis, significantly more enriched δD values in roots (student T test, two tailed, P 

< 0.05) compared to their leaf counterparts (Fig. 6.3) were observed. Cladium roots can 

develop as deep or more than 2 m (Goslee and Richardson, 2008), which may allow the 

root to access more δD depleted water in deeper soil. All plant roots seemed more 

enriched in δ13C (although not statistically significant) than their leaf conterparts. This δD 

and δ13C values difference between leaves and roots may infer different biosynthetic 

depletion between roots and leaves for some plant species. However further studies need 

to be performed to address further issue. 
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Table 6.4 δD and δ13C values of n-alkanes between plants leaf and root of the Florida 
Coastal Everglades. 
 

Species (leaves)  δ13C  n (SD)  δD  n (SD) 

Taxodium distichum -24.2 1 N.A. 1 

Pinus elliottii -31.8 1 N.A. 1 

Blechnum chilense -31.1 1 -89.6 1 

Osmunda regalis -32.7 1 -97.8 1 

Magnolia virginiana -35.6 2 (2.7) -90.0 2 (9.0) 

Annona glabra -33.2 3 (1.5) -86.9 3 (6.7) 

Persea borbonia -33.1 1 -105.9 1 

Myrica cerifera -31.8 2 (2.9) -94.1 2 (1.1) 

Salix Caroliniana -31.5 3 (2.3) -93.6 2 (4.8) 

Chrysobalanus icaco -37.8 1 -77.7 1 

Cephalanthus occidentalis -31.8 1 -85.0 1 

Typha latifolia -36.0 3 (1.1) -125.4 3 (7.1) 

Typha domingensis -33.0 4 (2.0) -137.5 4 (11.5) 

Cladium jamaicense -31.9 13 (1.5) -231.1 11 (25.9) 

Eleocharis cellulosa -34.0 10 (2.5) -113.5 6 (8.7) 

Nymphaeaceae sp. -32.2 7 (1.0) -120.0 6 (11.7) 

Utricularia foliosa -38.8 8 (2.2) -116.0 8 (9.0) 

Utricularia Purpurea -35.9 3 (1.4) -119.9 2 (5.6) 

Bacopa caroliniana -31.1 2 (1.2) -122.8 2 (10.0) 

Laguncularia racemosa -37.2 6 (1.7) -137.9 6 (13.8) 

Avicennia germinans -35.7 3 (0.9) -167.9 3 (8.9) 

Rhizophora mangle -37.9 7 (0.9) -129.7 7 (2.3) 

Syringodium filiforme -14.2 1 -88.0 1 

Halodule wrightii -14.9 1 -84.7 1 

Halophila decipiens -16.7 1 N.A. 1 

Species (Roots) δ13C n (SD) δD n (SD) 

Typha latifolia -32.9 3 (3.2) -141.6 3 (7.8) 

Typha domingensis -32.7 4 (0.6) -126.2 4 (3.6) 

Cladium jamaicense -31.1 6 (1.7) -208.8 6 (16.1) 

Eleocharis cellulosa -33.0 4 (1.9) -140.6 4 (10.3) 

Nymphaeaceae -30.6 5 (1.3) -130.6 3 (11.1) 
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6.5 Conclusions 

The mid to long chain (C21 to C35) n-alkanes in subtropical plant leaves, 

subtropical wetland plant roots are documented in this study. The n-alkane abundances 

between different plant group leaves will help to find the dominant n-alkane signal 

preserved in soils and sediments, which will provide clear information to interpret δD and 

δ13C values from the geologic past. Generally, gymnosperms leaves investigated here 

produced much lower n-alkane concentrationsthan gymnosperms. As expected, terrestrial 

trees and mangroves were more enriched in higher chain n-alkanes (C29, C31 and C33; 

with lower Paq) compared with freshwater wetland macrophytes. Most wetland plant 

roots have higher Paq and ACL values than their leaf counterparts. For instance, for the 

emergent Eleocharis cellulosa, (1) the n-alkane abundance is significantly much higher in 

the roots; (2) roots are relatively more enriched in longer chain n-alkanes (n-C29 and n-

C31). This “lipid behavior” inconsistence between leaf and root calls for further wider 

scope analysis, and caution has to be taken in settings where the root derived lipid cannot 

be neglected. Although the number of samples is limited, the difference in composition 

between these plants suggests that studies using n-alkanes and their isotope values to 

track paleoclimate or peleoecology need to consider both signals from above and 

belowground biomass. 

Although my study is limited to a small geographical scale, the abundance and 

distribution of n-alkanes and their δ13C and δD values showed variation among plant 

leaves studied and also between above- and belowground biomass components. The δ13C 

values of n-alkanes showed large variation within C3 plants. n-Alkanes from terrestrial 
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trees and seagrass are more enriched in δD values compared with those of wetland 

macrophytes. While mangroves are more δD depleted in n-alkanes compared with the 

terrestrial trees, a significant difference in δD values of n-alkanes were observed between 

leaf and root counterparts for some wetland plants. For instance, for the emergent 

Eleocharis cellulosa, the averaged δD value is more depleted in root compared with its 

leaf counterpart. n-Alkanes from wetland plant roots seemed to be more δ13C enriched 

than that of leaves. These isotopic variations can be affected by various parameters such 

as different biosynthetic process, precipitation, temperature, latitude, relative humidity, 

water source (availabitity or stress), taxonomy, leaf autonomy, wind, time of lipid 

synthesis, plant ecological life forms etc. All in all, more detailed study needs to be 

performed to better strengthen future paleo-reconstructions using n-alkanes and their 

isotopic compositions. 
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CHAPTER VII 

 

COMPOUND SPECIFIC δD AND δ13C ANALYSES AS A TOOL FOR THE 

ASSESSMENT OF HYDROLOGICAL CHANGE IN A SUBTROPICAL WETLAND 
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7.1 Abstract 

Compound-specific carbon and hydrogen isotopic ratios and the molecular 

distribution of n-alkanes from important plants, surface soil transects and soil cores from 

the Florida Everglades wetland, USA, are reported. The aim of this study was to test the 

potential of compound specific D and 13C isotope data as a means to assess historical 

vegetation successions induced by hydrological modification in an anthropogenically 

impacted, subtropical wetland.  Compound specific stable isotope values and the n-alkane 

based aquatic proxy (Paq) for a series of wetland plants which are dominant in long 

hydroperiod, slough and short hydoperiod, ridge landscapes of the Everglades were 

determined and compared with a transect of ridge-to-slough surface soil organic matter as 

a calibration exercise. The plant data show that δ13C and δD values of n-alkanes differ 

significantly (by 6.4‰ and 150‰, respectively) among all the studied wetland plants. 

Not all emergent macrophytes had similar values, and difference of as much as 3.6‰ and 

130‰ were observed between the two most abundant species (Cladium and Eleocharis) 

for δ13C and δD values, respectively. A clear n-alkane δD value depletion (-130‰ to -

167‰) was observed along slough-ridge soil transects (with water depth ranging from 

~70 to ~40 cm along the transect) from this wetland setting. This n-alkane δD depletion 

trend correlated with a decrease in Paq, and was likely the result of a transition from 

slough to ridge dominated vegetation (Eleocharis to Cladium). Two soil cores were also 

analyzed and the δ13C values of n-alkanes were found to be enriched by as much as 4.6‰ 

and 3.9‰ with depth for both the slough (dating back to ~ 40 BC) and ridge (dating back 

to ~ 1800 AD) cores, respectively. In agreement with the relatively constant Paq values,  
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the lack of significant changes in the trend of δD vs. depth for the slough core suggest a 

consistent slough type of vegetation composition over time at that location.. In contrast 

changes of both n-alkane δ13C and δD values for the ridge core, especially after ~1960 

AD, coincide with the expected plant successions from historically long hydroperiod, 

slough type plants (Eleocharis, Utricularia, Nymphaea) to present day, short hydroperiod, 

ridge type plant (Cladium). These δ13C and δD changes may be driven by a combination 

of plant primary productivity and vegetation shifts associated with hydrological change. 

The application of the compound-specific stable isotope determinations strongly 

complements the biomarker approach for paleo-hydrological assessments in wetland 

ecosystems. 

 

7.2 Introduction 

The Florida Everglades wetland ecosystem consists of a mosaic of tree islands 

within a slough and ridge landscape (Larsen et al., 2011), and is the largest subtropical 

freshwater wetland ecosystem in North America. The Everglades is commonly referred to 

as the “River of Grass” (Douglas, 1947)  because of the prevalent presence of sawgrass 

marshes (Cladium jamaicense), which account for over 65% vegetation of the Everglades 

landscape. Vegetation distribution in the Everglades wetland is controlled by various 

drivers including hydroperiod (water depth and duration of inundation as related to 

precipitation and/or water management), water quality, fire frequency and soil type (Ross 

et al., 2003). Since the Everglades is characterized by of low velocity sheet flow (Riscassi 

and Schaffranek, 2004), hydroperiod and associated historical changes are important 
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factors affecting the landscape as well as vegetation type and distribution. Anthropogenic 

effects through water management over the last century (Davis et al., 1994) are likely the 

most critical influence of present day Everglades ecohydrology.  

In the Everglades, water flow has been significantly altered over the past few 

decades because of structural modifications for flood control, urban and agricultural 

development. These changes resulted in reduced water delivery coupled with altered 

seasonal pulsing because of regulated flow, and in general depriving the system of the 

needed water quantity and quality (Larsen et al., 2011). As a result, Everglades National 

Park (ENP) is undergoing an unprecedented restoration effort with the ultimate goal to 

re-establish water quantity, quality and timing to conditions similar to those existing prior 

to anthropogenic alteration (Richardson et al., 2008). To establish benchmarks for 

hydrological restoration, paleo-hydrological information is needed to assess changes from 

past conditions to the present in order to predict the potential effectiveness of restoring 

the system. For the purpose of paleo-ecological and paleo-hydrological studies, source-

specific biomarkers have already successfully been applied in the Everglades (Saunders 

et al., 2006; Saunders et al., in review) and have confirmed a vegetation shift with the 

reduction of hydroperiod over the past decades, especially during the latter part of the 

20th Century (>1960). Among the biomarkers applied, the aquatic proxy, Paq (Ficken et 

al., 2000; Mead et al., 2005) was found to be most successful to differentiate between 

ridge type plants (lower Paq) and slough type plants (higher Paq), and consequentially 

between ridge and slough surface soil organic matter (Saunders et al., 2006; in review). 

However, in some instances, even when a clear trend in plants distribution along the 
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ridge-to-slough was apparent, no obvious Paq changes were observed. In addition, 

variations of Paq within the same plant species sampled from different locations or 

during different years have also been observed (Mead et al., 2005; Pisani et al., 2013; 

Saunders et al., 2006), suggesting that this parameter may have some limitations in its 

application as a paleo-proxy. Moreover, it is still unclear how environmental variables 

(climate variations) or stresses (hydroperiod changes) would affect the wax lipid 

composition or Paq for the same plants (Jetter et al., 2006). The other biomarkers 

previously applied to assess hydrological change and associated vegetation shifts in the 

Everglades (Saunders et al., 2006; in review) are either associated with organic matter 

derived from periphyton (C20 HBI and botryococcenes; Jaffé et al., 2001 and Gao et al., 

2006, respectively) or primarily with root derived organic matter (kaurenes; Saunders et 

al., 2006). As such, these biomarkers also have some limitations to assess historical 

variations in the ridge and slough landscape because of the mobility of the sources of the 

former and the belowground generation of the latter. It is therefore of interest to develop 

additional paleo-indicators to be applied to better constrain historical hydroperiod 

variations in wetlands and serve as complementary information to those already being 

applied.     

On the basis of literature reports, I hypothesize that the combination of this n-

alkane proxy (Paq) with compound specific δD and/or δ13C isotope data for n-alkanes 

would provide further confirmation regarding plant successions induced through 

hydrological changes. Since compound specific δD and δ13C values of lipids can be 

directly related to hydrological changes (Sachse et al., 2012 and references therein) and 
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changes in primary productivity (Shemesh et al., 1993; Gu et al., 1996), I expect that this 

approach will not only complement information suggested by biomarkers (Diefendorf et 

al., 2011), but may be even more sensitive and accurate than molecular distributions (e.g., 

Paq) alone. Previous literature reports have confirmed this assumption. Seki et al. (2009) 

applied a combined compound-specific δ13C  and δD to study a peat core from the Hani 

bog of northeast China with the objective to reconstruct local changes in effective 

precipitation and land vegetation cover over the last 16 Kyr. They suggested an increase 

in the contribution of aquatic plants and a higher water level during the 14 to11 Ka period 

on the basis of the depleted δD values of mid-chain n-alkanes (C23, C25 and C27) relative 

to the long chain n-alkane (C31) and the higher Paq values during that time. In addition, 

Seki et al. (2010) combined compound-specific δD and δ13C of n-alkanes in forest soil, 

wetland peat and lake sediments within the Dorokawa watershed, Japan, to understand 

sources and delivery processes of terrestrial organic matter to the lake sediments. Krull et 

al. (2006) measured compound specific δD and δ13C analyses of lipids from a modern, 

water-limited ecosystem with a mixed tree-grass vegetation distribution to provide 

different water use strategies of plants and plant induced changes in soil hydrology. 

Leider et al. (2013) reported on the distribution and stable isotopic compositions of δD 

and δ13C of plant-wax derived n-alkanes (C27 and C29) in terrestrial, coastal and offshore 

surface sediments in relation to hydrology, suggesting they could be applied as 

paleohyrologic proxies and that combined δD and δ13C of plant n-alkanes could 

discriminate potential source of n-alkanes deposited in the marine environment. Similarly, 
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Chikaraishi et al. (2005) successfully evaluated the source input for phytol and sterols 

from sediments of Lake Haruna in Japan using both δ13C and δD data. 

Thus, combining molecular distribution patterns with compound-specific stable 

δ13C and δD measurements is a promising approach to assess paleo-hydrology in the 

Everglades wetland. In this study, I report the δ13C and δD composition of leaf wax n-

alkanes from dominant wetland plants, surface soil transects, and soil cores in Everglades 

National Park, USA. The objectives of this effort were to test whether stable isotope 

signatures of sub-tropical wetland plants are recorded in wetland surface soils, and if so, 

if they can be applied to wetland soil cores for paleo-environmental assessments. 

Combined with other studies that have already provided information on historical 

vegetation shifts because of hydrological variations in the system (Cohen et al., 1999; 

Saunders et al., 2006; in review), the Everglades ecosystem seems ideally suited to test 

this hypothesis. 

 

7.3 Samples and methods 

7.3.1 Samples 

7.3.1.1 Site description and samples 

The oligotrophic Florida Everglades freshwater wetland system is extremely 

sensitive to anthropogenic forcing and stress. Two major drainage basins exist within the 

southern Everglades; the Shark River Slough (SRS) and the Taylor Slough/Panhandle 

area (TSPh; Fig. 7.1). Differences in hydrological conditions between the freshwater 

marshes in SRS and TSPh (long vs short hydroperiod respectively; Chen et al., 2013) 
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result in different soil types. However, the vegetation community structures are quite 

similar between the two. As such, TSPh marshes are characterized by marl type soils, 

while peats are typical for the freshwater SRS. Freshwater marshes in the Everglades are 

dominated by Cladium (sawgrass), whose productivity is lower at TSPh relative to SRS 

marsh sites (Daoust and Childers, 2004; Ewe et al., 2006). The major plants species at 

both sampling stations (SRS2 and TSPh2; Fig. 7.1) are Cladium, Eleocharis, Nymphaea, 

Utricularia sp. and periphyton. While Cladium is usually more abundant at the ridges 

(shallow water), Eleocharis, Utricularia and Nymphaea are more common in the sloughs 

(deeper water, Gunderson, 1994).  

 

Figure 7.1 Map of sampling locations. 
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7.3.1.2 Vegetation survey 

Typical freshwater plants (Cladium, Eleocharis, Utricularia and Nymphaea) and 

freshwater periphyton were collected at sites SRS2 and TSPh2 in 2012 (Fig. 7.1, for 

details see fcelter.fiu.edu/). Additionally, all these plants mentioned above and Bacopa 

Caroliniana, Typha domingensis, Typha latifolia were also sampled from various 

locations such as Water Conservation Area 3B (WCA3B) and SRS3 across the Florida 

Everglades freshwater wetland. Plant materials were wrapped in clean aluminum foil, put 

in pre-combusted glass jars and then stored on ice. After transport to the lab, they were 

washed repeatedly with deionized water, frozen, freeze dried, crushed to a fine powder 

and kept frozen (-20 ˚C) until analysis. 

 

7.3.1.3  Surface soil transects 

Surface soil transect samples were obtained from archived samples from a 

previous study (Saunders et al., 2006). Briefly, soils were collected by pushing sharpened, 

butyrate coring sleeves (7.3 cm i.d.) into the soil and extruding the top 4 cm of soil. 

Surface soil (11 samples, 5 m intervals) were collected at SRS2 along a 50 m transect 

from deep (wet prairie/slough) to shallow (sawgrass mash/ridge) water depth. The surface 

soil samples were labeled as SRS2 (×, 0), where ‘×’ is the distance in m away from the 

deep slough site along the transect, and ‘0’ stands for surface sample. Thus, samples 

covering the range from deep slough (start of transect), through the intermediate depth 

transition zone (half-way point of transect), to the shallow sawgrass marsh ridge (end of 

transect) would be labeled as SRS2 (0, 0), SRS2 (25, 0) and SRS2 (50, 0), respectively. 
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7.3.1.4  Soil cores 

Two archived soil cores (Saunders et al., 2006; in review) were obtained from the 

SRS2 site; one at wet prairie/slough and the other one at a Cladium marsh/ridge (Fig. 7.1). 

While the marsh/ridge landscape is covered dominantly by Cladium, the wet 

prairie/slough landscape is primarily covered by emergent Eleocharis, floating aquatic 

Nymphaea and submerged Utricularia. The transition zone between marsh/ridge and wet 

prairie/slough are usually covered by the mixture of Cladium and Eleocharis (Saunders et 

al., 2006, in review). Periphyton was well distributed throughout both Cladium 

marshes/ridges and wet prairies/sloughs. The core from wet prairie/slough (deep water; 

longest hydroperiod) will be referred to as ‘slough core’ while the other one from the 

Cladium marshes (shallow waters; short hydroperiod) will be referred to as ‘ridge core’. 

The two soil cores (25 cm deep for each) were collected and sectioned as previously 

described (Saunders et al., 2006).  

 

7.3.2  Analytical methods 

7.3.2.1 Biomarker analyses 

All samples (plants, surface soils and soil core segments) were frozen, freeze-

dried (-50°C; 0.01 m bar) and ground. The dried samples are Soxhlet-extracted with pure 

methylene chloride (Optima, Fisher, USA) for 24 hours. Activated copper is added to the 

total extract to remove elemental sulfur. Total extractable organics were saponified with 

0.5 M KOH and separated into neutral and acid fractions. The neutral fraction was further 

fractionated over silica gel to obtain the saturated hydrocarbons (Jaffé et al., 1995) using 
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n-hexane (20 ml) as eluent. A capillary GC/MS system (Hewlett-Packard 6890 GC 

interfaced to a Hewlett-Packard 5973 quadrupole scanning mass spectrometer) was used 

to analyze all the samples, and operated in the electron impact (EI) ionization mode at 70 

eV. Identifications of individual compounds such as n-alkanes and C20 HBI (Highly 

Branched Isoprenoid) were performed by comparisons with previously reported mass 

spectra and chromatographic elution patterns. 

 

7.3.2.2 Soil core dating 

Previous studies have shown that soil accretion rates, which are controlled by 

diverse environmental factors, vary widely in the Everglades wetlands ecosystem 

(Willard et al., 2002). In this study, soil core ages were obtained from (Saunders et al., in 

review), which were approximated primarily using radiometric dates, or from literature 

values (Willard et al., 2001a; Willard et al., 2001b). The age model of the ridge core was 

on the basis of 14C AMS dates of seeds collected at two depths (8 - 10 and 22 - 24 cm), 

while for the slough core, a single 14C date provided an age at 21 - 22 cm, and ages for 0 - 

20 cm were approximated by averaging depth-age data from 5 other dated Shark River 

Slough cores. Average depth approximations were consistent with age models from 

previous Shark River slough cores (Craft and Richardson 1998; Glaser et al. 2012; 

Willard et al. 2006). 
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7.3.2.3 Compound specific isotope (C and H) analyses 

For the specific purpose of testing whether compound-specific isotope 

measurements will provide complementary and more sensitive information compared to 

biomarker proxies, I analyzed some of the same surface soil transects (ridge to slough; 

Saunders et al., in review) with closer space intervals, for locations with clear vegetation 

transitions. Similarly, two soil cores (one ridge, one slough; see above) at SRS2 from 

Saunders et al. (in review) were also analyzed for this purpose.  

The aliphatic hydrocarbon fraction was analyzed to obtain the δD and δ13C values 

for targeted compounds. Compound-specific δ13C values of n-alkanes and the C20 HBI 

were measured using a gas chromatography-isotope ratio mass spectrometry (GC-IRMS) 

system, consisting of a Thermo Trace GC Ultra system equipped with a DB-1 fused silica 

capillary column (30 meters long, 0.25 mm ID, 0.25 µm df), a Thermo GC/TC 2 interface, 

and a Thermo Delta V IRMS.  Oven temperature for conversion of compounds to CO2 

was held at 960˚C. Between every four samples, three standard mixtures containing C17 

n-alkane and squalane (different concentrations as 30 ng/µL, 200 ng/µL and 500 ng/µL, 

with known δ13C values for each) were measured to check instrument performance and 

was also used for size correction if necessary. A known amount of squalane was also co-

injected with samples as internal standard for stable carbon and hydrogen isotopic 

measurements. The δ13C values are given in per mil (‰) notation relative to the Vienna 

Peedee Belemnite (VPDB) standard (Coplen et al., 1983).  

Compound-specific δD values of n-alkanes and the C20 HBI were measured using 

the same system as for carbon, but with the DB-1 fused silica capillary GC column 
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connected to the higher temperature oven for pyrolysis set at a temperature of 1440˚C in 

a micro volume ceramic tube. Helium was used as carrier gas at 1.6 ml/min. The oven 

temperature program was the same as that described above. F8 standard (purchased from 

Indiana University, Bloomington, USA) was used to check accuracy of the 

instrumentation periodically. Methyl palmitate (-255‰) and squalane (-107‰) mixtures 

with different concentrations (150 ng/µL, 800 ng/µL and 1500 ng/µL for both 

compounds) were used as external standards, and were analyzed between every four  

sample measurements. An additional external standard (B3; Indiana University, 

Bloomington, USA) consisting of a mixture of n-alkanes from C16 to C30 (with different 

concentrations) and known δD values, was also analyzed and used for size correction 

purpose. The H3
+ factor was measured daily prior to sample analysis (average values 5.3 

during this study, with a daily variability within 0.1). Isotopic values for each sample 

were size corrected by the nearest two groups of standards (6 methyl palimitate/squalane 

mixture standards and 2 B3 standards), and the internal co-injected squalane for each 

sample if necessary. Good replicates for all δD values for standards (different 

concentration) were obtained, with a standard deviation < ± 5‰. Error was estimated 

through the repeat analyses of selected samples (n = 3), which yielded standard 

deviations within ± 5‰. Only compounsd (mostly odd carbon numbered n-alkanes) 

present in sufficient quantities (intensity above 500 mVs) for reliable δ13C and δD 

measurements are reported and discussed herein. 
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7.3.2.4 Mean annual precipitation and surface water δD values 

The mean annual precipitation δD values in my study area were obtained from 

several published sources (Ewe et al., 2007; Price and Swart, 2006; Price et al., 2008; 

Saha et al., 2009). If no published values are accessible, OIPC: The Online Isotopes in 

Precipitation Calculator (www.waterisotopes.org) was also used to estimate the annual 

δD values of meteoric water from the sampling sites (Bowen and Revenaugh, 2003). 

 

7.3.2.5 Calculation of the net “apparent” isotopic fractionations 

The isotopic difference between leaf n-alkanes and source water was calculated 

using follow equation 1: εn-alkane/water = αn-alkane/water -1 = ( 
ஔୈ௡ିୟ୪୩ୟ୬ୣାଵ

ஔୈ୵ୟ୲ୣ୰ାଵ
 -1) × 1000‰. 

 

7.4 Results and Discussion 

7.4.1  Paq and C20 HBI in dominant wetland plants, surface soil and soil cores 

This sub-section is intended to provide a synthesis of existing literature data plus 

some complimentary results from some additional samples from this study on the 

distribution of the Paq and C20 HBI in the studied samples leading into the results and 

discussion of the compound-specific stable isotope data. The values of Paq for 

Everglades wetland plants from various previous studies (Mead et al., 2005; Neto et al., 

2006; Pisani et al., 2013; Saunders et al., 2006, in review) and this present study are 

summarized in Table 7.1. Since periphyton consists mainly of planktonic organisms, and 

doesn’t produce n-alkanes in the range used for the Paq determination, it is therefore not 

listed. In general, the Paq values agreed with those reported by Ficken et al. (2000), 



 

 

 197 

where emergent plants and submerged-floating plants showed values ranging from 0.07 ~ 

0.61 and 0.48 ~ 0.94, respectively. A general and consistent trend of lower Paq values 

was observed for ridge type vegetation (Cladium) compared to slough type vegetation 

(Eleocharis, Utricularia and Nymphaea) (Saunders et al., 2006; in review; Table 7.1). 

Cladium sampled at both SRS2 and TSPh2 had lower Paq compared with Eleocharis, 

Utricularia and Nymphaea (Table 7.2). However, some overlap of Paq values across 

plant types (emergent vs. submerged) was also observed. Paq values from the same plant 

species sampled at different time (different studies) were also different (Table 7.1). For 

instance, the mean Paq values of Cladium leaves and Eleocharis stems sampled during 

different studies ranged from 0.13 ~ 0.27 and 0.27 ~ 0.51, respectively. Similar 

observations applied to samples of the same species collected at different locations (SRS2 

compared with TSPh2; Table 7.2). Previous reports have shown that n-alkane 

distributions can vary within species both in long evolutional perspective and across 

environmental gradient scale (Dodd and Afzal-Rafii, 2000; Dodd and Poveda, 2003). 

These variations (both within and between plants) could be because of factors such as: (i) 

different time for leaf wax n-alkanes synthesis and accumulation (Stránský et al., 1967); 

(ii) different environmental variables and environmental stresses, such as temperature, 

water stress or ablation by wind (Jetter et al., 2006); (iii) variation of leaf physiology 

because of different sun-exposure time (Dyson and Herbin, 1968); and potentially other 

unknown factors. While the Paq values presented some degree of variation, in general 

terms they were consistently higher and lower for slough and ridge plants respectively 

and as such applicable as a paleo-hydrology proxy. However, the observed variability 



 

 

 198 

also implies some limitations in the use of this biomarker. 

Table 7.1 Paq values of the dominant plant species in the Everglades freshwater wetlands.  

 

Species 
Biomass 
Allocatio

n (%) 

Saunders et 
al., 2006, 

2014 

Mead et al. 
2005; Neto et 

al., 2006 

Pisani et al., 
2013 

This study 

Paq Mean (n; 
SD) 

Paq Mean (n; 
SD) 

Paq Mean 
(n; SD) 

Paq Mean (n; 
SD) 

Emergent species     

Cladium jamaicense     

Leaves 76%a 0.18 (6; 0.06) 0.13 (3-5c; 
0.02) 

0.27 (1) 0.23 (13; 
0.11) 

Rhizomes 5%a 0.55 (6; 0.05) - - - 

Roots 19%a 0.54 (6; 0.16) - - 0.36 (6; 0.12) 

      

Eleocharis spp.     

Stems 75%a 0.43 (5; 0.16) 0.51 (3-5c; 
0.02) 

0.27 (1) 0.46 (10; 
0.18) 

Rhizomes 12.5%
b 

0.96 (3; 0.01) - - - 

Roots 12.5%
b 

0.88 (3; 0.08) - - 0.94 (5; 0.01) 

      

Typha domingensis     

Leaves 50%b - - - 0.23 (3; 0.11) 

Roots 50%b - - - 0.46 (3; 0.10) 

      

Typha latifolia     

Leaves 50%b - - - 0.13 (3; 0.06) 

Roots 50%b - - - 0.59 (3; 0.14) 

     

Nymphaea odorata     

Leaves 50%b - - - 0.57 (7; 0.19) 
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Roots 50%b - - - 0.76 (6; 0.15) 

     

Nuphar lutea      

Leaves 25%b 0.05 (3; 0.01) - - - 

Stems 25%b 0.20 (3; 0.03) - - - 

Rhizomes 25%b 0.91 (3; 0.04) - - - 

Roots 25%b 0.94 (3; 0.01) - - - 

      

Panicum hemitomon - - 0.13 (1) - 

Bacopa Caroliniana - - 0.24 (1) 0.49 (2; 0.06) 

     

Submerged Species     

Chara sp. - 0.89 (3-5c; 
0.06) 

- - 

Ruppia maritima  0.67 (1) - - 

Utricularia foliosa - 0.93d (3; 0.01) - 0.67 (4; 0.13) 

Utricularia 
purpurea 

- 0.85 (1) 0.83 (1) 0.83 (2; 0.10) 

 
a Busch et al. 2004 
b parsimoniously assuming equal proportions 
c on the basis of 3-5 measurements 
h Neto et al. 2006 

SD = standard deviation; n = sample size; ‘-’ = not accessible



 

 

 200 

Table 7.2 Summary of plants biomarker and hydrology in adjacent ridge and slough communities in the two study sites SRS2 and 
TSPh2. Note: Hydroperiods and elevation differences (Saunders et al., in review) are representative of points centrally located in 
adjacent ridge and slough habitats (15-25 m from the ridge/slough ecotone). 

 

Plant common name 
(scientific name) 

Location Plant type 

Average 
Hydroperiod 
from 2001 to 

2007 

Ridge-
Slough 

Elevation 
Difference 

(cm) 

Paq Cmax Crange 

(min, max) 

Cladium (Sawgrass) SRS2 ridge Emergent 304 (196, 365) 

13.7 

0.17 29 17-33 

Eleocharis (Spikerush) SRS2 slough Emergent 

351 (282, 365) 

0.29 27 15-33 

Utricularia (Bladderwort) SRS2 slough Submerged 0.40 27 15-33 

Nymphaea (Water lily) SRS2 slough Floating aquatic 0.78 23 15-33 

Cladium (Sawgrass) TSPh2 ridge Emergent 171 (114, 233) 

30.5 

0.18 27 15-33 

Eleocharis (Spikerush) TSPh2 slough Emergent 

275 (238, 335) 

0.52 27 17-33 

Utricularia (Bladderwort) TSPh2 slough Submerged 0.71 27 17-33 

Nymphaea (Water lily) TSPh2 slough Floating aquatic 0.82 23 15-33 
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The Paq ranged from 0.33 to 0.67 across the surface soil transect showing a clear 

decreasing trend from slough to ridge (Saunders et al., 2006; in review). C20 HBI, 

originally attributed to cyanobacteria in periphyton (Jaffé et al., 2001), was consistently 

detected at large concentration across the surface soil transect. No obvious trend was 

observed for the C20 HBI abundance (average cover percentage is about 40%) across the 

surface soil transect, which suggests no clear variations in periphyton cover.  

With regard to the slough and ridge cores, total alkane concentrations ranged from 

82 to 271 µg/gdw (205 to 729 µg/g OC) and 60 to 247 µg/gdw (145 to 561 µg/g OC), 

respectively. These values are similar to those reported by Seki et al. (2010) and probably 

reflects the preservation of organic matter under anoxic or sub-oxic conditions in 

wetlands with peat accumulation. Paq values varied only slightly in the range of 0.57 to 

0.64 down the slough core (Saunders et al., in review), which may probably be caused by 

the relatively high OM inputs from Eleocharis, and/or Utricularia and/or Nymphaea.  In 

contrast, the ridge core could be divided into two zones on the basis of biomarker (Paq) 

distributions; zone-1 (0 - 9 cm) and zone-2 (9 - 25 cm; Saunders et al., in review). The 

recorded ranges for zones 1 and 2 are 0.38 - 0.54 and 0.59 - 0.70, respectively, which 

may suggest a vegetation type change from zone-1 (enriched in Cladium) to the higher 

Paq of zone-2 (dominated by Eleocharis and/or Nymphaea). On the basis of the Paq 

survey from the plants and the surface soil calibration, it is possible to suggest that a 

vegetation shift did happen though my ridge core. However, considering the potentially 

large variations in Paq even for the same plant (see Table 7.1), additional information is 

needed to better constrain such changes. C20 HBI was consistently detected throughout 

both cores showing a concentration increases up to 500 µg/g OC for upper soils in both 
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cores. Higher organic matter inputs from periphyton during the last few decades has been 

suggested to explain this trend (Saunders et al., in review), possibly as a result of higher 

nutrients input derived from water runoff from urban and agricultural areas (Davis, 1991). 

 

7.4.2  Isotopic (C and H) compositions of n-alkanes in typical Everglades wetland plants 

All average δ13C and δD values shown (Table 7.3 and Fig. 7.2) were calculated by 

concentration-weighted average of the odd n-alkanes from C21 to C33 for better 

comparison. The δ13C and δD values of n-alkanes (C21 to C33) differed significantly (6.4‰ 

for δ13C and 154.7‰ for δD; Table 7.3) among the whole plants dataset (SRS2 and 

TSPh2, Table 7.3). Generally, Utricularia had the most depleted δ13C values 

(concentration-weighted average, -35.1 to -37.7‰), while Cladium and Nymphaea were 

more enriched in 13C (-31.3 to -33.6‰ and -32.5 to -33.3‰, respectively). Comparing the 

same plants between SRS2 and TSPh2 sites, δ13C values differed significantly for 

Cladium (P < 0.01) and Utricularia (P < 0.01), while no significant changes were 

observed for Eleocharis and Nymphaea. The δ13C difference may be explained by various 

factors mainly related with different environmental conditions affecting primary 

productivity (Shemesh et al., 1993; Gu et al., 1996). Relative 13C-enrichment for Cladium 

(emergent plant) in SRS2 compared with TSPh2 (2.3‰ difference) could have resulted 

from a relative decrease in  primary productivity of Cladium in TSPh2 due to enhanced 

water-stress (Anderson et al., 2005). Alternatively the reduction of stomatal conductance 

and/or an increase in biochemical C-assimilation into lipids for Cladium grown at SRS2 

with higher water level and longer hydroperiod (Ewe and Sternberg, 2002) could explain 

this observation. This relationship is different from terrestrial trees growing in a 
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temperate environment, where water stress causes changes in water-use efficiency (WUE) 

and carbon assimilation resulting in a relative isotopic enrichment (Francey and Farquhar, 

1982; Saurer et al., 1995). Yet, my data shows that plants growing in wetland settings 

may not respond in the same manner as previously observed in other wetland based 

studies (Anderson et al., 2005). Utricularia (submerged plant) showed significantly more 

depleted δ13C at SRS2 compared with TSPh2 (2.6‰ difference), and similar negative 

correlation between water level and δ13C was also reported in Sphagnum (Huang et al., 

2014). This inverse relationship between water level and δ13C is potentially controlled by 

a relative decrease in primary productivity at SRS2 (longer hydroperiod) possibly 

because of less light penetration. Since the dissolve organic matter (DOM) concentration 

is much higher at SRS2 (21.0 ± 9.7 mg/L, n = 67) compared with that of TSPh2 (7.8 ± 

3.5 mg/L, n = 44; Chen et al., 2013), and DOM can absorb light (Coble et al., 1998), light 

availability at SRS2 may indeed limit primary productivity of submerged species. The 

decrease of δ13C value coincides with primary productivity decrease and is supported by 

other studies from sediments (O'Reilly et al., 2003), lake environments (Schelske and 

Hodell, 1991; Gu et al., 1996) and ocean systems (Shemesh et al., 1993). In addition, 

water use efficiency can also cause δ13C variations in plants (Hubick et al., 1986; 

Ehleringer and Cooper, 1988; Ehleringer 1990), and is possible that such mechanism may 

also contribute to the observed δ13C value difference observed between these two sites.  
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Figure 7.2 SRS2 and TSPh2 plants n-alkane δ13C and δD mean values distribution. 
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Table 7.3 SRS2 and TSPh2 plants n-alkane δ13C and δD values distribution (N.A. means not analyzed). 

Note: all mean n-alkane values reported are concentration weighted average values of odd n-alkanes from C21 to C31, when 
reportable. 

 

Plant species 
Odd n-
alkanes 
(mean) 

nC21 nC23 nC25 nC27 nC29 nC31 nC33 

SRS2 Cladium (δ13C) -31.3 -32.4 -29.8 -31.1 -29.5 -29.3 -33.5 -33.1 

SRS2 Eleocharis (δ13C) -34.9 -31.8 -32.5 -34.5 -35.8 -37.2 -37.8 N.A. 

SRS2 Utricularia (δ13C) -37.7 N.A. -37.5 -38.0 -40.5 -36.2 -36.3 N.A. 

SRS2 Nymphaea (δ13C ) -32.5 N.A. -33.2 -31.3 -32.3 -31.9 -33.9 N.A. 

TSPh2 Cladium (δ13C) -33.6 N.A. -32.4 -32.6 -33.5 -33.3 -36.2 N.A. 

TSPh2 Eleocharis (δ13C ) -34.5 N.A. -33.2 -34.4 -33.0 -35.5 -36.6 N.A. 

TSPh2 Utricularia (δ13C) -35.1 -33.1 -35.8 -37.0 -36.4 -33.3 -35.0 N.A. 

TSPh2 Nymphaea (δ13C) -33.3 -33.4 -34.6 -35.5 -33.1 -32.0 -31.0 N.A. 

SRS2 Cladium (δD) -258.7 N.A. -229 -282.7 -275.1 -263.4 -243 N.A. 

SRS2 Eleocharis (δD) -119.3 -100.4 -109.8 -113.4 -115.9 -129.7 -127.5 -85.9 

SRS2 Utricularia (δD) -128.5 -99.2 -132.2 -140.8 -118.8 -131.4 -119.1 N.A. 

SRS2 Nymphaea (δD ) -118.5 N.A. -98.9 -113.1 -144.9 -152.9 -102.4 N.A. 

TSPh2 Cladium (δD) -243.0 N.A. -242.7 -270.8 -228.2 -221.1 -252.0 -175.2 

TSPh2 Eleocharis (δD) -104.0 N.A. N.A. -95.4 -116.1 -121.5 -84.0 -75.3 

TSPh2 Utricularia (δD) -116.1 -110.2 -112.8 -123.5 -124.1 -122.2 -103.9 N.A. 

TSPh2 Nymphaea (δD) -109.9 -129.9 -94.6 -103.5 -108.3 -113.4 N.A. N.A. 
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The mean δD values shown in Table 7.2 indicate no significant difference among 

Utricularia (submerged plant), Eleocharis (slough type emergent plant), and Nymphaea 

(slough type floating plant). For Cladium (ridge type emergent plant), relative δD 

enrichment would be expected because of the effect of evaporation at the shallower ridge 

habitat. However, the mean δD values are most depleted for Cladium, with a difference 

of about 120‰ compared to all other slough type plants studied. This large depleted δD 

value agrees with a report by Gao et al. (2011) who showed that emergent plants had the 

most depleted δD values (-240 to -200‰ for C29 n-alkane, n = 7). In order to test the 

consistency of this highly depleted δD value for Cladium, several Cladium samples from 

other locations (with different hydroperiod) across the Southern Everglades ecosystem 

were measured, and consistently largely depleted δD values (-232.2‰ ± 29.4‰, n = 13) 

were obtained. Several possible explanations could be ascribed for these depleted δD 

values of Cladium. First, although most plants studied were from the same site (SRS2 or 

TSPh2) and grew under almost equal conditions, the species may have unequal 

autecology (Brader et al., 2010). Cladium has a really high relative growth rate (RGR) 

and can develop roots as deep as more than 2 m (Goslee and Richardson, 2008), which 

would allow it to exploit groundwater (less evaporative/more D depleted compared with 

upper soil water or surface water). Second, enriched δ13C value for Cladium (Table 7.2) 

may infer its greater water use efficiency (WUE) when compare with the others plants. 

Hou et al. (2007a) reported plants with higher WUE (inferred from enriched δ13Cwax value) 

were found to have more depleted δD values. This possible higher water use strategy for 

Cladium might be another possible reason for its stress-tolerant and widespread across 

Everglades system not only because of its low nutrient requirement, dense stands and 
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adaptation to fire ecology (Steward and Ornes, 1975, 1983; Miao et al., 1997). Third, 

precipitation with different δD values because of seasonality change. It is known that the 

precipitation δD values vary though out the year from Price et al. (2008, Table 7.2), 

especially during wet season (May to Oct.) where precipitation amounts are significantly 

higher. The δD values of precipitation during wet season can vary from -62.0‰ to 8.4‰ 

and it is known that Cladium grows mostly during the wet season (Lorenzen et al., 2001). 

This typical seasonal pattern in precipitation δD values among sub-environments may 

also partly explain the large variability of interspecies leaf wax n-alkane 2H/1H 

composition. Actually, not only the precipitation, but the leaf water δD values can change 

significantly even during a single day. In a field-grown barley study performed by Sachse 

et al. (2010), the δD difference between midday leaf water and leaf water pre-dawn can 

be ~ 50‰. However, more studies are needed to determine the timing of leaf 

development for Cladium, especially when Cladium start using precipitation or soil water 

forming leaf wax n-alkane along the whole growing season. Fourth, greater biosynthesis 

depletion, indicating Cladium has slightly different biosynthetic path compared with 

other wetland plants (Eleocharis, Utricularia and Nymphaea) studied. This difference 

might be explained by former studies such as Sessions et al. (1999), in which δD values 

of biosynthetically related compounds such as n-alkanes were reported to differ 

substantially among different species even growing in water with same hydrogen isotope 

composition.  

In contrast to Cladium, no significant δD differences were found between slough 

species such as Eleocharis, Utricularia and Nymphaea. However, when comparing same 

plants between two sites, TSPh2 plants were more enriched in δD (16‰, 15‰, 12‰ and 



 

 208 

9‰ more enriched for Cladium, Eleocharis, Utricularia and Nymphaea, respectively; P < 

0.05 all four plant species). This site difference could be mainly caused by higher 

evaporation at TSPh2 than that of SRS2, which would isotopically enrich water column 

because of evaporative enrichment at TSPh2. Additionally, there is a hydroperiod 

difference between the sites, where TSPh2 has a short hydroperiod and a seasonal dry-

down (Schedlbauer et al., 2010),  while SRS2 is usually inundated year-round (Ogden, 

2005). Increasing inundation time, and associated higher relative humidity, can result in a 

reduction of evaporation and evapotranspiration, and similar patterns have been reported 

for coastal salt marsh species (Romero and Feakins, 2011).  

 

7.4.3 Isotopic (C and H) compositions of n-alkanes and C20 HBI across wetland surface 

soil transect 

Wetland surface soil transects (from slough to ridge) were analyzed to test if 

compound specific isotopic information (C and H) from plants can be recorded in 

wetland surface soils. The δ13C values of individual n-alkanes across this surface soil 

transect range from -27.9‰ to -33.6‰ and concentration weighted average δ13C values 

varied between -29.5‰ to -32.3‰ (Table 7.4, Fig. 7.3a). Comparatively, the δD values of 

individual n-alkanes along this surface soil transect ranged from -99.2‰ to -200.3‰ and 

concentration weighted average δD values between -131.7‰ to -166.9‰ (Table 7.4, Fig. 

7.3b). δ13C and δD values of the C20 HBI  were also obtained and ranged from -37.0‰ to 

-40.6‰ and  -127.6‰ to -153.2‰, respectively (Fig. 7.3a,b). 
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Table 7.4 n-Alkane and C20 HBI δ13C and δD values across SRS2 surface soil transects (N.A. means not analyzed). 

Note: all mean n-alkane values reported are concentration weighted average values of odd n-alkanes from C21 to C31, when 
reportable. 

 

SRS2 surface soil 
transect 

Odd n-
alkanes 
(mean) 

C20 HBI nC21 nC23 nC25 nC27 nC29 nC31 nC33 

SRS2 0,0 (δ13C) -32.3 -38.3 -32.1 -31.4 -33.0 -32.2 -32.1 -33.1 -32.2 

SRS2 5,0 (δ13C) -31.1 -37.3 -32.2 -29.4 -30.4 -31.0 -31.3 -32.3 N.A. 

SRS2 10,0 (δ13C) -30.4 -37.4 -30.1 -28.1 -30.3 -31.2 -31.0 -31.5 N.A. 

SRS2 15,0 (δ13C) -30.0 -37.0 -29.6 -28.4 -29.1 -30.7 -31.1 -30.3 -31.1 

SRS2 20,0 (δ13C) -30.0 -37.1 -30.6 -27.9 -30.0 -30.5 -30.9 N.A. N.A. 

SRS2 25,0 (δ13C) -30.4 -38.5 -30.9 -29.0 -28.2 -31.2 -30.6 -31.7 -31.5 

SRS2 30,0 (δ13C) -30.4 -39.3 N.A. N.A. -28.5 -30.2 -30.7 -32.3 N.A. 

SRS2 35,0 (δ13C) -30.7 -39.2 N.A. -29.7 -29.3 -30.5 -31.1 -31.5 -32.3 

SRS2 40,0 (δ13C) -29.5 -40.6 N.A. -28.5 -28.2 -29.4 -28.6 -30.6 -31.8 

SRS2 45,0 (δ13C) -30.6 -38.3 N.A. -29.4 -28.6 -29.3 -30.4 -32.0 -33.6 

SRS2 50,0 (δ13C) -30.3 -38.5 N.A. -30.5 -28.3 -29.8 -29.5 -31.6 -32.1 

SRS2 0,0 (δD) -132.7 -148.8 -131.5 -117.2 -122.2 -163.1 -140.6 -117.1 -137.0 

SRS2 5,0 (δD) -130.1 -141.2 N.A. -103.8 -111.3 -156.2 -151.9 -115.1 -141.9 

SRS2 10,0 (δD) -136.8 -147.0 N.A. -104.2 -141.5 -175.5 -163.5 -99.2 N.A. 

SRS2 15,0 (δD) -149.7 -153.2 N.A. -141.1 -148.4 -177.9 -174.2 -112.2 -144.2 

SRS2 20,0 (δD) -151.7 -145.5 -137.3 -142.0 -170.2 -186.6 -187.5 -126.8 -111.5 

SRS2 25,0 (δD) -158.7 -140.1 N.A. -122.2 -150.9 -178.9 -196.1 -144.8 -159.4 

SRS2 30,0 (δD) -154.8 -143.6 N.A. -142.1 -126.4 -195.2 -200.3 -110.2 N.A. 
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SRS2 35,0 (δD) -161.9 -144.1 N.A. -147.5 -151.9 -174.6 -195.1 -125.6 -176.7 

SRS2 40,0 (δD) -166.9 -140.2 N.A. -134.9 -165.1 -190.3 -191.0 -157.2 -162.8 

SRS2 45,0 (δD) -162.0 -141.2 N.A. -122.4 -155.4 -198.6 -197.1 -125.1 -173.3 

SRS2 50,0 (δD) -160.6 -127.6 N.A. -123.9 -142.7 -199.8 -201.7 -132.5 -163.0 
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Figure 7.3 a) SRS2 surface soil n-alkane and C20 HBI δ13C values; b) SRS2 surface soil 
n-alkane and C20 HBI δD values. 
 

Biomass cover for the slough section of the freshwater marsh soil transect (SRS2) 

was reported at an average density of 50 stems m-2, including Utricularia, Nymphaea, 

and Eleocharis. While periphyton average aerial cover was determined to be 40%., no 

Caldium (average densities of Claidum about 0 stems m-2 or roots m-2) was observed at 

this site (Saunders et al., 2006). In contrast ridge type soils were covered dominantly by 

Cladium with an average density of 60 stems m-2 and 15 roots m-2, and a limited presence 

of Eleocharis (less than 5 stems m-2). Only minor amounts of periphyton were observed 

at the ridge site (less than 15% areal cover; Saunders et al., 2006). The δ13C values of C25, 

C27 and C29 n-alkanes and averaged δ13C values increased along the slough-ridge transect, 
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which also changed from longer to shorter hydroperiod conditions; higher to lower water 

level and is likely coupled to changes in plant composition (Fig. 7.3a). From the plant 

analyses (see Table 7.2), Utricularia, a slough type submerged plant, had the most 

depleted δ13C signal for n-alkanes, while Cladium, a primarily ridge type emergent plant 

was the most enriched in 13C. In addition, slightly different patterns along the transect 

were observed for C25 n-alkane compared with C29 n-alkane probably as a result of the 

differences in relative abundance of mid-chain to long-chain n-alkanes between ridge and 

slough plants (see Paq, Table 7.1 and 7.2). A similarly negative correlation between 

water level and δ13C for n-alkanes was also reported for a peatland study by Huang et al. 

(2014). 

It has been reported that sedimentary n-alkane δD values can reflect biological 

sources combined with environmental effects (Sachse et al., 2004; Chikaraishi and 

Naraoka, 2006; Huang et al., 2006). In this study, n-alkane δD values (concentration 

weighted average) from surface soil samples range from -131.7‰ to -166.9‰. This range 

was within the δD values measured from the plant survey (-103.9 ~ -258.7‰). If δD 

values of n-alkanes among non-woody plants living in the same location do not change 

significantly, a slight δD enrichment trend would be expected from slough to ridge 

because of the higher evaporation (less water inundation time) for the relatively drier soil 

conditions of the ridge samples. However, an opposite decreasing trend along this 

transect (from slough to ridge) was observed (Fig. 7.3b). Generally C25 n-alkane δD 

values were significantly more enriched compared to those of the C29 n-alkanes, and a 

consistent trend of more depleted δD was observed for C29 n-alkane. This trend was less 

obvious for the C25 n-alkane. This relationship is suggested as the result of organic matter 
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contributions from the significantly more depleted δD values of n-alkanes derived from 

Cladium. In addition, Cladium has significantly higher n-alkanes average concentration 

(298 µg/gdw, n = 6) compared with Eleocharis, Utricularia, Nymphaea (30, 143, 128 

µg/gdw, n = 6 for each plant species). Actually, variations of production of n-alkyl lipids 

have also been suggested by Diefendorf et al. (2011) between plant functional type and 

phylogeny. Moreover, C29 n-alkane is dominantly generated by Cladium compared with 

other slough type of vegetation, while C25 n-alkane is mainly derived from slough type of 

vegetation along this transect. In other words, the effect of vegetation changes seems to 

outweigh effect of evaporation, as previously suggested for other environmental settings 

( Hou et al., 2008; Polissar and Freeman, 2010; Douglas et al., 2012; Nelson et al., 2013). 

This observation has important implications for paleo reconstruction studies since in 

many instances it is assumed that hydrogen isotope fractionations among different plants 

(C3 vs. C4 or CAM, gymnosperm vs. angiosperm) are relatively minor compared to 

environmental/climatic drivers (Sachse et al., 2004, 2006). However, as this study and 

several others suggest this assumption may not always apply. Hou et al. (2007b) reported 

that leaf wax δD values can differ significantly among different plant types (terrestrial 

trees vs. aquatic plants) even under the same precipitation conditions and environmental 

regime. Pedentchouk et al. (2008) suggested that δD and δ13C values of sedimentary leaf 

wax may also result from temporal shifts of plants distribution between angiosperms and 

conifers as well as plants metabolic changes, instead of only from the paleoclimatic 

changes. My results show that significant variability can be observed for wetlands plants 

within a geographically specific environment. Thus caution must be taken for 

paleoclimatic applications on the basis of sediment leaf wax δD values, and regional 
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proxy calibrations should ideally be performed to aid in the interpretation of paleo-

environmental data obtained from sedimentary n-alkane δD values. Future studies, 

especially those focused on modeling approaches (Gao et al., 2011), may provide better 

ways to constrain source contributions through vegetation change in comparison with 

environmental or climatic factors.  

For δ13C values of the C20 HBI along the soil transect, they were consistently 

more depleted by over 5-11‰ relative to the corresponding long-chain n-alkanes for each 

sample (P < 0.01). Their large depleted δ13C values may suggest that C20 HBI-producing 

organisms at least partially utilize recycled (13C depleted) CO2 produced from the 

decomposition of OM as their carbon sources rather than atmospheric (13C enriched) CO2. 

A depletion trend was observed (R2 = 0.35) along the slough to ridge transect, which is 

opposite to that observed for n-alkanes. Several factors could explain such a trend, 

including (a) although C20 HBI was used as a marker for periphyton in the Everglades, 

the biosynthesis of the C20 HBI is not limited to only one unique organism, which seems 

to be supported by its ubiquitous distribution; (b) the C20 HBI is biosynthesized by a 

unique but widespread organism (e.g., cyanobacteria) who uses different carbon pools 

with different hydroperiod, or the combination of both. The exact explanations for this 

pattern remains undetermined and more research is needed to calrifyclarify this 

observation. 

For δD values of the C20 HBI (large concentration in all surface soil samples 

because of high coverage of periphyton in Everglades wetland system), a slight trend of 

isotopic enrichment was observed, which is opposite to the n-alkane δD trend. Since this 

biomarker in not produced by higher plants, and has been used as a marker for periphyton 
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in the Everglades (Jaffé et al., 2001; Pisani et al., 2013), it could be a potential way to 

trace environmental drivers such as hydroperiod without the influence of vegetation 

change effects. Indeed, the δD trend of the C20 HBI for the soil transect seems to be 

consistent with the hydroperiod changes or water inundation patterns between ridge and 

slough environments. This hypothesis will be further tested through sediment core 

analyses and comparison with n-alkane trends below. 

 

7.4.4  Isotopic (C and H) compositions of n-alkanes and C20 HBI in wetland soil cores 

Leaf wax δD and δ13C values, preserved in sediments, can be used to track past 

precipitation history, hydrological changes, and primary productivity (Shemesh et al., 

1993; Gu et al., 1996; Liu and Huang, 2005; Pagani et al., 2006; Huang et al., 2007).  

Depth profiles determined for the slough and ridge cores showed that the C21-C31 

n-alkanes have gradually enriched in δ13C values with increasing depth by up to 5‰ 

(Table 7.5, 7.6, Fig. 7.4a, c). Similar general δ13C enrichment trends were observed for 

C20 HBI down both cores by up to 7‰. These δ13C enrichments with depth have also 

been reported in other soil core studies, where no change in C3 vs. C4 vegetation was 

observed (Huang et al., 1996; Ficken et al., 1998; Seki et al., 2010). Several possible 

factors can influence this enrichment including (a) relatively 13C enriched CO2 in the pre-

industrial past, (b) possible isotopic fractionation of n-alkanes during early diagenesis, (c) 

vegetation shift and plant isotope fractionation changes driven by climatic variations and 

hydrological change. 
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Table 7.5 n-Alkane and C20 HBI δ13C and δD values down SRS2 ridge core (N.A. means not analyzed). 

Note: all mean n-alkane values reported are concentration weighted average values of odd n-alkanes from C21 to C31, when 
reportable. 

 

Ridge core 
depth 

Odd n-
alkanes 
(mean) 

C20 
HBI 

nC21 nC23 nC25 nC27 nC29 nC31 nC33 

0-3cm (δ13C) -30.3 -38.5 N.A. -30.5 -28.3 -29.8 -29.5 -31.6 -32.1 

6-8cm (δ13C) -29.6 -39.4 -30.3 N.A. -28.2 -30.0 -30.1 N.A. N.A. 

8-10cm (δ13C) -27.6 -37.3 -29.4 -27.3 -25.3 -28.4 -27.5 N.A. N.A. 

10-12cm (δ13C) -27.2 -35.9 -28.6 -26.1 -27.0 -26.8 -27.7 N.A. N.A. 

12-14cm (δ13C) -27.8 -36.3 -29.5 -26.8 -27.7 -27.7 -27.4 N.A. N.A. 

14-16cm (δ13C) -27.5 -34.8 -30.0 -26.4 -27.0 -26.9 -27.3 N.A. N.A. 

16-18cm (δ13C) -27.2 -35.9 -29.3 -26.3 -26.8 -26.6 -26.9 N.A. N.A. 

18-20cm (δ13C)  -26.7 -34.0 -27.9 -25.4 -26.1 -25.9 -26.2 -28.5 N.A. 

20-22cm (δ13C)  -26.6 -32.3 -27.3 -25.5 -26.2 -25.8 -26.0 -29.0 N.A. 

22-24cm (δ13C) -26.4 -33.0 -21.8 -25.5 -26.2 -25.9 -26.6 -28.0 -31.0 

24-26cm (δ13C) -26.4 -32.4 -21.1 -25.7 -26.5 -26.2 -26.5 -28.1 -30.7 

0-3cm (δD) -160.6 -127.6 N.A. -123.9 -142.7 -199.8 -201.7 -132.5 -163.0 

6-8cm (δD) -130.0 -131.1 N.A. -96.3 -114.0 -174.8 -160.1 -104.6 N.A. 

8-10cm (δD) -116.2 -127.5 N.A. -99.1 -94.0 -138.2 -126.6 -130.5 -109.0 

10-12cm (δD) -132.0 -135.9 N.A. -111.4 -126.1 -156.9 -161.0 -111.0 -125.3 
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12-14cm (δD) -145.8 -145.7 N.A. -113.3 -131.4 -161.2 -153.9 -156.0 -159.2 

14-16cm (δD) -130.7 -135.2 -133.5 -98.6 -108.4 -141.9 -142.0 -144.3 -146.0 

16-18cm (δD) -137.0 -135.8 -188.2 -98.5 -101.1 -116.6 -129.7 -153.6 -171.2 

18-20cm (δD) -136.9 -137.2 -175.5 -113.3 -99.1 -119.5 -134.4 -155.9 -160.4 

20-22cm (δD) -133.8 -132.2 -174.9 -107.3 -101.3 -128.5 -123.5 -152.0 -149.0 

22-24cm (δD) -131.1 -141.1 -184.0 -102.5 -98.1 -121.8 -126.2 -128.3 -156.9 

24-26cm (δD) -133.9 -138.6 -160.8 -116.1 -98.0 -165.1 -131.4 -130.6 -135.3 
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Table 7.6 n-Alkane and C20 HBI δ13C and δD values down SRS2 slough core (N.A. means not analyzed). 

Note: all mean n-alkane values reported are concentration weighted average values of odd n-alkanes from C21 to C31, when 
reportable. 

 

Slough core 
depth 

Odd n-
alkanes 
(mean) 

C20 
HBI 

nC21 nC23 nC25 nC27 nC29 nC31 nC33 

0-3cm (δ13C) -31.1 -37.3 -32.2 -29.4 -30.4 -31.0 -31.3 -32.3 N.A. 

3-6 cm (δ13C) -30.6 -38.0 N.A. N.A. -30.0 -30.6 -31.1 N.A. N.A. 

6-9 cm (δ13C) -31.3 -37.9 -32.2 -29.7 -29.2 -29.4 -30.6 -32.4 -35.4 

9-12 cm (δ13C) -29.2 -37.8 N.A. -29.0 -29.1 -28.7 -29.9 N.A. N.A. 

12-15cm (δ13C) -29.7 -38.1 -29.5 -28.3 -28.5 -28.2 -28.5 -30.3 -34.6 

15-18cm (δ13C) -28.5 -37.4 -28.5 -27.7 -28.4 -27.9 -28.1 -30.5 N.A. 

18-20cm (δ13C) -28.9 -37.9 -28.2 -27.0 -27.4 -26.9 -28.0 -29.8 -35.1 

20-22cm (δ13C) -27.8 -36.6 -27.9 -25.7 -25.9 -25.6 -26.9 -28.8 -33.7 

22-24cm (δ13C) -28.2 -35.0 -26.1 -26.1 -26.5 -25.9 -27.4 -29.4 -35.7 

24-26cm (δ13C) -26.7 -31.3 -24.5 -24.5 -25.0 -24.4 -25.7 -28.4 -34.6 

0-3cm (δD) -130.1 -141.2 N.A. N.A. -103.8 -111.3 -156.2 -151.9 -115.1 

3-6 cm (δD) -134.4 -134.6 -135.6 -135.5 -105.7 -159.5 -142.6 -124.9 -137.3 

6-9 cm (δD) -125.5 -139.7 -140.7 -112.9 -100.0 -127.3 -128.7 -130.0 -139.0 

9-12 cm (δD) -126.9 -149.7 -134.2 -118.2 -113.6 -126.7 -129.2 -128.8 -137.6 

12-15cm (δD) -123.2 -134.9 N.A. -106.8 -109.6 -126.3 -131.1 -142.4 N.A. 
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15-18cm (δD) -139.6 -140.5 -163.8 -141.8 -110.6 -132.2 -151.1 -138.3 N.A. 

18-20cm (δD) -129.3 -150.6 -139.1 -116.5 -114.9 -132.6 -139.0 -145.9 -117.3 

20-22cm (δD) -146.0 -149.8 -162.1 -139.2 -126.3 -130.5 -142.3 -137.9 -183.9 

22-24cm (δD) -133.0 -152.4 N.A. -162.5 -149.1 -118.1 -119.9 -109.3 -121.0 

24-26cm (δD) -135.6 -141.8 N.A. -158.9 -127.3 -113.8 -129.8 -137.0 -143.7 
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Figure 7.4 a) Ridge core n-alkane and C20 HBI δ13C value depth profile; b) Ridge core n-
alkane and C20 HBI δD value depth profile; c) Slough core n-alkane and C20 HBI δ13C 
value depth profile; d) Slough core n-alkane and C20 HBI δD value depth profile. 
Note: all mean n-alkane values reported are concentration weighted average values of 
odd n-alkanes from C21 to C31, when reportable. 

 

Pre-industrial δ13C values were 1.3‰ more enriched than presently because of 

fossil fuel burning over the past 130 yr (Keeling et al., 1984). In addition, early 

diagenesis associated with heterotrophic reworking of sedimentary organic matter can 

possibly enrich the δ13C of n-alkanes (Huang et al., 1996; Ficken et al., 1998; Chikaraishi 
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and Naraoka, 2005; Seki et al., 2010). However, a 23 yr. Calluna vulgaris decomposition 

experiment showed that no carbon isotopic fractionation was evident during early 

diagenesis (Huang et al., 1997), despite a loss of over 90% of the mass of original long-

chain n-alkanes. Other studies also showed no significant difference in lipid δ13C values 

during early diagenesis (Hayes, 1993; Freeman et al., 1994). Thus early diagenesis cannot 

explain the large δ13C variations reported here. Thus, the observed changes in δ13C may 

be derived from changes in plant species successions (with potentially different δ13C 

values) due to changes in environmental conditions (hydroperiod), changes in primary 

productivity which also affected plant isotope fractionation, or a combination of both.   

The δ13C values of ridge core samples ranged from (-25.3 to -28.3‰), (-25.8 to -

30.0‰), (-26.0 to -30.1‰) for C25, C27 and C29 n-alkanes, respectively (Table 7.5). 

Concentration weighted average n-alkane δ13C values range from -26.4 to -30.3‰ (Table 

7.5). Fig. 7.4a and 7.4b show the vertical profiles of organic geochemical indicators 

across the ridge core clearly indicating an enrichment in δ13C with depth. This trend is 

also consistent with bulk carbon isotope data (which ranges from 25.6 to 28.5‰; and 

increase with depth; data not shown). However, the rate of enrichment (change in slope; 

Fig. 7.4a) is more significant for the upper soil samples (0 - 10 cm) compared with the 

deeper soil layers (10 - 26 cm), and could be caused by a change in vegetation type from 

Eleocharis (deeper soil) to Cladium (shallower soil). This proposed change is also 

supported by higher Paq (~ 0.6 on averages) in the deeper soils and lower Paq in the 

upper soils (~ 0.4 on averages) of the ridge core. The plants survey showed that Cladium 

is generally more enriched in 13C compared with the slough type vegetation (Eleocharis, 

Utricularia, Nymphaea). If this is true, δ13C enrichment would be expected for the upper 
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soils, as was actually observed for the segment 8 - 10 cm. These data suggest that ~1960 

AD, when the draining of the Everglades system started, a vegetation shift to Cladium as 

the dominant plant species started under conditions ideal for high primary productivity. 

However, the surface soils (0 - 8 cm) show a continued depletion in δ13C likely as a result 

of continued decrease in hydroperiod leading to a reduction in primary productivity of 

Cladium at this site. This inferred change in hydrology can also be suggested from the 

plants calibration for Cladium, where Cladium grow in shorter hydroperiod is more δ13C 

depleted possibly because of the less primary productivity. 

The δD values of the ridge core samples ranged from (-94.0 to -142.7‰), (-116.6 

to -199.8‰), (-123.5 to -201.7‰) for the C25, C27 and C29 n-alkanes, respectively (Table 

7.5). Concentration weighted average δD values of C21-C31 n-alkanes across this core 

showed a range from -116.2‰ to -160.2‰ (Fig. 7.4b and Table 7.5). The observed large 

δD variation (by 44.0‰) may be controlled by several factors, including shifts in 

precipitation δD values, changes in the evaporation of soil and leaf water, and/or 

vegetation changes. Shifts in annual weighted precipitation δD values (about 10‰) and 

variations in the rate of evaporation of soil-water in the Everglades have been suggested 

to be small (Price and Swart, 2006; Price et al., 2008). Thus, evaporation and 

precipitation may not be the dominant drivers controlling the δD values variations 

observed here. Considering of the large difference of δD between Cladium (ridge type of 

plants) and all other slough type of vegetation (Eleocharis, Utricularia, Nymphaea), the 

δD data seem to justify the vegetation change. 

For the slough core, n-alkane δ13C values range from -25.0 to -30.4‰, -24.4 to -

31.0‰, -25.7 to -31.3‰ for C25, C27 and C29 n-alkanes, respectively (Table 7.6, Fig. 7.4c). 
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Concentration weighted average n-alkane δ13C values range from -26.7 to -31.3‰ (Table 

7.6). The δ13C enrichment by 4.6‰ with increasing depth was also observed. This trend 

is also consistent with the bulk carbon isotope result (range from -26.2 to -28.9‰, 

enrichment with depth; data not shown). Depth vs. δ13C correlations were found to be 

significant for the n-alkane δ13C (R2  > 0.7), and contrary to the ridge core, no obvious 

slope changes were observed throughout the core. The observed pattern suggests that the 

slough core site remained as a slough environment, regardless of the on-going changes in 

hydrology of the system over the past several decades, which could also be partially 

supported by the relatively higher Paq values and narrow Paq range (0.67 - 0.84) 

throughout the slough core. However, the general negative depth vs. δ13C slope observed 

would suggest a decreasing trend in the primary productivity of the slough vegetation 

over time, probably induced by increasing water stress. 

The δD values of C21-C31 n-alkanes down this slough core show a relatively 

narrow range (compare with ridge core) from -123.1‰ to -146.0‰ (Table 7.6, Fig. 7.4d). 

This narrow range and no obvious trend of variation in δD values for n-alkanes down the 

slough core can also partially suggest a consistent dominant slough type of vegetation 

and no obvious vegetation change to Cladium (ridge type of vegetation). Instead, the 

variations within the narrow range of δD values may record the overall effect of various 

environment factors: 1) annual precipitation variation could be as high as 90 cm from the 

reported 30 year mean precipitation value (1976 - 2005; Price et al., 2008); 2) different 

proportion of precipitation between wet and dry seasons; 3) different water source usage 

with different δD values: precipitation (-10.59‰), surface water (3.34‰) and ground 

water (-0.50‰) (data reorganized from Price and Swart, 2006); 4) different evaporation 
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conditions between wet and dry seasons, such as higher rainfall in wet season may lead to 

D depletion in the plant leaves as a result of the diminished effect of evaporative 

enrichment. Unfortunately, quantify the influence of each of these environmental factors 

for the final combined n-alkane δD change is difficult. 

The δ13C values of C20 HBI down the ridge and slough cores ranged from -39.4 to 

-32.4‰, -38.1 to -31.3‰, respectively, which are also constantly more depleted (P < 0.01 

for both cores) by over 6 - 10‰ relative to the corresponding long-chain n-alkanes for 

each sample of both ridge and slough cores. Similar with n-alkanes, δ13C values of C20 

HBI were more enriched in the deeper sections of both cores, which could be explained 

by factors (a) relatively 13C enriched CO2 in the pre-industrial past (b) possible isotopic 

fractionation of C20 HBI during early diagenesis, and possibly some other unknown 

factors. The δD values of the C20 HBI measured throughout this study range from -153.2 

to -127.6‰ (n = 32), which is within the range of concentration weighted average n-

alkane δD values (-166.9 to -116.2‰, n = 32), and no significant difference was found (P 

= 0.80) compared with that of n-alkanes. A similar result was reported by Aichner et al. 

(2010), where δD values of C20 HBI in a core from the Tibetan Plateau were measured, 

showing a variability of about 12‰ (ranging from -184‰ to -172‰) and with no 

significant differences compared with the corresponding n-alkanes. However, with 

regards to the Everglades slough and ridge cores, average δD values of odd n-alkanes 

were -132.4‰ and -135.2‰, for slough and ridge respectively, while C20 HBI δD 

averaged values across the same two cores were -143.5‰ and -135.3‰, respectively. 

Significantly larger difference in δD was recorded for the C20 HBI (P < 0.01) compared 

to those of the n-alkanes between these two cores. I hypothesize that these δD changes of 
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C20 HBI are related to changes in hydroperiod, since vegetation change should not affect 

this parameter. In agreement with this hypothesis, the average C20 HBI δD across ridge 

core (-135.3‰) was more enriched compared with that of the slough core (-143.3‰), 

consistent with the evaporation/water inundation differences between the two cores. In 

addition, the C20 HBI δD did not show a clear trend down the slough core (Fig. 7.4d), 

which suggest that this site maintained a general slough environment throughout the time 

period represented in the core, regardless of a reduction in overall hydroperiod. Changes 

throughout the core could also be related to variations in precipitation for different time 

periods. For the ridge core (Fig. 7.4b), a similar distribution was observed for the time 

period prior to ~AD 1900 (12 cm and deeper). However, after ~AD 1900, which 

coincides with initial hydrological changes in the Everglades, the average δD values of 

the C20 HBI (0 - 12 cm) are significantly more enriched compared with that of samples 

before ~AD 1900 (12 – 26 cm) (P < 0.05). While the general trends observed for the δD 

in the Everglades soil cores seem to agree with the hydroperiod decrease, the application 

of C20 HBI specific δD needs more future study. 

 

7.4.5 Net “apparent” isotopic fractionation and its application in sub-tropical wetland 

ecosystem 

On the basis of annual weighted average δD values of precipitation (-10.59‰) at 

both locations (SRS2 and TSPh2; Price and Swart, 2006), averaged εn-alkane/water was 

calculated (following equation 1) for my surveyed wetland plants: Cladium (~ -240.3‰), 

Eleocharis (~ -102.7‰), Utricularia (~ -113.4‰), Nymphaea (~ -105.3‰). From a 

global survey by Liu et al. (2008, and references therein), the plants εn-alkane/water range 
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from -210 ~ -70‰ sampled from similar sub-tropical areas (latitude 20 ~ 30 ˚N) in the 

world. Except for Cladium, which is about 30‰ more depleted, all other plants studied 

are within this previously reported range. However, the precipitation δD used for 

calculating εn-alkane/water by Liu et al. (2008) was from the 2000 International Atomic 

Energy Agency and the World Meteorological Organization (IAEA/WMO) data, which is 

approximately -30‰ and thus 20‰ depleted compared with averaged measured values of 

-10.59‰ for my calculation). Considering this, Cladium measured here showed to be just 

slightly more depleted (approximately 10‰) compared with the most depleted 

fractionation from other sub-tropical vegetation globally. This observation is not that 

surprising considering large difference observed in εn-alkane/water even within the same 

location. 

The hydrogen isotopic fractionation between environmental surface water and 

surface soil (wet prairie/slough soil and sawgrass marsh/ridge soil) for the n-alkanes was 

assessed as ranging from -158.0‰ to -120.7‰. This estimated hydrogen isotopic 

fractionation in these wetland soil samples is higher than the εn-alkane/water (-160‰) 

between n-alkanes and algae uptake water (Huang et al., 2004; Sachse et al., 2006). 

Therefore I suggest that there may be an enrichment of environmental water δD by up to 

2 to 39.3‰ because of the evapotranspiration either at the interface between air and soil 

or within the plant leaf, or both in this area. Seki et al. (2010) reported environmental 

water δD enrichment range from (15 - 40‰) for a forest soil and no water δD enrichment 

for a wetland soil located in northern Hokkaido, Japan (about 44 ˚N, 142 ˚E). My 

calculated environmental water δD enrichment range (2 - 39.3‰) is similar compared 

with that of forest soil but much higher compared with that of wetland from Seki et al. 
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(2010). The difference between the wetland study sites is probably because of higher 

evapotranspiration for the Everglades wetland soil (about 25 ˚N, 81 ˚E) due to higher 

annual temperature and limited seasonal contrast when compared to more temperate 

climates (wet and dry seasons only). Additional factors that could potential cause this 

difference include plant morphology and/or plant physiology. The specific role of these 

other factors were further explored by the global plants calibration results from Liu et al. 

(2008), where a general negative correlation was found between plants εn-alkane/water and 

latitude (without considering the woody plants living in the area > 60 ˚N).  

 

7.5 Conclusion 

This work documents a multi-proxy approach including biomarkers (especially 

Paq) and n-alkanes and C20 HBI based compound-specific δ13C and δD values applied to 

assess ecohydrological changes in the subtropical wetland system of the Florida 

Everglades. The δ13C values were observed to be mainly controlled by organic matter 

inputs from dominant plant types (ridge vs. slough; emergent vs. submerged), while 

changes in primary productivity determined by changes in hydroperiod were also 

suggested. The relationship between hydroperiod and carbon isotope values could be 

additional evidence of plant type change for paleo-reconstructions. On the other hand, 

compound-specific δD values for emergent and submerged wetland plants were 

suggested to be strongly affected by vegetation type (ridge vs. slough) and to a less extent 

by water use efficiency, and hydrological parameters such as precipitation and associated 

hydroperiod characteristics. This study also demonstrates that caution has to be taken 

when applying n-alkane δ13C and δD for paleo reconstruction because of the fact that 
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their values could be significant different for wetland vegetation (non-woody C3 plants) 

living in similar locations spatially (i.e. ridge vs. slough), but subjected to variations in 

hydrology and associated conditions controlling primary productivity. The application of 

n-alkane δ13C and δD values for deciphering paleo-hydrology in wetlands calls for further 

examination of larger scale of plant-soil relationships under different hydrological 

conditions, nutrient levels and climatic conditions.  Additional tools such as pollen and 

plant fossil analyses may be needed to better constrain calibrations for paleohydrological 

assessments. 
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Freshwater wetlands and estuarine ecosystem are recognized as important 

components of the global carbon cycle because they can generate, accumulate and/or 

export significantly amounts of OM to the oceans. However, much of the OM generated 

in freshwater/coastal wetlands and estuarine ecosystems can also be recycled internally. 

Thus, understanding OM dynamics of these ecosystems is important to constrain local 

carbon budgets and to assess carbon cycling on a global scale. The Everglades, a sub-

tropical coastal wetland, provides an excellent system for examining OM dynamics in 

both freshwater and estuary ecosystem. The Everglades is characterized among others by 

its unique hydrological features which have shaped the landscape of this ecosystem. 

Significant deposits of OM in the form of peat have been affected by long-term, man-

made changes in freshwater delivery, both quantity and quality. As such, this is an ideal 

ecosystem to test how hydrological changes can affect OM dynamics. 

Formation, preservation and transport of OM in soils and sediments in the 

Everglades are critical for its sustainability, especially the soil topography and landscape. 

This information is critical especially during the implementation of the Comprehensive 

Everglades Restoration Plan (CERP) as hydrological processes are important divers in 

the origin, transport and fate of OM. Thus, OM dynamics as induced by hydrological 

changes in the greater Everglades was studied though various organic geochemistry 

techniques, especially biomarkers and compound specific δ13C and δD isotope analysis.  

Biomarkers were applied to assess the OM dynamics in the Everglades freshwater 

wetlands and Shark River Estuary. A three end-member model, including freshwater, 

estuary and marine end-members, was constructed using specific biomarkers to assess 

different POM source input across the Shark River Estuary. The dominant POM source 
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along the Shark River estuary was found to be derived from the mangroves, which 

contribute in excess of 70% to the whole POM pool. Mangrove derived POM export 

from the Shark River estuary to the Gulf of Mexico was estimated as 9.2 105 to 1.8

106 kg POM/yr, and is about the same magnitude of the  reported DOM export from 

mangroves at the same estuary. This similar magnitude export for both POM and DOM 

from mangroves was also reported in some other site-specific studies, which could call 

further studies. As CERP is implemented and water delivery to the Shark River is 

enhanced, this background information may become important in assessing potential 

changes in POC export in this sytem.  

In the freshwater wetland of Everglades, POM is mostly found as a form of floc, 

which due to its unconsolidated nature may become mobilized through enhanced flow. 

One of CERP’s objectives is to re-create the ridge and slough landscape that has been lost 

in several hydrologically impacted regions of the Everglades. As such, assessing floc 

transport and redistribution is critical.  Using biomarkers as proxies for ridge and slough 

floc POM it was found that the great majority of collected floc (80% or more; POC traps) 

was derived from slough environments under natural water flow conditions. It is expected 

that under higher flow conditions (CERP implementation) this slough-derived floc will 

become deposited on ridges and help re-establish the original marsh landscape in the 

Everglades.   

OM dynamics are linked to various environmental parameters including biomass 

cover, primary productivity, vegetation type, water quality and hydrological conditions. 

Thus, in order to better predict the response of the Everglades to the future environmental 

changes by restoration efforts, it’s important to have better understanding of how the 
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historical hydrology changes in the Everglades have affected vegetation successions. 

Biomarkers and compound specific isotopes from wetland soil cores were applied to test 

their applicability for paleo-hydrology and paleo-vegetation reconstruction in the 

Everglades freshwater wetlands. These geochemical proxies were successfully applied, 

and a general vegetation shift was confirmed during last few decades as hydroperiod was 

reduced in ENP due to changes in water delivery.  Thus, the combination of biomarkers 

and stable isotopes can aid in the assessment of CERP-induced changes in OM dynamics 

in the future. Overall, biomarkers were found to be excellent proxies for biomass-specific 

OM in the Everglades, and as such further enhancing the existing database for such 

molecular markers in this ecosystem was attempted. This included the identification of 

unique molecular distributions of mono-methyl alkanes and biomarkers specific to 

cattails.    

A variety of organic geochemical tools needed to assess OM dynamics in the 

Everglades have been tested and found to properly assess diverse processes affecting this 

ecosystem. As such, they can be applied to monitor the success of the CERP 

implementation process in years to come. However, many aspects still remain to be better 

understood and constrained. One example is the lack of molecular tools to properly 

quantify OM pools in wetland soils derived from above- or below-ground biomass. Thus, 

further studies are required in order to better predict the response of the Everglades OM 

dynamics to CERP. 
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Appendix 6.1 n-Alkane concentrations, distributions and average δ13C and δD values across all studied plant leaves.  

Note: n (SD) means “number of separate samples (standard deviation)”, average δ13C and δD values means concentration 
weighted average of odd n-alkanes (n-C21 to n-C35), N.A. standards for not accessible. 

 

Species (leaves or stems) 
Total n-
alkanes  

(µg/gdw) 
n (SD) Paq n (SD) ACL n (SD) δ13C n (SD) δD n (SD)

Taxodium distichum 6.7 1 0.17 1 29.15 1 -24.2 1 N.A. 1 

Pinus elliottii 7.6 1 0.20 1 29.56 1 -31.8 1 N.A. 1 

Blechnum chilense 3.5 1 0.05 1 28.31 1 -31.1 1 -89.6 1 

Osmunda regalis 61.5 1 0.05 1 28.66 1 -32.7 1 -97.8 1 

Magnolia virginiana 251.6 2 (158.0) 0.12 2 (0.04) 27.98 2 (0.19) -35.6 2 (2.7) -90.0 2 (9.0) 

Magnolia virginiana 1 139.9 0.15 27.85 -37.5 -81.0 

Magnolia virginiana 2 363.4 0.09 28.11 -33.7 -99.0 

Annona glabra 88.3 6 (78.9) 0.09 6 (0.07) 28.53 6 (0.75) -33.2 3 (1.5) -86.9 3 (6.7) 

Annona glabra 1 43.8 0.04 28.99 -31.9 -93.2 

Annona glabra 2 42.5 0.06 29.14 -34.8 -79.8 

Annona glabra 3 56.6 0.02 29.52 -32.9 -87.7 

Annona glabra 4 32.8 0.22 27.96 N.A. N.A. 



 

 244 

Annona glabra 5 237.1 0.10 27.78 N.A. N.A. 

Annona glabra 6 117.0 0.11 28.18 N.A. N.A. 

Persea borbonia 29.6 1 0.21 1 28.72 1 -33.1 1 -105.9 1 

Myrica cerifera 77.5 2 (10.1) 0.00 2 (0.00) 30.78 2 (0.07) -31.8 2 (2.9) -94.1 2 (1.1) 

Myrica cerifera 1 70.3 0.00 30.75 -29.8 -95.2 

Myrica cerifera 2 84.6 0.00 30.80 -33.9 -92.9 

Salix Caroliniana 214.0 3 0.10 3 (0.08) 28.30 3 (0.36) -31.5 3 (2.3) -93.6 2 (4.8) 

Salix Caroliniana 1 88.8 0.19 27.90 -34.8 -91.5 

Salix Caroliniana 2 365.6 0.08 28.44 -30.1 -90.2 

Salix Caroliniana 3 187.5 0.03 28.57 -29.5 -99.2 

Chrysobalanus icaco 473.2 1 0.00 1 29.72 1 -37.8 1 -77.7 1 

Cephalanthus occidentalis 281.0 1 0.01 1 29.24 1 -31.8 1 -85.0 1 

Cephalanthus occidentalis 
(flower) 

254.7 1 0.50 1 27.47 1 -34.2 1 -72.2 1 

Typha latifolia 153.0 3 (76.1) 0.13 3 (0.06) 28.26 3 (0.25) -36.0 3 (1.1) -125.4 3 (7.1) 

Typha latifolia 1 109.0 0.16 28.00 -34.8 -132.9

Typha latifolia 2 109.0 0.17 28.28 -36.8 -124.3
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Typha latifolia 3 240.9 0.06 28.51 -36.5 -118.9

Typha domingensis 23.0 4 (8.2) 0.23 4 (0.11) 27.92 4 (0.20) -33.0 4 (2.0) -137.5 4 (11.5)

Typha domingensis 1 31.2 0.21 27.91 -34.3 -149.8

Typha domingensis 2 25.3 0.13 28.13 -35.1 -144.4

Typha domingensis 3 11.6 0.18 27.99 -30.7 -130.5

Typha domingensis 4 23.8 0.39 27.66 -32.0 -125.2

Typha domingensis (flower) 198.3 0.87 26.30 -30.8 -102.2

Cladium jamaicense 233.1 12 (221.3) 0.24 12 (0.11) 27.71 12 (0.32) -31.9 13 (1.5) -231.1 11 (25.9)

Cladium jamaicense 1 77.0 0.34 27.33 -34.2 -229.7

Cladium jamaicense 2 129.6 0.12 27.95 -32.0 -271.3

Cladium jamaicense 3 883.6 0.43 27.25 -31.4 -203.4

Cladium jamaicense 4 244.0 0.41 27.26 -31.4 -225.8

Cladium jamaicense 5 255.4 0.30 27.61 -30.3 -202.8

Cladium jamaicense 6 237.3 0.15 27.81 -30.6 -198.3

Cladium jamaicense 7 76.3 0.17 27.94 -30.0 -261.3

Cladium jamaicense 8 92.5 0.18 27.95 -33.3 -243.9
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Cladium jamaicense 9 169.6 0.20 27.91 -32.7 -239.5

Cladium jamaicense 10 76.0 0.20 27.77 -32.7 -234.7

Cladium jamaicense 11 241.7 0.15 28.01 N.A. N.A. 

Cladium jamaicense 12 314.0 0.24 27.70 N.A. N.A. 

Eleocharis cellulosa 28.0 10 (22.0) 0.47 10 (0.18) 27.75 10 (1.08) -34.0 10 (2.5) -113.5 6 (8.7) 

Eleocharis cellulosa 1 26.6 0.65 26.97 -32.7 -126.7

Eleocharis cellulosa 2 19.5 0.54 27.20 -29.3 -118.9

Eleocharis cellulosa 3 42.9 0.68 26.73 -36.0 -104.7

Eleocharis cellulosa 4 7.8 0.29 27.78 -36.1 -116.5

Eleocharis cellulosa 5 4.0 0.52 27.24 -34.4 -105.4

Eleocharis cellulosa 6 13.2 0.15 30.74 -33.9 -108.5

Eleocharis cellulosa 7 22.8 0.16 29.51 -36.0 N.A. 

Eleocharis cellulosa 8 49.3 0.58 27.01 -34.9 N.A. 

Eleocharis cellulosa 9 75.9 0.61 26.97 -33.0 N.A. 

Eleocharis cellulosa 10 17.6 0.53 27.41 N.A. N.A. 

Nymphaeaceae sp. 76.7 7 (67.3) 0.65 7 (0.19) 27.19 7 (0.84) -32.2 7 (1.0) -120.0 6 (11.7)
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Nymphaeaceae sp. 1 132.7 0.62 27.17 -32.7 -139.0

Nymphaeaceae sp. 2 93.3 0.56 27.12 -31.7 -112.8

Nymphaeaceae sp. 3 201.8 0.64 27.15 -31.1 -125.8

Nymphaeaceae sp. 4 31.7 0.82 27.08 -32.4 -123.5

Nymphaeaceae sp. 5 41.9 0.78 27.12 -34.0 -108.9

Nymphaeaceae sp. 6 10.9 0.68 26.12 -32.6 -110.0

Nymphaeaceae sp. 7 24.6 0.25 28.71 -31.1 N.A. 

Nymphaeaceae sp. 8 76.8 0.86 27.02 N.A. N.A. 

Utricularia foliosa 99.8 8 (57.1) 0.65 8 (0.13) 27.05 8 (0.28) -38.8 8 (2.2) -116.0 8 (9.0) 

Utricularia foliosa 1 204.2 0.71 26.80 -38.7 -128.8

Utricularia foliosa 2 149.1 0.74 26.96 -42.4 -123.4

Utricularia foliosa 3 102.9 0.73 26.90 -38.7 -118.9

Utricularia foliosa 4 54.5 0.74 26.90 -37.9 -116.7

Utricularia foliosa 5 123.8 0.40 27.52 -38.8 -126.1

Utricularia foliosa 6 57.8 0.71 26.77 -35.5 -100.1

Utricularia foliosa 7 85.4 0.45 27.56 -38.8 -104.8
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Utricularia foliosa 8 20.9 0.76 27.01 -39.2 -108.9

Utricularia Purpurea 114.1 3 (34.2) 0.78 3 (0.10) 26.51 3 (0.51) -35.9 3 (1.4) -119.9 2 (5.6) 

Utricularia Purpurea 1 113.8 0.77 26.53 -36.9 -123.8

Utricularia Purpurea 2 122.2 0.72 26.66 -34.9 -115.9

Utricularia Purpurea 3 106.3 0.85 26.35 N.A. N.A. 

Bacopa caroliniana 72.8 2 (61.4) 0.49 2 (0.06) 28.46 2 (0.56) -31.1 2 (1.2) -122.8 2 (10.0)

Bacopa caroliniana 1 29.4 0.54 28.07 -32.0 -113.3

Bacopa caroliniana 2 116.2 0.45 28.86 -30.3 -129.9

L. racemosa 114.8 6 (53.1) 0.08 6 (0.03) 28.29 6 (0.26) -37.2 6 (1.7) -137.9 6 (13.8)

L. racemosa 1 59.8 0.06 28.69 -37.1 -123.6

L. racemosa 2 154.2 0.08 28.12 -38.3 -135.0

L. racemosa 3 152.7 0.13 28.02 -38.1 -135.0

L. racemosa 4 60.9 0.06 28.36 -34.1 -152.5

L. racemosa 5 82.0 0.06 28.28 -36.2 -156.3

Avicennia germinans 77.8 3 (15.3) 0.23 3 (0.02) 29.63 3 (0.17) -35.7 3 (0.9) -167.9 3 (8.86)

Avicennia germinans 1 95.1 0.26 29.44 -34.8 -162.8
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Avicennia germinans 2 72.6 0.22 29.68 -36.6 -178.2

Avicennia germinans 3 65.9 0.22 29.77 -35.8 -162.8

Rhizophora mangle 58.7 7 (20.1) 0.10 7 (0.08) 29.31 7 (0.36) -37.9 7 (0.9) -129.7 7 (2.30)

Rhizophora mangle 1 69.6 0.06 28.69 -37.1 -126.2

Rhizophora mangle 2 61.4 0.08 29.04 -38.4 -126.9

Rhizophora mangle 3 41.5 0.04 29.50 -37.7 -128.7

Rhizophora mangle 4 95.1 0.26 29.44 -38.9 -129.9

Rhizophora mangle 5 47.1 0.10 29.61 -38.5 -131.2

Rhizophora mangle 6 35.3 0.04 29.56 -36.6 -130.7

Syringodium filiforme 88.1 1 0.97 1 25.57 1 -14.2 1 -88.0 1 

Halodule wrightii 372.5 1 0.95 1 25.65 1 -14.9 1 -84.7 1 

Halophila decipiens 2.1 1 1.00 1 25.25 1 -16.7 1 N.A. 
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